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Preface

The first edition of Food Lipids was published in 1998 and the second edition in 2002 by
Marcel Dekker, Inc. Taylor & Francis Group, LLC, acquired Marcel Dekker and the rights to pub-
lish the third and subsequent editions. I firmly believe that this book has provided those involved
in lipid research and instruction with a valuable resource for materials and information. On behalf
of my late former coeditor, Professor David B. Min, I thank all those who bought the previous edi-
tions and hope that you will find the fourth edition equally or more interesting and helpful. Before
describing the content of the current edition, I would like to pay tribute to Professor Min, who
worked very hard with me in seeing to the successful recruitment of potential authors and the pub-
lication of the previous editions. I miss him dearly and dedicate this fourth edition to his memory
and his contributions to our knowledge on lipids, especially, lipid oxidation.

Taylor & Francis Group and I felt the need to update the information in the third edition and
include more recent topics of interest to the readers and users of this text/reference book. We con-
tinue to believe, based on the sales of the previous editions and the comments of instructors and
those who purchased and used the book, that this textbook is and will continue to be suitable
for teaching food lipids, nutritional aspects of lipids, and lipid chemistry/biotechnology courses to
food science and nutrition majors. The aim of the first, second, third, and fourth editions remains
unchanged: to provide a modern, easy-to-read textbook for students and instructors and a refer-
ence book for professionals and practitioners with an interest in lipids. The book is also suitable
for upper-level undergraduate, graduate, and postgraduate instruction. Scientists and professionals,
who have left the university and are engaged in research and development in the industry, govern-
ment, regulatory, or academics will find this book a useful reference. In this edition, I have deleted
some chapters and renamed some chapters and/or had new authors rewrite some of the old chapters
with updated references and added many new chapters to reflect current knowledge and interests.
In other words, the new edition represents a substantial change from the previous editions. Section
I increased from seven to nine chapters and Section II from three to seven, Section III decreased
from eight to five, Section IV still has nine chapters but some are new, and Section V increased from
five to seven. A great effort was made to recruit and select contributors who are internationally rec-
ognized experts. I thank the new authors and the prior authors who updated their chapters for their
exceptional attention to detail and timely submission of their manuscripts.

Overall, there are 37 chapters in the fourth edition, and the text has been updated with new and
available information. Again, some chapters were removed and new ones added. The new additions
or modifications are Chapters 2, 6, 8 through 11, 13 through 17, 20, 22 through 24, 26, 28 through
32, 36, and 37. It is almost impossible to cover all aspects of lipids. I feel that with the added chap-
ters, the book covered most topics that are of interest to our readers. The book is divided into five
main sections: chemistry and properties, processing and food applications, oxidation and antioxi-
dants, nutrition, and biotechnology and biochemistry.

I remain grateful to the readers and users of the previous editions and sincerely hope that the
much improved and updated fourth edition will meet your satisfaction. Comments on this edition
are welcomed. Based on the comments of readers and reviewers of the past editions, I hope that
the current edition is an improvement with new chapters and new ways of studying and utilizing
lipids to benefit our profession and consumers. I apologize in advance for any errors and urge you to
contact me or the publisher if you find mistakes or have suggestions to improve the readability and
comprehension of this text.

Special thanks go to our readers and to the editorial staff at Taylor & Francis Group, LLC, for
their expertise, suggestions, and completing the publication on time.

Casimir C. Akoh
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Classification of Lipids
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I. DEFINITIONS OF LIPIDS

No exact definition of lipids exists. Christie [1] defines lipids as “a wide variety of natural products
including fatty acids and their derivatives, steroids, terpenes, carotenoids, and bile acids, which have
in common a ready solubility in organic solvents such as diethyl ether, hexane, benzene, chloroform,
or methanol.”
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Kates [2] says that lipids are “those substances which are (a) insoluble in water; (b) soluble in
organic solvents such as chloroform, ether or benzene; (c) contain long-chain hydrocarbon groups
in their molecules; and (d) are present in or derived from living organisms.”

Gurr and James [3] point out that a standard definition describes lipids as “a chemically hetero-
geneous group of substances, having in common the property of insolubility in water, but solubility
in nonpolar solvents such as chloroform, hydrocarbons or alcohols.”

Despite its common usage, definitions based on solubility have obvious problems. Some com-
pounds that are considered as lipids, such as C1-C4 very short-chain fatty acids (VSCFAs), are
completely miscible with water and insoluble in nonpolar solvents. Some researchers have accepted
this solubility definition strictly and exclude C1-C3 fatty acids from the definition of lipids, keeping
C4 (butyric acid) only because of its presence in dairy fats. Additionally, some compounds that are
considered as lipids, such as some trans fatty acids (those not derived from bacterial hydrogena-
tion), are not derived directly from living organisms. The development of synthetic acaloric and
reduced calorie lipids such as the sucrose polyester olestra (trade name Olean®) complicates the
issue because these lipids may fit into solubility-based definitions but are not derived from living
organisms, may be acaloric, and may contain esters of VSCFAs.

The traditional definition of total fat of foods used by the U.S. Food and Drug Administration
(FDA) has been “the sum of the components with lipid characteristics that are extracted by
Association of Official Analytical Chemists (AOAC) methods or by reliable and appropriate proce-
dures.” The FDA has changed from a solubility-based definition to “total lipid fatty acids expressed
as triglycerides” [4], with the intent to measure caloric fatty acids. Solubility and size of fatty acids
affect their caloric values. This is important for products that take advantage of the calorie-based
definition, such as Benefat/Salatrim, so these products would be examined on a case-by-case basis.
Food products containing sucrose polyesters would require special methodology to calculate caloric
fatty acids. Foods containing vinegar (~4.5% acetic acid) present a problem because they will be
considered to have 4.5% fat unless the definition is modified to exclude water-soluble fatty acids or
the caloric weighting for acetic acid is lowered [4].

Despite the problems with accepted definitions, a more precise working definition is difficult,
given the complexity and heterogeneity of lipids. This chapter introduces the main lipid structures
and their nomenclature.

I1. LIPID CLASSIFICATIONS

Classification of lipids is possible based on their physical properties at room temperature (oils are
liquid and fats are solid), polarity (polar and neutral lipids), essentiality for humans (essential and
nonessential fatty acids), or structure (simple or complex). Neutral lipids include fatty acids, alco-
hols, glycerides, and sterols, whereas polar lipids include glycerophospholipids and glyceroglycolip-
ids. The separation into polarity classes is rather arbitrary, as some short-chain fatty acids are very
polar. A classification based on structure is, therefore, preferable.

Based on structure, lipids can be classified as derived, simple, or complex. Derived lipids include
free fatty acids and alcohols, which are the building blocks for the simple and complex lipids.
Simple lipids, composed of fatty acids and alcohol components, include acylglycerols, ether acylg-
lycerols, sterols, and their esters and wax esters. In general terms, simple lipids can be hydrolyzed to
two different components, usually an alcohol and an acid. Complex lipids include glycerophospho-
lipids (phospholipids), glyceroglycolipids (glycolipids), and sphingolipids. These structures yield
three or more different compounds on hydrolysis.

The fatty acids constitute the obvious starting point in lipid structures. However, a short review
of standard nomenclature is appropriate. Over the years, a large number of different nomenclature
systems have been proposed [5]. The resulting confusion has led to a need for nomenclature stan-
dardization. The International Union of Pure and Applied Chemists (IUPAC) and International
Union of Biochemistry (IUB) collaborative efforts have resulted in comprehensive nomenclature
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standards [6], and the nomenclature for lipids has been reported [7-9]. Only the main aspects of
the standardized IUPAC nomenclature relating to lipid structures will be presented; greater detail
is available elsewhere [7-9].

Standard rules for nomenclature must take into consideration the difficulty in maintaining strict
adherence to structure-based nomenclature and elimination of common terminology [5]. For exam-
ple, the compound known as vitamin K, can be described as 2-methyl-3-phytyl-1,4-naphthoquinone.
Vitamin K, and many other trivial names have been included into standardized nomenclature to
avoid confusion arising from long chemical names. Standard nomenclature rules will be discussed
in separate sections relating to various lipid compounds.

Fatty acid terminology is complicated by the existence of several different nomenclature sys-
tems. The ITUPAC nomenclature, common (trivial) names, and shorthand (n- or ®) terminology will
be discussed. As a lipid class, the fatty acids are often called free fatty acids (FFAs) or nonesterified
fatty acids (NEFAs). IUPAC has recommended that fatty acids as a class be called fatty acids and
the terms FFA and NEFA eliminated [6].

A. STANDARD ITUPAC NOMENCLATURE OF FATTY AcCIDS

In standard IUPAC terminology [6], the fatty acid is named after the parent hydrocarbon. Table 1.1
lists common hydrocarbon names. For example, an 18-carbon carboxylic acid is called octadeca-
noic acid, derived from octadecane, the 18-carbon aliphatic hydrocarbon. The name octadecanecar-
boxylic acid may also be used, but it is more cumbersome and less common. Table 1.2 summarizes
the rules for hydrocarbon nomenclature.

Double bonds are designated using the A configuration, which represents the distance from the
carboxyl carbon, naming the carboxyl carbon number 1. A double bond between the 9th and 10th
carbons from the carboxylic acid group is a A9 bond. The hydrocarbon name changes to indicate
the presence of the double bond; an 18-carbon fatty acid with one double bond is called octa-
decenoic acid, one with two double bonds is named octadecadienoic acid, etc. The double-bond

TABLE 1.1
Systematic Names of Hydrocarbons
Carbon Number Name Carbon Number Name
1 Methane 19 Nonadecane
2 Ethane 20 Eicosane
3 Propane 21 Henicosane
4 Butane 22 Docosane
5 Pentane 23 Tricosane
6 Hexane 24 Tetracosane
7 Heptane 25 Pentacosane
8 Octane 26 Hexacosane
9 Nonane 27 Heptacosane
10 Decane 28 Octacosane
11 Hendecane 29 Nonacosane
12 Dodecane 30 Triacontane
13 Tridecane 40 Tetracontane
14 Tetradecane 50 Pentacontane
15 Pentadecane 60 Hexacontane
16 Hexadecane 70 Heptacontane
17 Heptadecane 80 Octacontane
18 Octadecane
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TABLE 1.2
IUPAC Rules for Hydrocarbon Nomenclature

—_

. Saturated unbranched acyclic hydrocarbons are named with a numerical prefix and the termination “ane.” The first four
in this series use trivial prefix names (methane, ethane, propane, and butane), whereas the rest use prefixes that
represent the number of carbon atoms.

2. Saturated branched acyclic hydrocarbons are named by prefixing the side chain designation to the name of the longest

chain present in the structure.

(95

The longest chain is numbered to give the lowest number possible to the side chains, irrespective of the substituents.

&

If more than two side chains are present, they can be cited either in alphabetical order or in order of increasing complexity.

W

. If two or more side chains are present in equivalent positions, the one assigned the lowest number is cited first in the
name. Order can be based on alphabetical order or complexity.
6. Unsaturated unbranched acyclic hydrocarbons with one double bond have the “ane” replaced with “ene.” If there is

more than one double bond, the “ane” is replaced with “diene,” “triene,” “tetraene,” etc. The chain is numbered to give
the lowest possible number to the double bonds.

Source: TUPAC, Nomenclature of Organic Chemistry, Sections A, B, C, D, E, F, and H, Pergamon Press, London, U.K.,
1979, p. 182.

positions are designated with numbers before the fatty acid name (A9-octadecenoic acid or simply
9-octadecenoic acid). The A is assumed and often not placed explicitly in structures.

Double-bond geometry is designated with the cis—trans or E/Z nomenclature systems [6]. The
cis/trans terms are used to describe the positions of atoms or groups connected to doubly bonded
atoms. They can also be used to indicate relative positions in ring structures. Atoms/groups are
cis or trans if they lie on same (cis) or opposite (trans) sides of a reference plane in the molecule.
Some examples are shown in Figure 1.1. The prefixes cis and trans can be abbreviated as ¢ and ¢ in
structural formulas.

The cis/trans configuration rules are not applicable to double bonds that are terminal in a
structure or to double bonds that join rings to chains. For these conditions, a sequence preference
ordering must be conducted. Since cis/trans nomenclature is applicable only in some cases, a new
nomenclature system was introduced by the Chemical Abstracts Service (CAS) and subsequently
adopted by IUPAC (the E/Z nomenclature). This system was developed as a more applicable sys-
tem to describe isomers by using sequence ordering rules, as is done using the R/S system (rules
to decide which ligand has priority). The sequence rule—preferred atom/group attached to one of a
pair of doubly bonded carbon atoms is compared with the sequence rule—preferred atom/group of
the other of the doubly bonded carbon atoms. If the preferred atom/groups are on the same side of
the reference plane, it is the Z configuration. If they are on the opposite sides of the plane, it is the
E configuration. Table 1.3 summarizes some of the rules for sequence preference [10]. Although cis
and Z (or trans and E) do not always refer to the same configurations, for most fatty acids £ and
trans are equivalent, as are Z and cis.

FIGURE 1.1 Examples of cis/trans nomenclature.



Nomenclature and Classification of Lipids 7

TABLE 1.3
Summary of Sequence Priority Rules for E/Z Nomenclature

1. Higher atomic number precedes lower.

2. For isotopes, higher atomic mass precedes lower.

3. If the atoms attached to one of the double-bonded carbons are the same, proceed outward concurrently until a point of
difference is reached considering atomic mass and atomic number.

4. Double bonds are treated as if each bonded atom is duplicated.

Source: Streitwieser Jr., A. and Heathcock, C.H., Introduction to Organic Chemistry, Macmillan, New York, 1976, p. 111.

B. ComMmoN (Trivia) NOMENCLATURE OF FATTY AcCIDs

Common names have been introduced throughout the years and, for certain fatty acids, are a great
deal more common than standard (IUPAC) terminology. For example, oleic acid is much more
common than cis-9-octadecenoic acid. Common names for saturated and unsaturated fatty acids
are illustrated in Tables 1.4 and 1.5. Many of the common names originate from the first identified

TABLE 1.4
Systematic, Common, and Shorthand Names
of Saturated Fatty Acids

Systematic Name Common Name Shorthand
Methanoic Formic 1:0
Ethanoic Acetic 2:0
Propanoic Propionic 3:0
Butanoic Butyric 4:0
Pentanoic Valeric 5:0
Hexanoic Caproic 6:0
Heptanoic Enanthic 7:0
Octanoic Caprylic 8:0
Nonanoic Pelargonic 9:0
Decanoic Capric 10:0
Undecanoic — 11:0
Dodecanoic Lauric 12:0
Tridecanoic — 13:0
Tetradecanoic Myristic 14:0
Pentadecanoic — 15:0
Hexadecanoic Palmitic 16:0
Heptadecanoic Margaric 17:0
Octadecanoic Stearic 18:0
Nonadecanoic — 19:0
Eicosanoic Arachidic 20:0
Docosanoic Behenic 22:0
Tetracosanoic Lignoceric 24:0
Hexacosanoic Cerotic 26:0
Octacosanoic Montanic 28:0
Tricontanoic Melissic 30:0

Dotriacontanoic Lacceroic 32:0
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TABLE 1.5

Systematic, Common, and Shorthand Names of Unsaturated Fatty Acids
Systematic Name Common Name Shorthand
¢-9-Dodecenoic Lauroleic 12:1w3
c-5-Tetradecenoic Physeteric 14:109
c-9-Tetradecenoic Myristoleic 14:105
c-9-Hexadecenoic Palmitoleic 16: 107
c-7,¢-10,c-13-Hexadecatrienoic — 16:303
c-4,¢-7,c-10,c-13-Hexadecatetraenoic — 16:4w3
¢-9-Octadecenoic Oleic 18:1@9
c-11-Octadecenoic cis-Vaccenic (Asclepic) 18:1w7
t-11-Octadecenoic Vaccenic a
t-9-Octadecenoic Elaidic a
¢-9,c¢-12-Octadecadienoic Linoleic 18:206
¢-9-t-11-Octadecadienoic acid Rumenic® a
¢-9,c-12,¢-15-Octadecatrienoic Linolenic 18:3w3
c-6,¢-9,c-12-Octadecatrienoic y-Linolenic 18:3w6
c-6,¢-9,c-12,c-15-Octadecatetraenoic Stearidonic 18:4w3
c-11-Eicosenoic Gondoic 20:109
¢-9-Eicosenoic Gadoleic 20:1w11
c-8,c-11,c-14-Eicosatrienoic Dihomo-y-linolenic 20:3w6
c-5,c¢-8,c-11-Eicosatrienoic Mead’s 20:309
c-5,c-8,c-11,c-14-Eicosatetraenoic Arachidonic 20:406
¢-5,¢-8,c-11,c-14,c-17-Eicosapentaenoic Eicosapentaenoic 20:503
c-13-Docosenoic Erucic 22:109
c-11-Docosenoic Cetoleic 22:1w11
¢-7,¢-10,¢-13,¢-16,c-19-Docosapentaenoic DPA, Clupanodonic 22:503
c-4,¢-7,c-10,c-13,¢-16,c-19-Docosahexaenoic DHA, Cervonic 22:6w3
c-15-Tetracosenoic Nervonic (Selacholeic) 24:109

2 Shorthand nomenclature cannot be used to name trans fatty acids.
® One of the conjugated linoleic acid (CLA) isomers.

botanical or zoological origins for those fatty acids. Myristic acid is found in seed oils from the
Myristicaceae family. Mistakes have been memorialized into fatty acid common names; margaric
acid (heptadecanoic acid) was once incorrectly thought to be present in margarine. Some of the
common names can pose memorization difficulties, such as the following combinations: caproic,
caprylic, and capric; arachidic and arachidonic; linoleic, linolenic, y-linolenic, and dihomo-y-
linolenic. Even more complicated is the naming of EPA, or eicosapentaenoic acid, usually meant
to refer to c¢-5,c-8,c-11,c-14,c-17-eicosapentaenoic acid, a fatty acid found in fish oils. However,
a different isomer c¢-2,c-5,c-8,c-11,c-14-eicosapentaenoic acid is also found in nature. Both can
be referred to as eicosapentaenoic acids using standard nomenclature. Nevertheless, in common
nomenclature, EPA refers to the ¢-5,¢-8,c-11,¢-14,c-17 isomer. Docosahexaenoic acid (DHA) refers
to all-cis 4,7,10,13,16,19-docosahexaenoic acid.

C. SHORTHAND (®, Nn-) NOMENCLATURE OF FATTY AcCIDS

Shorthand (n- or w) identifications of fatty acids are found in common usage. The shorthand
designation is the carbon number in the fatty acid chain followed by a colon, then the number of
double bonds and the position of the double bond closest to the methyl end of the fatty acid molecule.
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1 Outside of molecule A numbering
HOOC _ 5 Inside of molecule w numbering

18:3cis-6, cis-9, cis-12
18:3w6

FIGURE 1.2 TUPAC A and common ® numbering systems.

The methyl group is number 1 (the last character in the Greek alphabet is ®, hence the end). In
shorthand notation, the unsaturated fatty acids are assumed to have cis bonding and, if the fatty
acid is polyunsaturated, double bonds are in the methylene-interrupted positions (Figure 1.2). In this
example, CH, (methylene) groups at A8 and All interrupt what would otherwise be a conjugated
double-bond system.

Shorthand terminology cannot be used for fatty acids with trans or acetylene bonds, for those
with additional functional groups (branched, hydroxy, etc.), or for double-bond systems (>2 double
bonds) that are not methylene interrupted (isolated or conjugated). Despite the limitations, short-
hand terminology is very popular because of its simplicity and because most of the fatty acids of
nutritional importance can be named using this system. Sometimes, o is replaced by n- (18:2n-6
instead of 18:2w6). Although there have been recommendations to eliminate ® and use n- exclu-
sively [6], both n- and o are commonly used in the literature and are equivalent.

Shorthand designations for polyunsaturated fatty acids (PUFAs) are sometimes reported without
the o term (18:3). However, this notation is ambiguous, since 18:3 could represent 18:3wl, 18:3w3,
18:3w6, or 18:3w9 fatty acids, which are completely different in their origins and nutritional sig-
nificance. Two or more fatty acids with the same carbon and double-bond numbers are possible in
many common oils. Therefore, the o terminology should always be used with the o term specified.

II1. LIPID CLASSES
A. Farty Acips

1. Saturated Fatty Acids

The saturated fatty acids begin with methanoic (formic) acid. Methanoic, ethanoic, and propanoic
acids are uncommon in natural fats and are often omitted from definitions of lipids. However,
they are found nonesterified in many food products. Omitting these fatty acids because of their
water solubility would make the case for also eliminating butyric acid, which would be difficult
given its importance in dairy fats. The simplest solution is to accept the very short-chain car-
boxylic acids as fatty acids while acknowledging the rarity in natural fats of these water-soluble
compounds. The systematic, common, and shorthand designations of some saturated fatty acids
are given in Table 1.4.

2. Unsaturated Fatty Acids

By far, the most common monounsaturated fatty acid is oleic acid (18:109), although more than
100 monounsaturated fatty acids have been identified in nature. The most common double-bond
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position for monoenes is A9. However, certain families of plants have been shown to accumulate
what would be considered unusual fatty acid patterns. For example, Eranthis seed oil contains A5
monoenes and nonmethylene-interrupted PUFAs containing A5 bonds [11]. Erucic acid (22:1w9) is
found at high levels (40%—-50%) in Cruciferae such as rapeseed and mustard seed. Canola is a rape-
seed oil that is low in erucic acid (<2% 22:109) and low in glucosinolates.

PUFAs are best described in terms of families because of the metabolism that allows intercon-
version within, but not among, families of PUFA. The essentiality of ®6 and ®3 fatty acids has been
known since the late 1920s. Signs of w6 fatty acid deficiency include decreased growth, increased
epidermal water loss, impaired wound healing, and impaired reproduction [12,13]. Early studies did
not provide clear evidence that o3 fatty acids are essential. However, since the 1970s, evidence has
accumulated illustrating the essentiality of the 3 PUFA.

Not all PUFAs are essential fatty acids (EFAs). Plants are able to synthesize de novo and
interconvert ®3 and w6 fatty acid families via desaturases with specificity in the A12 and Al15
positions. Animals have A5, A6, and A9 desaturase enzymes and are unable to synthesize the
®3 and w6 PUFAs de novo. However, extensive elongation and desaturation of EFA occurs (pri-
marily in the liver). The elongation and desaturation of 18:2w6 is illustrated in Figure 1.3. The
most common of the w6 fatty acids in our diets is 18:2w6. Often considered the parent of the w6
family, 18:2w6 is first desaturated to 18:3w6. The rate of this first desaturation is thought to be
limiting in premature infants, in the elderly, and under certain disease states. Thus, a great deal
of interest has been placed in the few oils that contain 18:3w6, y-linolenic acid (GLA). Relatively
rich sources of GLA include black currant, evening primrose, and borage oils. GLA is elongated
to 20:3w6, dihomo-y-linolenic acid (DHGLA). DHGLA is the precursor molecule to the 1-series
prostaglandins. DHGLA is further desaturated to 20:4w6, precursor to the 2-series prostaglan-
dins. Further elongation and desaturation to 22:4m6 and 22:5w6 can occur, although the exact
function of these fatty acids remains obscure. Relatively high levels of these fatty acids are found
in caviar from wild but not cultured sturgeon.

Figure 1.4 illustrates analogous elongation and desaturation of 18:3w3. The elongation of
20:5w3 to 22:503 was thought for many years to be via A4 desaturase. The inexplicable difficulty
in identifying and isolating the putative A4 desaturase led to the conclusion that it did not exist,
and the pathway from 20:5mw3 to 22:603 was elucidated as a double elongation, desaturation, and
B-oxidation.

18:2w6 Linoleic acid
N ) e e 2 NN
COOH

A-6-Desaturase

18:3w6 y-Linolenic acid

lEIongase
20:3w6 Dihomo-y-linolenic acid
NN e e e S COOH

A-5-Desaturase

20:4w6 Arachidonic acid
A Vo e V) g N P
COOH

FIGURE 1.3 Pathway of 18:206 metabolism to 20:4®6.
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18:3w3 Linolenic acid
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COOH
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18:4w3
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20:4w3

e e e e S COOH

A-5-Desaturase
20:5w3 Eicosapentaenoic
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COOH

l Elongase
22:5w3 Docosapentaenoic

24:6w3 Tetracosahexaenoic l A-6-Desaturase

N N e e e e e S~ CO0H

22:6w3 Docosahexaenoic l B-Oxidation
N — e e e e e COOH

FIGURE 1.4 Pathway of 18:3w3 metabolism to 22:6w3.

One of the main functions of the EFAs is their conversion to metabolically active prostaglandins
and leukotrienes [14,15]. Examples of some of the possible conversions from 20:4w6 are shown in
Figures 1.5 and 1.6 [15]. The prostaglandins are called eicosanoids as a class and originate from the
action of cyclooxygenase on 20:4®6 to produce PGG,. The standard nomenclature of prostaglandins
allows usage of the names presented in Figure 1.5. For a name such as PGG,, the PG represents
prostaglandin, the next letter (G) refers to its structure (Figure 1.7), and the subscript number refers
to the number of double bonds in the molecule.

The parent structure for most of the prostaglandins is prostanoic acid (Figure 1.7) [14]. Thus, the
prostaglandins can be named based on this parent structure. In addition, they can be named using
standard nomenclature rules. For example, prostaglandin E, (PGE,) is named (5Z,11a,13E,155)-
11,15-dihydroxy-9-oxoprosta-5,13-dienoic acid using the prostanoic acid template. It can also be
named using standard nomenclature as 7-[3-hydroxy-2-(3-hydroxy-1-octenyl)-5-oxocyclopentyl]-
cis-5-heptenoic acid.

The leukotrienes are produced from 20:4w6 via 5-, 12-, or 15-lipoxygenases to a wide range of
metabolically active molecules. The nomenclature is shown in Figure 1.6.

It is important to realize that there are 1-, 2-, and 3-series prostaglandins originating from
20:306, 20:4w6, and 20:5w3, respectively. The structures of the 1-, 2-, and 3-prostaglandins differ
by the removal or addition of the appropriate double bonds. Leukotrienes of the 3-, 4-, and 5-series
are formed via lipoxygenase activity on 20:3w6, 20:4w6, and 20:503. A great deal of interest has
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FIGURE 1.5 Prostaglandin metabolites of 20:4®6.

been focused on changing proportions of the prostaglandins and leukotrienes of the various series
by diet to modulate various diseases.

3. Acetylenic Fatty Acids

A number of different fatty acids have been identified having triple bonds [16]. The nomenclature
is similar to double bonds, except that the -ane ending of the parent alkane is replaced with -ynoic
acid, -diynoic acid, etc.

Shorthand nomenclature uses a lowercase “a” to represent the acetylenic bond; 9¢,12a-18:2 is an
octadecynoic acid with a double bond in position 9 and the triple bond in position 12. Figure 1.8
shows the common names and standard nomenclature for some acetylenic fatty acids. Since the
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FIGURE 1.6 Leukotriene metabolites of 20:4®6.

ligands attached to triple-bonded carbons are 180° from one another (the structure through the bond
is linear), the second representation in Figure 1.8 is more accurate.

The acetylenic fatty acids found in nature are usually 18-carbon molecules with unsaturation
starting at A9 consisting of conjugated double—triple bonds [9,16]. Overall, acetylenic fatty acids
are rare in nature.
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FIGURE 1.7 Prostanoic acid and prostaglandin ring nomenclature.

Tariaric (6-octadecynoic acid)

PO e e P U e e COOH
Stearolic (9-octadecynoic acid)
PV e S Y
Ximenynic (trans-11-Octadecene-9-ynoic acid)
COOH
POV P 2 Y e e
Crepenynic (cis-9-octadecene-11-ynoic acid)
— COOH
W\%\/W
Crepenynic (cis-9-octadecene-11-ynoic acid)
= COOH
7

FIGURE 1.8 Some acetylenic acid structures and nomenclature.

4. Trans Fatty Acids

Trans fatty acids include any unsaturated fatty acid that contains double-bond geometry in the E
(trans) configuration. Nomenclature differs from normal cis fatty acids only in the configuration of
the double bonds.

The three main origins of trans fatty acids in our diet are from bacteria, deodorized oils, and
partially hydrogenated oils. The preponderance of trans fatty acids in our diets is derived from the
hydrogenation process.

Hydrogenation is used to stabilize and improve the oxidative stability of oils and to create plastic
fats from oils [17]. The isomers that are formed during hydrogenation depend on the nature and
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amount of catalyst, the extent of hydrogenation, and other factors. The identification of the exact
composition of a partially hydrogenated oil is extremely complicated and time-consuming. The par-
tial hydrogenation process produces a mixture of positional and geometrical isomers. Identification
of the fatty acid isomers in a hydrogenated menhaden oil has been described [18]. The 20:1 isomers
originally present in the unhydrogenated oil were predominantly cis-All (73% of total 20:1) and
cis-A13 (15% of total 20:1). After hydrogenation from an initial iodine value of 159-96.5, the 20:1
isomers were distributed broadly across the molecules from A3 to A17 (Figure 1.9). The major trans
isomers were All and A13, whereas the main cis isomers were A6, A9, and All. Similar broad
ranges of isomers are produced in hydrogenated vegetable oils [17].

Geometrical isomers of essential fatty acids linoleic and linolenic were first reported in
deodorized rapeseed oils [19]. The geometrical isomers that result from deodorization are found
in vegetable oils and products made from vegetable oils (infant formulas) and include 9¢,12¢-18:2;
91,12¢-18:2; and 9¢,12#-18:2, as well as 9c¢,12¢,15¢-18:3; 91,12¢,15¢-18:3; 9¢,121,15¢-18:3; and
91,12¢,15¢-18:3 [19-22]. These trans-EFA isomers have been shown to have altered biological
effects and are incorporated into nervous tissue membranes [23,24], although the importance of
these findings has not been elucidated. Geometrical isomers of long-chain v3 fatty acids have
been identified in deodorized fish oils.

A mounting body of scientific evidence has linked industrially produced trans fats to elevated
levels of cholesterol and a major contributor of heart disease [25,26]. The scientific evidence against
trans fats has led the U.S. FDA to make a decision in June 2015 to remove generally recognized
as safe (GRAS) status from industrial trans fats. Food companies must remove frans fats from
their food products by June 2018, although food with less than 0.5 g of trans fat per serving can be
labeled O g of trans fat [26]. The ban of trans fats extends only to industrially produced trans fats as
naturally occurring trans fats such as ruminant frans fatty acids are exempt from the ban.

Trans fatty acids are formed naturally by some bacteria, primarily under anaerobic conditions
[27]. It is believed that the formation of trans fatty acids in bacterial cell membranes is an adaptation
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Double-bond position
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Percentage of total 20:1 (within class)

FIGURE 1.9 Eicosanoid isomers in partially hydrogenated menhaden oil. (From Sebedio, J.L. and Ackman,
R.G., J. Am. Oil Chem. Soc., 60, 1986, 1983.)
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response to decrease membrane fluidity, perhaps as a reaction to elevated temperature or stress from
solvents or other lipophilic compounds that affect membrane fluidity.

Not all bacteria produce appreciable levels of trans fatty acids. The trans-producing bacteria
are predominantly gram negative and produce trans fatty acids under anaerobic conditions. The
predominant formation of frans is via double-bond migration and isomerization, although some
bacteria appear to be capable of isomerization without bond migration. The action of bacteria
in the anaerobic rumen results in biohydrogenation of fatty acids and results in trans fatty acid
formation in dairy fats (2%—6% of total fatty acids). The double-bond positions of the trans acids
in dairy fats are predominantly in the A1l position, with smaller amounts in A9, A10, A13, and
A14 positions [28].

5. Branched Fatty Acids

A large number of branched fatty acids have been identified [16]. The fatty acids can be named
according to rules for branching in hydrocarbons (Table 1.2). Besides standard nomenclature, sev-
eral common terms have been retained, including iso-, with a methyl branch on the penultimate (»2)
carbon, and anteiso, with a methyl branch on the antepenultimate (©3) carbon. The iso and anteiso
fatty acids are thought to originate from a modification of the normal de novo biosynthesis, with
acetate replaced by 2-methyl propanoate and 2-methylbutanoate, respectively [16]. Other branched
fatty acids are derived from isoprenoid biosynthesis including pristanic acid (2,6,10,14-tetramethyl-
pentadecanoic acid) and phytanic acid (3,7,11,15-tetramethylhexadecanoic acid).

6. Cyclic Fatty Acids

Some fatty acids that exist in nature contain cyclic carbon rings [29]. Ring structures contain either
three (cyclopropyl and cyclopropenyl), five (cyclopentenyl), or six (cyclohexenyl) carbon atoms and
may be saturated or unsaturated. Also, cyclic fatty acid structures resulting from heating the veg-
etable oils have been identified [29-31].

In nomenclature of cyclic fatty acids, the parent fatty acid is the chain from the carboxyl group
to the ring structure. The ring structure and additional ligands are considered a substituent of the
parent fatty acid. An example is given in Figure 1.10. The parent in this example is nonanoic acid
(not pentadecanoic acid, which would result if the chain were extended through the ring struc-
ture). The substituted group is a cyclopentyl group with a 2-butyl ligand (2-butylcyclopentyl). Thus,
the correct standard nomenclature is 9-(2-butylcyclopentyl)nonanoic acid. The 2 is sometimes

9-(2-Butylcyclopentyl)nonanoic acid

A B C

trans ring configuration

FIGURE 1.10 Nomenclature of cyclic fatty acids.
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expressed as 2’ to indicate that the numbering is for the ring and not for the parent chain. The C-1
and C-2 carbons of the cyclopentyl ring are chiral, and two possible configurations are possible.
Both the carboxyl and the longest hydrocarbon substituents can be on the same side of the ring, or
they can be on opposite sides. These are referred to as cis and trans, respectively.

The cyclopropene and cyclopropane fatty acids can be named by means of the standard nomen-
clature noted in the previous example. They are also commonly named using the parent structure
that carries through the ring structure. In the example in Figure 1.11, the fatty acid (commonly
named lactobacillic acid or phycomonic acid) is named 10-(2-hexylcyclopropyl) decanonic acid in
standard nomenclature. An older naming system would refer to this fatty acid as cis-11,12-methy-
leneoctadecanoic acid, where cis designates the configuration of the ring structure. If the fatty acid
is unsaturated, the term “methylene” is retained but the double-bond position is noted in the parent
fatty acid structure (cis-11,12-methylene-cis-octadec-9-enoic acid) (Figure 1.12).

cis-11, 12-Methyleneoctadecanoic acid
cis-10-(2-Hexylcyclopropyl)decanoic acid

Lactobacillic acid/ phytomonic acid

FIGURE 1.11 Nomenclature for a cyclopropenoid fatty acid.

Cyclopropyl
10-(2-Hexylcyclopropanyl)decanoic acid (lactobacillic or phytomonic acid)

CH

\/\/\/<l/2\/\/\/\/\
COOH

Cyclopropenyl

8-(2-Octylcyclopropenyl)octanoic acid (sterculic acid)
CH

2
VVWW
COOH

2-Hydroxy-8-(2-octylcyclopropenyl)octanoic acid (2-hydroxysterculic acid)

OH
CH,
AN
COOH

7-(2-Octylcyclopropenyl)heptanoic acid (malvalic acid)

CH,
WWW/COOH

Cyclopentyl

[:::>——%CHgn—COOH

3-(2-Cyclopentenyl)propanoic acid (aleprolic acid)
5-(2-Cyclopentenyl)pentanoic acid (aleprestic acid)
7-(2-Cyclopentenyl)heptanoic acid (aleprylic acid)
9-(2-Cyclopentenyl)nonanoic acid (alepric acid)
11-(2-Cyclopentenyl)undecanoic acid (hyndocarpic acid)
13-(2-Cyclopentenyl)tridecanoic acid (chaulmoogric acid)

NO OO DN

_ -

FIGURE 1.12  Cyclic fatty acid structures and nomenclature.
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7. Hydroxy and Epoxy Fatty Acids

Saturated and unsaturated fatty acids containing hydroxy and epoxy functional groups have been
identified [1,16]. Hydroxy fatty acids are named by means of the parent fatty acid and the hydroxy
group numbered with its A location. For example, the fatty acid with the trivial name ricinoleic
(Figure 1.13) is named R-12-hydroxy-cis-9-octadecenoic acid. Ricinoleic acid is found in the seeds
of Ricinus species and accounts for about 90% of the fatty acids in castor bean oil.

Because the hydroxy group is chiral, stereoisomers are possible. The R/S system is used to
identify the exact structure of the fatty acid. Table 1.6 reviews the rules for R/S nomenclature.
The R/S system can be used instead of the o/p and cis/trans nomenclature systems. A fatty acid
with a hydroxy substituent in the A2 position is commonly called an a-hydroxy acid; fatty acids
with hydroxy substituents in the A3 and A4 positions are called B-hydroxy acids and y-hydroxy
acids, respectively. Some common hydroxy acids are shown in Figure 1.13. Cutins, which are
found in the outer layer of fruit skins, are composed of hydroxy acid polymers, which may also
contain epoxy groups [16].

Epoxy acids, found in some seed oils, are formed on prolonged storage of seeds [16]. They are
named similarly to cyclopropane fatty acids, with the parent acid considered to have a substituted
oxirane substituent. An example of epoxy fatty acids and their nomenclature is shown in Figure
1.14. The fatty acid with the common name vernolic acid is named (using standard nomenclature)
11-(3-pentyloxyranyl)-9-undecenoic acid. In older nomenclature, where the carbon chain is carried
through the oxirane ring, vernolic acid would be called 12,13-epoxyoleic acid or 12-13-epoxy-9-
octadecenoic acid. The configuration of the oxirane ring substituents can be named in the cis/trans,
E/Z, or R/S configuration systems.

\/\/\/>/\/\/\/\/\/COOH

H OH
12(R)-Hydroxy-cis-9-octadecenoic acid
Ricinoleic acid
HO, H
N COOH

9(S)-Hydroxy-cis-11-octadecenoic acid
Isoricinoleic acid

\/\/\/Y\/\/\/\/\/ COOH

H OH

12(R)-Hydroxy-cis-9,15-octadecadienoic acid
Densipolic acid

FIGURE 1.13 Hydroxy fatty acid structures and nomenclature.

TABLE 1.6
Summary of Rules for R/S Nomenclature

1. The sequence priority rules (Table 1.3) are used to prioritize the ligands attached to the chiral center (a > b > ¢ > d).

2. The molecule is viewed with the d substituent facing away from the viewer.

3. The remaining three ligands (a, b, ¢) will be oriented with the order a—b—c in a clockwise or counterclockwise
direction.

4. Clockwise describes the R (rectus, right) conformation, and counterclockwise describes the S (sinister, left)
conformation.

Source: Streitwieser Jr., A. and Heathcock, C.H., Introduction to Organic Chemistry, Macmillan, New York, 1976, p. 111.
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COCH
s

(0]
11-(3-Pentyloxiranyl)-9-undecanoic acid
cis-12-13-Epoxy-cis-9-octadecenoic acid
Vernolic acid
Both the (+) 125, 13R and (-) 12R, 13S forms are found in nature

]
COOH

/
8-(3-cis-2’-Nonenyloxiranyl)-octanoic acid
cis-9,10-Epoxy-cis-12-octadecenoic acid
Coronaric acid

FIGURE 1.14 Epoxy fatty acid structures and nomenclature.

8. Furanoid Fatty Acids

Some fatty acids contain an unsaturated oxolane heterocyclic group. There are more commonly
called furanoid fatty acids because a furan structure (diunsaturated oxolane) is present in the mol-
ecule. Furanoid fatty acids have been identified in Exocarpus seed oils. They have also been identi-
fied in plants, algae, and bacteria and are a major component in triacylglycerols (TAGs) from latex
rubber [1,16]. They are important in marine oils and may total several percentage points or more of
the total fatty acids in liver and testes [1,32].

Furanoid fatty acids have a general structure as shown in Figure 1.15. A common nomenclature
describing the furanoid fatty acids (as F1, F2, etc.) is used [32]. The naming of the fatty acids in this
nomenclature is arbitrary and originated from elution order in gas chromatography. A shorthand

HsC R
HOOC(CH,), o (CH,),CH,
Name X y R

F1 8 2 CH;
F2 8 4 H
F3 8 4 CH,
F4 10 2 CH,
F5 10 4 H
F6 10 4 CH;
F7 12 4 H
F8 12 4 CH;

FIGURE 1.15 Furanoid fatty acid structure and shorthand nomenclature.
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notation that is more descriptive gives the methyl substitution followed by F and then the carbon
lengths of the carboxyl and terminal chains in parentheses: MeF(9,5). Standard nomenclature fol-
lows the same principles outlined in Section III.A.6. The parent fatty acid chain extends only to
the furan structure, which is named as a ligand attached to the parent molecule. For example, the
fatty acid named F5 in Figure 1.15 is named 11-(3,4-dimethyl-5-pentyl-2-furyl)undecanoic acid.
Shorthand notation for this fatty acid would be F; or MeF(11,5). Numbering for the furan ring starts
at the oxygen and proceeds clockwise.

B. ACYLGLYCEROLS

Acylglycerols are the predominant constituent in oils and fats of commercial importance. Glycerol
can be esterified with one, two, or three fatty acids, and the individual fatty acids can be located on
the three different carbons of glycerol. The terms monoacylglycerol, diacylglycerol, and triacylg-
lycerol (TAG) are preferred for these compounds over the older and confusing names mono-, di-,
and triglycerides [6,7].

Fatty acids can be esterified on the primary or secondary hydroxyl groups of glycerol. Although
glycerol itself has no chiral center, it becomes chiral if different fatty acids are esterified to the
primary hydroxyls or if one of the primary hydroxyls is esterified. Thus, terminology must differen-
tiate between the two possible configurations (Figure 1.16). The most common convention to differ-
entiate these stereoisomers is the sn convention of Hirshmann (see Reference 33). In the numbering
that describes the hydroxyl groups on the glycerol molecule in Fisher projection, snl, sn2, and sn3
designations are used for the top (C1), middle (C2), and bottom (C3) OH groups (Figure 1.17). The
sn term indicates stereospecific numbering [1].

In common nomenclature, esters are named o on primary and f§ on secondary OH groups. If the
two primary-bonded fatty acids are present, the primary carbons are called a and «'. If one or two
acyl groups are present, the term “partial glyceride” is sometimes used. Nomenclature of the com-
mon partial glycerides is shown in Figure 1.18.

Standard nomenclature allows several different names for each TAG [6]. A TAG with three stea-
ric acid esters can be named as glycerol tristearate, tristearoyl glycerol, or tri-O-stearoyl glycerol.
The O locant can be omitted if the fatty acid is esterified to the hydroxyl group. More commonly,

| |
—C-0OH —(IZ—OCOR

HO —C:H HO -CIT-I
—Cl—OH —Cl—OH
I
—C-OH —C-OCOR,
Ho ~CH Ho~cfi
—c;—ocorz —Cl-OCORz

C* =chiral carbon

FIGURE 1.16 Chiral carbons in acylglycerols.

CH,OH  sn1
HO=—C—=H sn2

CH,OH sn3

FIGURE 1.17  Stereospecific numbering (sn) of triacylglycerols.
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OH

(a) 1-Monoacyl-sn-glycerol

(B) 2-Monoacyl-sn-glycerol
OH
HO{
TR
0]

(a) 3-Monoacyl-sn-glycerol

FIGURE 1.18 Mono- and diacylglycerol structures.
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TAG nomenclature uses the designation -in to indicate the molecule in a TAG (e.g., tristearin).
If different fatty acids are esterified to the TAG—for example, the TAG with sn-1 palmitic acid,
sn-2 oleic acid, and sn-3 stearic acid—the name replaces the -ic in the fatty acid name with -oyl, and
fatty acids are named in snl, sn2, and sn3 order (1-palmitoyl-2-oleoyl-3-stearoyl-sn-glycerol). This
TAG can also be named as sn-1-palmito-2-oleo-3-stearin or sn-glycerol-1-palmitate-2-oleate-3-
stearate. If two of the fatty acids are identical, the name incorporates the designation di- (e.g.,
1,2-dipalmitoyl-3-oleoyl-sn-glycerol, 1-stearoyl-2,3-dilinolenoyl-sn-glycerol).

To facilitate TAG descriptions, fatty acids are abbreviated using one or two letters (Table 1.7).
The TAGs can be named after the EFAs using shorthand nomenclature. For example, sn-POSt

Short Abbreviations for Some Common Fatty Acids

TABLE 1.7

AC Acetic

Ad Arachidic
An Arachidonic
B Butyric

Be Behenic

D Decanoic

E Erucic

El Elaidic

G Eicosenoic
H Hexanoic

L Linoleic

La Lauric

Lg Lingnoceric

Ln Linolenic

M Myristic

N Nervonic

(0] Oleic

Oc Octanoic

P Palmitic

Po Palmitoleic
Ricinoleic

S Saturated (any)

St Stearic

U Unsaturated (any)

\% Vaccenic

X Unknown

Source: Litchfield, C., Analysis of Triglycerides, Academic Press,

New York, 1972, 355pp.
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is shorthand description for the molecule 1-palmitoyl-2-oleoyl-3-stearoyl-sn-glycerol. If the sn- is
omitted, the stereospecific positions of the fatty acids are unknown. POSt could be a mixture of sn-
POSt, sn-StOP, sn-PStO, sn-OStP, sn-OPSt, or sn-StPO in any proportion. An equal mixture of
both stereoisomers (the racemate) is designated as rac. Thus, rac-OPP represents equal amounts of
sn-OPP and sn-PPO. If only the sn-2 substituent is known with certainty in a TAG, the designation
f- is used. For example, B-POSt is a mixture (unknown amounts) of sn-POSt and sn-StOP.

TAGs are also sometimes described by means of the ® nomenclature. For example, sn-18:0—
18:206-16:0 represents 1-stearoyl-2-linoleoyl-3-palmitoyl-sn-glycerol.

C. STEROLS AND STEROL ESTERS

The steroid class of organic compounds includes sterols of importance in lipid chemistry. Although
the term “sterol” is widely used, it has never been formally defined. The following working defini-
tion was proposed some years ago: “Any hydroxylated steroid that retains some or all of the carbon
atoms of squalene in its side chain and partitions nearly completely into the ether layer when it is
shaken with equal volumes of ether and water” [34]. Thus, for this definition, sterols are a subset of
steroids and exclude the steroid hormones and bile acids. The importance of bile acids and their inti-
mate origin from cholesterol make this definition difficult. In addition, nonhydroxylated structures
such as cholestane, which retain the steroid structure, are sometimes considered sterols.

The sterols may be derived from plant (phytosterols) or animal (zoosterols) sources. They are
widely distributed and are important in cell membranes. The predominant zoosterol is cholesterol.
Although a few phytosterols predominate, the sterol composition of plants can be very complex. For
example, as many as 65 different sterols have been identified in corn (Zea mays) [35].

In the standard ring and carbon numbering (Figure 1.19) [35], the actual 3D configuration of the
tetra ring structure is almost flat, so the ring substituents are either in the same plane as the rings or
in front or behind the rings. If the structure in Figure 1.19 lacks one or more of the carbon atoms,
the numbering of the remainder will not be changed.

The methyl group at position 10 is axial and lies in front of the general plane of the molecule.
This is the B configuration and is designated by connection using a solid or thickened line. Atoms or
groups behind the plane of the molecule are joined to the ring structure by a dotted or broken line
and are given the o configuration. If the stereochemical configuration is not known, a wavy line is
used and the configuration is referred to as €. Unfortunately, actual 3D position of the substituents
may be in plane, in front of, or behind the plane of the molecule. The difficulties with this nomen-
clature have been discussed elsewhere [34,35].

The nomenclature of the steroids is based on parent ring structures. Some of the basic steroid
structures are presented in Figure 1.20 [6]. Because cholesterol is a derivative of the cholestane struc-
ture (with the H at C-5 eliminated because of the double bond), the correct standard nomenclature

FIGURE 1.19 Carbon numbering in cholesterol structure.
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5B-Pregnane 5B-Cholane

5B-Cholestane

FIGURE 1.20 Steroid nomenclature.

for cholesterol is 3p3-cholest-5-en-3-ol. The complexity of standardized nomenclature has led to the
retention of trivial names for some of the common structures (e.g., cholesterol). However, when
the structure is changed—for example, with the addition of a ketone group to cholesterol at the 7
position—the proper name is 3p-hydroxycholest-5-en-7-one, although this molecule is also called
7-ketocholesterol in common usage.

A number of other sterols of importance in foods are shown in Figure 1.21. The trivial names
are retained for these compounds, but based on the nomenclature system discussed for sterols,
stigmasterol can be named 3p-hydroxy-24-ethylcholesta-5,22-diene. Studies have suggested that
plant sterols and stanols (saturated derivatives of sterols) have cholesterol-lowering properties in
humans [36].

Cholesterol has been reported to oxidize in vivo and during food processing [37-40]. These choles-
terol oxides have come under scrutiny because they have been implicated in the development of athero-
sclerosis. Some of the more commonly reported oxidation products are shown in Figures 1.22 and 1.23.
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Cholesterol

HO

Ergosterol

HO

AN

Stigmasterol

HO

[-Sitosterol

HO

FIGURE 1.21 Common steroid structures.

Nomenclature in common usage in this field often refers to the oxides as derivatives of the cholesterol
parent molecule: 7-B-hydroxycholesterol, 7-ketocholesterol, 5,6p-epoxycholesterol, etc. The standard
nomenclature follows described rules and is shown in Figures 1.22 and 1.23.

Sterol esters exist commonly and are named using standard rules for esters. For example,
the ester of cholesterol with palmitic acid would be named cholesterol palmitate. The standard
nomenclature would also allow this molecule to be named 3-O-palmitoyl-33-cholest-5-en-3-ol or
3-palmitoyl-33-cholest-5-en-3-ol.

D. WAaxes

Waxes (commonly called wax esters) are esters of fatty acids and long-chain alcohols. Simple
waxes are esters of medium-chain fatty acids (16:0, 18:0, 18:1w9) and long-chain aliphatic alcohols.
The alcohols range in size from C8 to C18. Simple waxes are found on the surfaces of animals,
plants, and insects and play a role in prevention of water loss. Complex waxes are formed from diols
or from alcohol acids. Di- and triesters as well as acid and alcohol esters have been described.
Simple waxes can be named by removing the -ol from the alcohol and replacing it with -yl,
and replacing the -ic from the acid with -oate. For example, the wax ester from hexadecanol and



Nomenclature and Classification of Lipids 25

Cholesterol
(3B-cholest-5en-3-ol)

OH

OH OH OOH
7a-Hydroperoxycholesterol 7B-Hydroperoxycholesterol
OH OH OH

Cholest-5-en-3(3,7a-diol

Cholest-5-en-3,7f3-diol
(7a-hydroxycholesterol)

(7B-hydroxycholesterol)

OH (6}

3B-Hydroxycholest-5-en-7-one (7-ketocholesterol)

FIGURE 1.22 Cholesterol oxidation products and nomenclature 1. (From Smith, L.L., Chem. Phys.
Lipids, 44, 87, 1987.)

oleic acid would be named hexadecyl oleate or hexadecyl-cis-9-octadecenoate. Some of the long-
chain alcohols have common names derived from the fatty acid parent (e.g., lauryl alcohol, stearyl
alcohol). The C16 alcohol (1-hexadecanol) is commonly called cetyl alcohol. Thus, cetyl oleate is
another acceptable name for this compound.

Waxes are found in animal, insect, and plant secretions as protective coatings. Waxes of impor-
tance in foods as additives include beeswax, carnauba wax, and candelilla wax.
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Cholesterol
HO
HO P
HO (')
0
5,6B-Epoxy-5B-cholestan-3(3-ol
(cholesterol-B-epoxide) 5,6a-Epoxy-5a-cholestan-3p-ol
(cholesterol-a-epoxide)
HO |
OH
OH

5a-Cholestan-3,5,6(3-triol
(cholestantriol)

FIGURE 1.23 Cholesterol oxidation products and nomenclature II. (From Smith, L.L., Chem. Phys. Lipids,
44, 87, 1987.)

E. PHOSPHOGLYCERIDES (PHOSPHOLIPIDS)

Phosphoglycerides (PLs) are composed of glycerol, fatty acids, phosphate, and (usually) an organic
base or polyhydroxy compound. The phosphate is almost always linked to the sn-3 position of
glycerol molecule.

The parent structure of the PLs is phosphatidic acid (sn-1,2-diacylglycerol-3-phosphate). The
terminology for PLs is analogous to that of acylglycerols except that there is no acyl group at sn-3.
The prefix lyso-, when used for PLs, indicates that the sn-2 position has been hydrolyzed, and a fatty
acid is esterified to the sn-1 position only.

Some common PL structures and nomenclature are presented in Figure 1.24. Phospholipid
classes are denoted using shorthand designation (PC = phosphatidylcholine, etc.). The standard
nomenclature is based on the PL type. For example, a PC with an oleic acid on sn-1 and linolenic
acid on sn-2 would be named 1-oleoyl-2-linolenoyl-sn-glycerol-3-phosphocholine. The name phos-
phorylcholine is sometimes used, but it is not recommended [8]. The terms lecithin and cephalin are
sometimes used for PC and PE, respectively, but are also not recommended [8].
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Rs = Phospholipid class/nomenclature
-OH Phosphatidic acid (PA)

—-0-CH,-CH(NH,)-COOH (3-sn-phosphatidyl)-L-serine (PS)
1,2-diacyl-sn-glycero(3)phospho-L-serine

-0-CH,-CH,-NH, (3-sn-phosphatidyl)ethanolamine (PE)
1,2-diacyl-sn-glycero(3)phosphoethanolamine

—O—CHZ—CHZ—N*(CH3)3 (3-sn-phosphatidyl)choline (PC)
1,2-diacyl-sn-glycero(3)phosphocholine

OH
OH (3-sn-phosphatidyl)-.-myo-inositol (PI)
w 1,2-diacyl-sn-glycero(3)phospho-L-myo-inositol
—O0
OH OH

FIGURE 1.24 Nomenclature for glycerophospholipids.

|7
H,C —O-R, —Cl—O—Fl’—O—CH2
R,-0 —CH O- HC—OH 0 COR4
—C—O—P—O—Cl— COR,

Cardiolipin
1’, 3’-di-O-(3-sn-phosphatidyl)-sn-glycerol
R1-R4 are fatty acids

FIGURE 1.25 Cardiolipin structure and nomenclature.

Cardiolipin is a PL that is present in heart muscle mitochondria and bacterial membranes. Its
structure and nomenclature are shown in Figure 1.25. Some cardiolipins contain the maximum pos-
sible number of 18:2w6 molecules (4 mol/mol).

F. ETHER(PHOSPHO)GLYCERIDES (PLASMALOGENS)

Plasmalogens are formed when a vinyl (1-alkenyl) ether bond is found in a phospholipid or acylglyc-
erol. The 1-alkenyl-2,3-diacylglycerols are termed neutral plasmalogens. A 2-acyl-1-(1-alkenyl)-sn-
glycerophosphocholine is named a plasmalogen or plasmenylcholine. The related 1-alkyl compound
is named plasmanylcholine.

G. GurycerocGLycoLiPiDs (GLYCOSYLGLYCOLIPIDS)

The glyceroglycolipids or glycolipids are formed when a 1,2-diacyl-sn-3-glycerol is linked via the
sn-3 position to a carbohydrate molecule. The carbohydrate is usually a mono- or a disaccharide,
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CH,0CO-R,
R,OCO M ( ——eest H
HO ——CH, /EH2
OH| 5 O
OH

OH
Monogalactosyldiacylglycerol (MGDG)
1,2-diacyl-3B-p-galactopyranosyl-L-glycerol

HO —CH, CH,0CO-R,
OHl o =
o R,0CO mmm— ( ——eumg H
0—CH, /EH2
OH OH —o0 0]
OH
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Digalactosyldiacylglycerol (DGDG)
1,2-diacyl-3-(a-p-galactopyranosyl-1,6-3-p-galactopyranosyl)-L-glycerol

FIGURE 1.26 Glyceroglycolipid structures and nomenclature.

less commonly a tri- or tetrasaccharide. Galactose is the most common carbohydrate molecule in
plant glyceroglycolipids.

Structures and nomenclature for some glyceroglycolipids are shown in Figure 1.26. The names
monogalactosyldiacylglycerol (MGDG) and digalactosyldiacylglycerol (DGDG) are used in com-
mon nomenclature. The standard nomenclature identifies the ring structure and bonding of the
carbohydrate groups (Figure 1.26).

H. SpHINGOLIPIDS

The glycosphingolipids are a class of lipids containing a long-chain base, fatty acids, and various
other compounds, such as phosphate and monosaccharides. The base is commonly sphingosine,
although more than 50 bases have been identified. The ceramides are composed of sphingosine and
a fatty acid (Figure 1.27). Sphingomyelin is one example of a sphingophospholipid. It is a ceramide
with a phosphocholine group connected to the primary hydroxyl of sphingosine. The cerami-
des can also be attached to carbohydrate molecules (sphingoglycolipids or cerebrosides) via the
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FIGURE 1.27 Sphingolipid structures and nomenclature.

primary hydroxyl group of sphingosine. Gangliosides are complex cerebrosides with the ceramide
residue connected to a carbohydrate-containing glucose-galactosamine-N-acetylneuraminic acid.
These lipids are important in cell membranes and the brain, and they act as antigenic sites on cell
surfaces. Nomenclature and structures of some cerebrosides are shown in Figure 1.27.

I. FAT-SOLUBLE VITAMINS

1. Vitamin A

Vitamin A exists in the diet in many forms (Figure 1.28). The most bioactive form is the all-trans
retinol, and cis forms are created via light-induced isomerization (Table 1.8). The 13-cis isomer
is the most biopotent of the mono- or di-cis isomers. The a- and p-carotenes have biopotencies of
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N 9-cis-Retinol
x
CH,OH

FIGURE 1.28 Structures of some vitamin A compounds.

TABLE 1.8
Approximate Biological Activity Relationships
of Vitamin A Compounds

Compound Activity of All-trans Retinol (%)
All-trans retinol 100

9-cis Retinol 21

11-cis Retinol 24

13-cis Retinol 75

9,13-Di-cis retinol 24

11,13-Di-cis retinol 15

a-Carotene 8.4

p-Carotene 16.7

about 8.7% and 16.7% of the all-trans retinol activity, respectively. The daily value (DV) for vitamin
A is 1000 retinol equivalents (RE), which represents 1000 mg of all-trans retinol or 6000 pg of
[-carotene. Vitamin A can be toxic when taken in levels exceeding the %DV. Some reports suggest
that levels of 15,000 RE/day can be toxic [39].

Toxic symptoms of hypervitaminosis A include drowsiness, headache, vomiting, and muscle
pain. Vitamin A can be teratogenic at high doses [41]. Vitamin A deficiency results in night blind-
ness and ultimately total blindness, abnormal bone growth, increased cerebrospinal pressure, repro-
ductive defects, abnormal cornification, loss of mucus secretion cells in the intestine, and decreased
growth. The importance of beef liver, an excellent source of vitamin A, in cure of night blindness
was known to the ancient Egyptians about 1500 BC [42].
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2. Vitamin D

Although as many as five vitamin D compounds have been described (Figure 1.29), only two of
these are biologically active: ergocalciferol (vitamin D,) and cholecalciferol (vitamin D;). Vitamin
D, can be synthesized in humans from 7-dehydrocholesterol, which occurs naturally in the skin, via
light irradiation (Figure 1.30).

The actual hormonal forms of the D vitamins are the hydroxylated derivatives. Vitamin D is
converted to 25-OH-D in the kidney and further hydroxylated to 1,25-diOH-D in the liver. The
dihydroxy form is the most biologically active form in humans.

3. Vitamin E

Vitamin E compounds include the tocopherols and tocotrienols. Tocotrienols have a conjugated
triene double-bond system in the phytyl side chain, whereas tocopherols do not. The basic nomen-
clature is shown in Figure 1.31. The bioactivity of the various vitamin E compounds is shown in
Table 1.9. Methyl substitution affects the bioactivity of vitamin E, as well as its in vitro antioxidant
activity.

CH, CH,

= \\\\\““
HO™ HO®

Ergocalciferol D, Cholecalciferol Dy

Ny,

CH,

Ho™ HO

Vitamin D,

Vitamin Ds

HO™"

Vitamin Dg

FIGURE 1.29 Structures of some vitamin D compounds.
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Pre-vitamin Ds
hv D\\

CH,

OH

-
HO®

7-Dehydrocholesterol Cholecalciferol
(vitamin D3)

FIGURE 1.30 Formation of vitamin D in vivo.
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B CH, H

Y H CH3
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FIGURE 1.31 Structures of some vitamin E compounds.
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TABLE 1.9
Approximate Biological Activity Relationships
of Vitamin E Compounds

Compound Activity of p-a-Tocopherol (%)
D-a-Tocopherol 100
L-a-Tocopherol 26
DL-a-Tocopherol 74
pL-a-Tocopheryl acetate 68
D-f3-Tocopherol 8
D-y-Tocopherol 3
D-8-Tocopherol —
D-a-Tocotrienol 22
D-f3-Tocotrienol 3

D-y-Tocotrienol —
D-O-Tocotrienol —

4. Vitamin K

Several forms of vitamin K have been described (Figure 1.32). Vitamin K (phylloquinone) is found
in green leaves, and vitamin K, (menaquinone) is synthesized by intestinal bacteria. Vitamin K is
involved in blood clotting as an essential cofactor in the synthesis of y-carboxyglutamate necessary
for active prothrombin. Vitamin K deficiency is rare due to intestinal microflora synthesis. Warfarin
and dicoumerol prevent vitamin K regeneration and may result in fatal hemorrhaging.

J. HYDROCARBONS

Hydrocarbons include normal, branched, saturated, and unsaturated compounds of varying chain
lengths. The nomenclature for hydrocarbons has already been discussed. The hydrocarbons of most
interest to lipid chemists are the isoprenoids and their oxygenated derivatives.

o
F H
3
0]
Vitamin K;
Phylloquinone
2-Methyl-3-phytyl-1,4-naphthoquinone
0
F H
n=6-10
0
Vitamin K,

Menaquinone-n
2-Methyl-3-multiprenyl-1,4-naphthoquinone

FIGURE 1.32 Structures of some vitamin K compounds.
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a-Carotene

y-Carotene
A T T Y 1 Y S N N
&-Carotene

FIGURE 1.33 Structures and nomenclature of carotenoids.

The basic isoprene unit (2-methyl-1,3-butadiene) is the building block for a large number of inter-
esting compounds, including carotenoids (Figure 1.33), oxygenated carotenoids or xanthophylls
(Figure 1.34), sterols, and unsaturated and saturated isoprenoids (isopranes). Some 15-carbon and
20-carbon isoprenoids are covalently attached to some proteins and may be involved in control
of cell growth [43]. Members of this class of protein-isoprenoid molecules are called prenylated
proteins.

Lycopene

Bixin

(0]
HOOC\\\\\\\\\ OCH,

FIGURE 1.34 Structures and nomenclature of some oxygenated carotenoids.
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Iv.

SUMMARY

It would be impossible to describe the structures and nomenclature of all known lipids even in one
entire book. The information presented in this chapter is a brief overview of the complex and inter-
esting compounds we call lipids.
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I. INTRODUCTION

Lipids are referred to as a large and diverse group of naturally occurring compounds. The term
“lipid” is restricted to long-chain fatty acids, their derivatives, and compounds that are related
structurally and functionally to them [1,2]. They are highly soluble in organic solvents (e.g., hex-
ane, diethyl ether, and chloroform) and slightly soluble/nonsoluble in water [3]. Lipids are found
ubiquitously in plants, animals, and microorganisms, as well as the human body. They are the
major constituents of the cell membrane, which is responsible for holding the cell together [4].
Lipids can be classified as polar and neutral lipids [5]. The International Lipid Classification and
Nomenclature Committee developed a more detailed classification scheme (Lipid Classification
System LIPID Metabolites and Pathways Strategy; http://www.lipidmaps.org) based on the concept
that lipids may result from complete or partial carbanion-based condensations of ketoacyl thioes-
ters or carbocation-based condensations of isoprene units [6]. Accordingly, lipids can be classified
into eight groups, namely, fatty acyls, glycerolipids, glycerophospholipids, sphingolipids, sterol
lipids, prenol lipids, saccharolipids, and polyketides (Figure 2.1) [7,8]. This classification scheme
is applicable to archaea and synthetic lipids, covers eukaryotic and prokaryotic sources, and allows
the subdivision of the main categories into subclasses to include the new lipids structures.

Fatty acyls are biosynthesized by the chain elongation of an acetyl-CoA primer with malonyl-
CoA or methyl-CoA groups [5]. The two main classes of lipids are (1) glycerolipids, which encom-
pass mainly acylglycerols, and (2) glycerophospholipids, which are characterized by the presence of
phosphate. In addition, steroid and prenoid lipids constitute lipids derived from the polymerization
of dimethylallyl pyrophosphate/isopentenyl pyrophosphate. Other well-known categories of lipids
are sphingolipids, saccharolipids, and polyketides. Sphingolipids contain a long aliphatic amine
with two or more hydroxyl groups as their core structure and saccharolipids are lipids that have a
fatty acyl linked to a sugar molecule forming structures that are compatible with membrane bilay-
ers. Finally, the last category of lipids is polyketides. These are lipids derived from plants and
microbial sources.

The physicochemical properties of lipids depend on their structural features [9]. For instance, the
length of the fatty acyl chain, number of unsaturation in the molecules, and size of the polar head
determine the physical states, existing as solid, liquid, or liquid crystal. In addition, the structural
features provide insight into the oxidative stability of lipids. In relation to the application of lipids in
food, the lipid property will to a large extent influence food quality and stability, and thus, in some
cases structural modification of lipids is needed to meet the demand of food processing [10].

Modification of lipids has produced a wide variety of fats, lowered production cost, and enabled
food products to meet nutritional demands [9,11]. For example, when modifying oils for food appli-
cations, producers attempted to meet both nutritional requirements (e.g., increasing concentration
of unsaturated fatty acids) and technological requirements to facilitate production and to improve
oxidative stability. Although unsaturated fatty acids are preferable over saturated fatty acids from a
nutritional point of view [12], they are prone to oxidation. Therefore, to improve their oxidative sta-
bility, the produced oils are modified to contain less polyunsaturated fatty acids and more monoun-
saturated fatty acids such as oleic acid. Thus, modification of fats for the production of higher melting
point fats is a strategy to increase food quality as the replacement or redistribution of the fatty acyls in
glycerol backbone may alter the melting point, crystallization behavior, and oxidative stability of fats
in food processing. Although hydrogenation of vegetable oil has been a widely used approach to gen-
erate plastic fat from liquid oil, now this strategy has been increasingly replaced by other procedures
such as fatty acyl exchanges through enzymatic modifications of oils and fats because they prevent
the production of frans-fatty acids that have been associated with coronary diseases [13].

Other examples of physical strategies to modify fats are fractionation of fats at different temperatures
and extraction with CO, under supercritical conditions [14] or using organic solvents. Furthermore, if
the fatty acid composition of different oils is known, they can be combined through physical blend-
ing to generate oil with the ratio of fatty acid desired [15]. Other strategies involve the use of genetic
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engineering to cultivate crops that are highly rich in specific and desired oil [16]. However, ecological
safety regarding the cultivation of these types of crops has not been investigated.

On the other hand, examples of chemical synthesis and modification of lipids constituting hydro-
genation or chemical esterification or transesterification of oils are still the technology in use today
[17,18]. However, chemical approaches are increasingly being replaced by environmentally friendly
strategies such as enzymatic synthesis (e.g., enzymatic esterification and transesterification) [19,20].
The latter decreases the amount of hazardous wastes that can be generated in high-scale production of
lipids. Nonetheless, enzyme-based production is still expensive and less competitive in price and this
is taken into account when designing production line to obtain lipids of relevance for food production.

Analysis and characterization strategies are also important to guarantee the quality of lipids
as food ingredients [21-24]. High-performance liquid chromatography (HPLC), thin-layer chro-
matography (TLC), and gas chromatography (GC) are the most common techniques used for the
qualitative and quantitative analyses of lipids [25,26]. However, other techniques that are used for
structural elucidation of lipids have also proved to be of value for the quantitative analyses of lipids
such as Fourier transform infrared spectroscopy [27]. Generally, the use of multiple techniques is
necessary to ensure the quality of lipids used for food production. For instance, in terms of physical
characterization it is required to combine different techniques such as x-ray diffraction [28], dif-
ferential scanning calorimetry [29], and nuclear magnetic resonance [30] to understand in detail the
physicochemical properties of the lipids in question.

This chapter mainly focuses on the two most abundant classes of lipids in nature: acylglycerol
and phospholipids. It describes the physicochemical properties of these lipids and envisages their
molecular basis, structural features, and the types of chemical reactions that these classes of lipids
undergo. In addition, this chapter reviews the most common strategies used for the synthesis, isola-
tion, analysis, and characterization of lipids. Specifically, the enzymatic and chemical synthesis and
modifications of acylglycerols and phospholipids are presented. Accordingly, this chapter provides
useful insight for the generation of novel lipids of relevance to food applications.

Il. ACYLGLYCEROLS

Acylglycerols are predominant components in oils and fats for food and oleochemical industries [31].
They represent all lipids containing a glycerol backbone covalently linked to fatty acyls. These lipids
can be monoacylglycerols, diacylglycerols, and triacylglycerols (Figure 2.2), where the latter represents
the main occurring form of acylglycerols for both plants and animals. In nature, acylglycerols also exist
in partial glyceride form in relatively small quantity, including monoacylglycerols and diacylglycerols.
The presence of hydroxyl group in partial acylglycerols gives them different polarity and properties
from triacylglycerols. Natural triglycerides (triacylglycerols) are a mixture of triacylglycerols contain-
ing different fatty acids. Depending on the lipids, sources, the types, numbers, and relative contents of

(e}
HO/\/\OJJ\/\/\/\CQH19 HO O)J\/\/\/\CQH19
OH O\n/\/\/\/ceHw

FIGURE 2.2 Representative structures of (a) mono-, (b) di-, and (c) triacylglycerols (MAG, DAG, and TAG,
respectively).
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fatty acids in triacylglycerol can vary greatly; for example, in milk fat the number of different fatty acids
adds up to 400 [32]. Therefore, the total number of triacylglycerol molecules can be very high (4003).
However, for most plant oils they constitute no more than 100 different fatty acids; even so, the number of
total triacylglycerol types can also be very high [23]. This complexity in composition of triacylglycerols
makes it very difficult to accurately predict their property, while their properties are largely governed by
dominating fatty acids. By changing the fatty acyl, the physicochemical properties of triacylglycerols can
be altered for specific purpose; for example, by introducing saturated or monounsaturated fatty acids into
highly polyunsaturated oils the oxidation stability of the products can be improved.

I1l.  PHYSICAL PROPERTIES OF ACYLGLYCEROLS

The physical properties of acylglycerols depend on the molecular structure of fatty acyls linked to
the glycerol backbone. The melting point and intermolecular interaction of lipid is determined by the
saturated degree and carbon chain length of fatty acyls. For example, the melting point of saturated
fatty acid is governed by the weak dispersion forces or noncovalent interactions known as van der
Waals forces as molecules need to overcome these forces in order to be melted. In branched saturated
fatty acid chain, these forces are weaker, lowering the energy required for these compounds to be
melted [9]. In addition, increasing the number of double bonds and length of the lipid chain decreases
the melting point and lowers the organization of lipid chains. For instance, linoleic acid, which con-
tains two double bonds, displayed a lower melting point (-5°C) than oleic acid (m.p. = 13°C) and
stearic acid (m.p. = 69°C), which contain 1 and no unsaturation, respectively (Figure 2.3).

In food formulation, the crystallization behavior of triacylglycerols is highly important as crys-
tallization of lipids in food products might influence food structure, taste, and quality. Controlling
the crystallization process of triacylglycerols can yield a product with desired physical characteris-
tics [33]. For instance, the tempering process of chocolate determines whether the product will have
or not have the desired appearance, snap, and melting properties since the crystallization process
can lead to more or less stable crystal forms. During the crystallization process, the main steps that
determine the crystal structure of lipids are nucleation and crystal growth. However, it is important
to know that the liquid phase prior to crystal forms can retain some degree of ordering. Thus, heat-
ing up mixtures of lipids well above the melting point is of importance to erase crystal memory and
to obtain the desired crystal structure by controlling the process of nucleation and crystal growth.

A. NUCLEATION

Nucleation takes place in the formation of crystalline phase from liquid phase. The nucleation rate can
determine the number and size of the crystals formed and the resulting polyphorm. Nucleation can

FIGURE 2.3 The effect of the degree of unsaturation on melting point of fatty acids. (a) Stearic acid, m.p. =
69°C; (b) oleic acid, m.p. = 13°C; and (c) linoleic acid, m.p. = =5°C.



42 Food Lipids: Chemistry, Nutrition, and Biotechnology

occur homogeneously or heterogeneously, or when crystalline elements break from existing crystal
and subsequently act as nuclei to promote crystallization [34,35]. Homogeneous nucleation, which
is unlikely to occur, takes place without the assistance of a foreign interface. Instead, heterogeneous
nucleation is catalyzed by foreign nucleating site such as dust particles or other interfaces that can
reduce the free energy required for nucleation to occur. Rapid cooling of lipids in liquid state leads
to high nucleation rate and does not allow enough time for the molecules to be organized into lamel-
lae to form well-arranged crystal structures. As a consequence, a rapid cooling process will gener-
ate a less stable molecular organization. Other parameters that can alter nucleation are nucleation
time, nucleation temperature, and crystal lattice of the nuclei formed.

B. CrystaL GROWTH

Crystal growth occurs when molecules from the liquid phase start to migrate to the crystal surface
[33]. For mixed triacylglycerols, the probability of two molecules crystallizing together will depend
on the structural similarities such as chain length, degree of saturation, configuration of the double
bond, and the position of the fatty acids in the glycerol backbone. For instance, mixed triacylglycer-
ols may crystallize more slowly than pure triacylglycerol forms. Furthermore, cooling and agitation
rate, temperature, and composition of lipid phase can also affect the crystal growth. In addition, the
presence of some minor components might retard crystal growth.

C. POLYMORPHISM

Polymorphism is the ability of a compound to form more than one crystalline structure [33]. The
lipid polymorphism is determined by the coherence force, which results from the exclusion vol-
ume, head group interaction, polarity, and van der Waals forces between hydrocarbon chains. The
main polymorphic forms of triacylglycerols are alpha () form, beta prime (f") form, and beta (f3)
form (Figure 2.4). These packing structures differ in their stability, as the most organized form is
the most stable crystal. The most densely packed forms constitute the  polymorphs. Accordingly,
p form is more stable and closely packed than f’ and o form (Table 2.1). Thus, the p forms have
higher melting point and higher heat of fusion than the a forms. Transformation from a least stable
polymorph to a more stable form can be achieved by slowly increasing the temperature above the
melting point of the least stable form and allowing the liquid to recrystallize at this temperature.

/1) F/

Alpha Beta prime Beta
(Vertical tuning fork form) (Tilted tuning fork form) (Stacked chair form)

FIGURE 2.4 Triacylglycerols polymorphs.
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TABLE 2.1
Physical Features of Triacylglycerols Polymorphs

Alpha Beta Prime

Obtained after rapid cooling of Obtained after slow cooling of

liquid fat liquid fat

— Polymorphic transformation of
the o form

Thermodynamically most unstable ~ Thermodynamically unstable

Lowest melting point Intermediate melting point

Most loosely packed More closely packed

Beta

Obtained after very slow cooling
of liquid fat

Polymorphic transformation of
the f’ form

Most stable form

Highest melting point

Most closely packed

However, this transformation may also take place without melting and in some mixtures of triacyl-
glycerols no p polymorphs may be observed or more than one 8’ polymorph could be identified. For
example, cocoa butter may display two ' forms and two p forms [36] that have slightly different
melting points but present an x-ray spectra that make them fall into one of the categories [33].

IV. CHEMICAL AND ENZYMATIC SYNTHESIS OF ACYLGLYCEROLS

Acylglycerols can undergo a series of chemical reactions including hydrolysis, esterification, inter-
esterification, hydrogenation, and so forth. The structural modifications of oils and fatty acids can
alter the packing behavior of the molecules generating lipids of higher or lower melting point based
on the structural modification of the lipid in question [37]. For instance, fully hydrogenated unsatu-
rated oils will yield a product with a higher melting point and more thermodynamically stable.

A. ALCOHOLYSIS

Alcoholysis, also known as transesterification, is the reaction between an alcohol and an ester [37].
This normally requires the presence of a catalyst to initiate the reaction. The mechanism of this
reaction is displayed in Scheme 2.1. The alcoholysis of triacylglycerols by methanol can generate
fatty acid methyl esters and glycerol. Methyl esters are favorable derivatives in oleochemistry (as
biodiesels) and gas chromatography analysis because they are less reactive and more volatile than
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SCHEME 2.1 Mechanism of triacylglycerols methanolysis.
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fatty acids or triacylglycerols. Furthermore, the development of the process for the production of
methyl esters is of increasing importance due to demand for biodiesels [38]. Alcoholysis of high-
purity triacylglycerols under dry condition can be completed in a few minutes with a strong base
(such as sodium methoxide) as catalyst. The presence of free fatty acids may retard or completely
terminate the reaction if Brgnsted or Lewis acid is added as catalyst. Alcoholysis can also be carried
out using glycerol as the alcohol donor with lipases or base as catalyst and this is called glycerolysis.
Glycerolysis of oils is an important reaction to produce partial glycerides [39]. Monoacylglycerols
and diacylglycerols are important food emulsifiers that are produced through glycerolysis reaction
of oils and fats, followed by fractionation process.

Recently, Guo’s research group reported the enzymatic glycerolysis of sardine oil to produce
monoacylglycerols rich in ®-3 polyunsaturated fatty acids (n-3 PUFAs) [40]. In this work, they com-
bined glycerolysis with molecular distillation to yield the desired monoacylglycerols. The reaction
conditions used were a mole ratio of 3:1 glycerol:sardine oil, a 5% load of lipase based on the mass
of total reactants, 50°C, and 2 h reaction time. In addition, when performing the reaction in larger
scale in a 1 L batch reactor under 200 rpm stirring, approximately the same yields were reached.
Accordingly, the work generated a scalable experimental procedure to obtain omega-3-enriched
monoacylglycerols.

B. INTERESTERIFICATION

Interesterification is the exchanging reaction of two acyl groups between two esters [20,41].
This reversible reaction also requires a catalyst to speed up the reaction to equilibration.
Interesterification is generally used to alter the melting profile of fats, crystalline characteris-
tics, solid fat content, and plasticity. For triacylglycerols, interesterification can take place in an
intramolecular or intermolecular mode and both modes at the same time (Scheme 2.2). The inter-
esterification in the presence of an alcoholate can also generate monoalcohol esters, as in the
methanolysis reaction described earlier (Scheme 2.1). Thus, formed glycerol ion can react with
the acyl group in the adjacent carbon in the glycerol molecule to yield an intermediary cyclic spe-
cies with a negative charge that will promote acyl migration as shown in Scheme 2.2b. However,
this can also take place in an intermolecular mode. Lipase-catalyzed interesterification represents
a more environmentally friendly way that also offers the advantage of region selectivity; for
example, sn-1,3-specific lipases such as Lipozyme TL IM (Thermomyces lanuginosus lipase) will
not, in principle, affect the acyl bond in the sn-2 position of glycerol backbone.

Ifeduba et al. [42] recently reported the enzymatic interesterification to generate low saturated,
zero-trans, interesterified fats with 20% or 30% saturated fatty acids. Accordingly, tristearin or
tripalmitin was initially blended with sunflower oil rich in oleic acid at different ratios (0.1:1, 0.3:1,
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SCHEME 2.2 (a) Intramolecular reaction between a glycerate ion and acylate carbonyl R2; (b) intermolecu-
lar reaction between a glycerate ion and the acylate carbonyl R1 of another triacylglycerol molecule.
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and 0.5:1 [w/w]). By plotting the total composition of the blended mixture against the molar ratio
used, they were able to determine which blended mixture will yield the desired fat. Posteriorly,
they carried out the enzymatic interesterification using Lipozyme TL IM. Based on their results,
the interesterified fat contained 5%—10% more saturated fatty acids in the sn-2 position than the
blended mixture and had broader melting profiles.

C. ESTERIFICATION

Esterification is the reaction of an alcohol with a fatty acid; for example, the reaction of one mole-
cule of glycerol with one to three molecules of fatty acids yields acylglycerols [43,44]. This reaction
can take place in the presence of a catalyst or by activating fatty acid. For example, esterification
can be catalyzed by 1%—5% of a Brgnsted acid or by a Lewis acid (e.g., boron trifluoride etherate).
The mechanism involves the nucleophilic reaction of an alcohol with a protonated carbonyl, fol-
lowed by a rapid exchange of protons between oxygen atoms, and the elimination of a water mol-
ecule (Scheme 2.3). The direct esterification of alcohol with fatty acid is a reversible reaction and
the yield can be improved by increasing the amount of the reactants or by removing the product
(e.g., removal of water). This reaction can be performed in an industrial scale where water may be
removed by distillation.

Another strategy for esterification constitutes the activation of the carbonyl group of a fatty
acid prior to nucleophilic attack by a hydroxyl group [37]. Activating the carbonyl group of a
fatty acid can transform the hydroxyl group into a better leaving group. One of the most used syn-
thetic strategies to activate a carbonyl group is the transformation of a fatty acid into an acyl chlo-
ride. Other strategies involve performing the reaction in the presence of pyridine, which can trap the
generated acid and also act as a cocatalyst by forming an acylium ion, which makes carbonyl more
prone to react with alcohols. However, 4-dimethyl aminopyridine is more effective. Carbodiimide is
also frequently used as a coupling agent to activate carboxylic acid and generate desired ester bond.
Basically, this agent reacts on the diimide to generate an isourea O-acyl that can react with alcohols
yielding the ester product and dialkyl urea (Scheme 2.4).
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SCHEME 2.4 Carbonyl activation by carbodiimide.
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D. TRANSESTERIFICATION

Transesterification refers to the reaction between triacylglycerol and acyl donors (fatty acids or
fatty acid short-chain alcohol ester, e.g., fatty acid ethyl esters). The reaction between triacylglyc-
erols and fatty acids is also called acidolysis [45]. As reviewed elsewhere [46], transesterification
is an important strategy to produce structured lipids. With sn-1,3-specific lipases as biocatalysts,
ABA-type structured lipids can be produced. A typical example is illustrated in Scheme 2.5
where the fatty acid exchange takes place at sn-1,3 positions of glycerol backbone under cataly-
sis by sn-1,3-specific lipase. By applying excessive dosage of external fatty acids, most of the
original fatty acyl groups in sn-1,3 positions of triacylglycerols will be replaced by external acid.
A new type of structured lipids can be produced by the removal of replaced fatty acids and unre-
acted fatty acids with distillation. This reaction has found a variety of applications in producing
milk fat equivalents and low-calorie fats [47].

E. HybproOLYSIS

Hydrolysis is one of the most used reaction procedures in lipids chemistry. Hydrolysis of triacyl-
glycerols involves the cleavage of an ester bond by a water molecule leading to a fatty acid and a
compound containing a hydroxyl group, for example, diacylglycerols, monoacylglycerols, and glyc-
erol [48]. This reaction can take place in acidic, basic, or neutral medium. This reaction is reversible
under acidic or neutral conditions but irreversible under basic conditions. The mechanism of the
reaction in acidic medium is displayed in Scheme 2.6. The solubility of the reagents can determine
the temperature and pressure required for the reaction to proceed. For example, tristearin that is
insoluble in water needs high temperature and pressure to be hydrolyzed. Hydrolysis can also take

o Triolein
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Transesterification e}
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SCHEME 2.5 Transesterification of triolein and capric acid.
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SCHEME 2.6 Mechanism of the hydrolysis of fatty esters.

place through an enzymatic pathway. For instance, lipolytic enzyme and lipase of bacterial and
fungal origin can hydrolyze different lipids and fatty acid esters.

A recent example of using enzymatic approach for the hydrolysis of soybean oil was reported by Li
et al. [25]. A lipase from Rhizopus oryzae (tProROL) produced by recombinant Pichia pastoris was
used for the hydrolysis of soybean to generate diacylglycerols. They found that pH, temperature, water
content, and enzyme concentration could affect reaction progress. The maximal content of diacylglyc-
erols (33.11%) was achieved at a pH of 6.5, 20% water content, enzyme concentration of 30 U/g, 40°C,
and 6 h. During the hydrolysis process, the enzyme displayed 1,3-regioselectivity and high hydrolytic
activity demonstrating the enzyme potential for industrial processing of oils and fats.

F. HYDROGENOLYSIS

Hydrogenolysis is the reduction of carboxylic acids, esters, ketone, aldehydes, acyl chloride, or
unsaturated fatty acid chains into alcohols, aldehydes, or hydrocarbons, depending on the selec-
tivity of the reagents and the solvent used [37]. There are mainly three kinds of reduction agents:
alkali metals, hydrides, and hydrogen in the presence of a metal catalyst. For instance, reduction
of ester, ketone, and aldehydes can take place in the presence of sodium and an alcohol, where an
electron transfer occurs from the metal to the carbonyl as intermediary step for the generation of
the product (Scheme 2.7a). Other popular reagents frequently used to reduce esters include anionic
(e.g., LiAlH,) or neutral (e.g., AIH;) hydride. For example, while anionic hydride transfer a hydride
through a nucleophilic substitution on an activated carbonyl reducing an aldehyde into an alcohol-
ate, neutral hydride transfers a hydride inside a reducing agent-substrate (Scheme 2.7b and c).
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SCHEME 2.7 Multiple mechanisms for the reduction of esters functionalities using Na (a), LIALH, (b), or
AlH; (c) as reduction agent.
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FIGURE 2.5 Structure of three conjugated linoleic acid (CLA) isomers (a) ¢9,t11; (b) t9,t11; and (c) t10,c12.
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SCHEME 2.8 Noncatalytic hydrogenation using hydrazine.

Hydrogenation of double bonds can be full or partial depending on the catalyst used. This can be
carried out in heterogeneous or homogeneous reaction conditions. The former is the most used since
it facilitates the removal of the catalyst. Hydrogenation can proceed as partial hydrogenation and full
hydrogenation. While full hydrogenation yields a fully saturated product, partial hydrogenation may
generate isomerization (e.g., cis — trans) or migration of double bonds. Isomerization or conjugation
reaction for conjugated unsaturated fatty acids/oils is an important reaction to produce biologically
active conjugated linoleic acids (CLAs); for example, the beneficial health effects associated with the
c9,t11; t9,t11; and t10,c12 CLA isomers (Figure 2.5) [49]. The latter can depend on the catalyst and
the operating conditions used. For instance, nickel leads to the formation of more trans isomers than
copper and the use of low temperature can limit the number of trans configuration generated.

Nonetheless, hydrogenation can also take place in a noncatalytic way but with a chemical hydro-
gen donor conferring a higher stereoselectivity [37]. Examples of reagents that can act as hydrogen
donor constitute hydrazine (NH,—NH,), azodicarboxylic acid (HOOC-N=N-COOH), tosylhydra-
zine (CH,—C¢H,—SO,NHNH,), and hydroxylamine (NH,—OH). In this type of reaction, the cis con-
figuration is not shifted and only the ethylenic and acetylenic bonds are reduced by the hydrogen
transfer to sp? carbons (Scheme 2.8).

G. ApbbitioN ReacTioNs TO DousLe BoND

The most common reaction of double bond is the addition reaction. Different reagents, both inor-
ganic and organic, have proved to add to alkene (Scheme 2.9). This reaction is generally exothermic
as the ethylenic pi bond is relatively weak compared to the sigma bond. The most used addition reac-
tions are epoxidation where oxygen is transferred to olefin. Epoxidation of oils and unsaturated fatty
acids is used for the generation of oxiranes valuable for industrial application [50]. Other addition
reactions include halogenation where halogens are added to the ethylenic bond and hydroxylation
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SCHEME 2.9 Examples of addition reactions to double bond.

to generate alcohol. However, halogenation is mostly used for analysis purpose (e.g., to determine
iodine values of unsaturated oils and fats) or to form intermediate products in synthesis.

V. PHOSPHOLIPIDS

Phospholipids are the major constituent lipids in biomembranes [51]. Membranes are the barriers
that constitute the outer boundary of cell (plasma membrane) and the inner compartment (organ-
elles). They are selectively permeable and control the flow of substances in and out of the cell [52].
Membranes are mainly composed of proteins, sugar, and lipids. The phospholipids are generally
organized as a bilayer structure where the protein molecules are totally or partially embedded into
the bilayers (Figure 2.6). Noncovalent interactions keep together the lipids and proteins while sugars
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Sugar attached to [ ) ‘.. ® ®
protein \ : ® ® = “.
o [ X
L4 ..
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)
%

Protein Cholesterol \

Protein

FIGURE 2.6 Graphical representation of a biological membrane. (From Brown, B.S., Biological mem-
branes, The Biochemical Society, http://www.biochemistry.org/portals/O/education/docs/bascO8_full.pdf,
1996, accessed October 10, 2016.)
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FIGURE 2.7 Structure of glycerophospholipids. (a) PC, (b) PE, (c¢) PS, (d) PG, (e) PI, and (f) PA. R! and R?
are fatty acids.

are covalently linked to some of the lipids and proteins within the membranes. Different lipids have
specific functions in the membrane as their structure will determine the molecular organization
influencing membrane fluidity [4].

The most common phospholipids, known as glycerophospholipids, are based on a glycerol
backbone. Glycerophospholipids can be subdivided into distinct classes, based on the nature of
the polar head group at the sn-3 position of the glycerol backbone in eukaryotes and eubacteria or
the sn-1 position in the case of archaebacteria. Accordingly, the different classes of glycerophos-
pholipids are phosphatidylcholine (PC; Figure 2.7a), phosphatidylethanolamine (PE; Figure 2.7b),
phosphatidylserine (PS; Figure 2.7c), phosphatidylglycerol (PG; Figure 2.7d), phosphatidylinositol
(PI; Figure 2.7e), and phosphatidic acid (PA; Figure 2.7f). If the sn-1 position (R! in Figure 2.7)
is hydrolyzed, the corresponding lysophospholipid is formed. A second glycerol unit constitutes
part of the head group in the glycerophosphoglycerols (PG; Figure 2.7d) and glycerophosphoglyc-
erophosphates (Figure 2.8), whereas for the glycerophosphoglycerophosphoglycerols (cardiolipins;
Figure 2.8), a third glycerol unit is typically acylated at the sn-1" and sn-2' positions to create a
pseudo-symmetrical molecule.

VI. PHYSICAL PROPERTIES OF PHOSPHOLIPIDS

The packing behavior of lipids is determined by the intermolecular repulsive and attractive forces
of the polar head group of the lipid [53]. In phospholipids, the hydrogen bonding between hydrogen
bond donor functional group such as -P—OH, —OH, and —NH;* and hydrogen bond acceptor includ-
ing —P—O~ and —COO- can account for the molecular phase transition to go into a hexagonal phase.
If submerged in water, these zwitterionic amphiphilic lipids can assemble to form a bilayer where the
polar head group points toward the water and the hydrophobic tails locate in between the hydrophilic
heads. This bilayer will form sealed compartments, known as liposomes, to eliminate the lipid tails
contact with water (Figure 2.9). Accordingly, liposomes can be absorbed by many cells by interaction
with the cell plasma membrane and used to deliver drugs to specific organs in the body.
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FIGURE 2.9 Representation of a liposome structure.

In membranes, the fluidity of a lipid bilayer depends on temperature, fatty acyl composition, and
cholesterol content [54]. At low temperature, the lipid chains are more closely organized. However,
as temperature increases the lipid bilayer becomes more fluid, forming a more disordered arrange-
ment. The temperature range at which membranes are more rigid is determined by the length of
the fatty acyl chain and the degree of unsaturation. For instance, the temperature at which the
membrane becomes fluid is lower if fatty acid chains are shorter or have more double bonds. In addi-
tion, the membrane fluidity is also dependent on the cholesterol content. For example, eukaryotic
membranes contain one cholesterol molecule per two phospholipid molecules [54]. In membranes,
cholesterol locates in between the phospholipid chain with the hydroxyl group pointing toward the
polar head of phospholipids and the steroid ring in between the lipid chains.

Phospholipids are zwitterionic surfactants that have GRAS (Generally Recognized as Safe) status,
which enables their use in food [55]. For instance, phospholipids can also be used in food nanotech-
nology. Nanotechnologies can encapsulate, protect, and deliver lipophilic ingredients such as omega-3
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FIGURE 2.10 Schematic representation of nanoemulsions’ core shell. (From McClements, D.J. and Rao, J.,
Crit. Rev. Food Sci. Nutr., 51, 285, 2011.)

fatty acids. In addition, the small particle size of these nanoparticles confers higher stability, optical
clarity, and bioavailability. For instance, since nanoparticles such as nanoemulsions poorly scatter
light, they can be incorporated into food products such as fortified drinks that are required to be opti-
cally clear or only slightly turbid [56]. Nanoemulsions contain (1) an oil phase composed of a nonpolar
component such as acylglycerol and free fatty acids, (2) an aqueous continuous phase that mainly
consists of water and other water-soluble components, and (3) an interface between oil/water phases,
consisting of emulsifiers, stabilizers, or surface-active compounds to improve the long-term stabil-
ity of the nanoemulsions (Figure 2.10). Emulsifiers adsorb to droplets’ surface, prompting droplets’
disruption and preventing droplets’ aggregation. The stability of nanoemulsions under environmental
stresses, including heating, cooling, pH changes, and storage is largely influenced by the property of
emulsifiers. In food industry, phospholipids are commonly used as zwitterionic surfactants. However,
natural phospholipids usually require the use of a cosurfactant, the compounds containing a hydrocar-
bon chain and a polar head, to ensure a better stability of nanoemulsions.

Nanoliposome is a type of liposome with the smaller diameter in nano range and is assumed to
offer better encapsulation or controlled release of food material so as to ensure better bioavailability
and stability and longer shelf-life of oxidation-sensitive food ingredients [55]. Nanoliposomes are
formed by the auto-assembly of amphiphilic molecules such as phospholipids when energy is sup-
plied (e.g., heating, sonication). These amphiphilic molecules assemble to shield the hydrophobic
chains from the aqueous environment, while the polar heads maintain contact with the water layer
and when sufficient energy is provided, a closed organized vesicle (nanoliposomes) could be formed
(Figure 2.11). The structural feature of phospholipids responsible for bilayer-forming molecules is
their amphiphilicity, whereas the hydrophobic domain between the bilayer of vesicles enables them
to entrap and deliver lipophilic, hydrophobic, or amphiphilic compounds. Nanoliposomes have
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FIGURE 2.11 Simplified representation of the mechanism of nanoliposome formation. (From Mozafari,
M.R. et al., J. Liposome Res., 18, 309, 2008.)

demonstrated its application potential, particularly when used to encapsulate antimicrobials in food
products to prevent microbial contamination [55].

VII. CHEMICAL AND ENZYMATIC SYNTHESIS OF PHOSPHOLIPIDS

A. CHEMICAL SYNTHESIS OF PHOSPHOLIPIDS

Introducing specific functional groups in phospholipids has become of interest for the generation
of structurally relevant phospholipid derivatives for membrane-associated processes [57]. However,
relying on enzymatic process to cleave the acyl bond and later to introduce new functional group
through chemical reactions limits the yield obtained for the desired products. Therefore, pure
chemical strategies have come into play to address this problem. In this type of synthetic pathway,
glycidyl, protected glycerol, and sn-glycero-phosphatidylcholine (GPC) are common starting mate-
rials used for the synthesis of phospholipids. They can generate mixed chain diacyl phospholipids.
For instance, GPC is used to prepare 1-O-trityl-sn-glycero-3-phosphocholine using trityl chloride
and zinc chloride, and 1-O-trityl-GPC is posteriorly acylated at sn-2 position using oleoyl imid-
azolide [58]. The resulted product is deprotected using boron trifluoride (BF;) and acylated with
palmitic anhydride (Scheme 2.10).

Optically pure diacyl-PCs can be generated using (R)- or (S)-glycidyl tosylate as starting mate-
rial (Scheme 2.11) [59]. Basically, the arene sulfonate works as a protecting group in the sn-3
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SCHEME 2.10 Preparation of phospholipids via 1-lyso-2-acyl-sn-glycero-3-phosphocholine.
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SCHEME 2.12 Preparation of 1-thioester-2-ester-PC.

position, thereby preventing acyl migration from sn-2 position while a Lewis acid—catalyzed reac-
tion takes place to open and acylate the epoxide functionality using fatty acid anhydride and BF;.
Subsequently, the tosylate group can be converted to phosphate ether using sodium iodide and later
silver diphenyl phosphate and the resulting diphenyl phosphate is converted into phosphatidic acid
and posteriorly into phosphatidylcholine using choline tosylate in the presence of trichloroaceto-
nitrile. However, chiral glycidyl is expensive, making the synthesis of optically pure diacyl-PCs
through this methodology impractical.

Other analogues of phospholipids can also be prepared from protected glycidol [60]. For instance,
the 1-thioester-2-ester and 1,2-dithioester-PC can be generated using trityl glycidyl ether as start-
ing material (Scheme 2.12). The ring opening takes place in the presence of thioacid to yield the
thioester at sn-1 position and later acylation occurs at the sn-2 position with acylchloride. After
detritylation, the resulted product can be converted into phosphocholine derivatives using phospho-
rus oxychloride and choline tosylate. Although commercially available, trityloxyglycerols can be
prepared from allyl alcohol or from glycidol.

B. ENzYMATIC SYNTHESIS OF PHOSPHOLIPIDS

Phospholipids can be structurally modified with the appropriate enzymes (Figure 2.12) [61].
Although phospholipases are found ubiquitously in nature, only a few enzymes have been pro-
duced in large scale [62]. Examples of natural enzymes applied for the modification of phospho-
lipids include phospholipases A, (EC 3.1.1.32; PLA)) and A, (EC 3.1.1.4, PLA,) and lipases. These
enzymes can be used for acyl modification purposes. Sn-1,3 lipases can specifically modify position
1 but not sn-2. Only PLA, has demonstrated to be valuable for the latter purpose. For instance, PLA,
hydrolysis yields a 2-acyl lysophospholipid and PLA, hydrolysis produces 1-acyl lysophospholipid.
Phospholipase D (PLD) can modify polar head and phospholipase C (PLC) can hydrolyze the bond
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FIGURE 2.12 Enzymatic modification of phospholipids. (From Xu, X. et al., Enzymatic modification of
phospholipids and related polar lipids, in: Gunstone, E.D., ed., Phospholipid Technolology and Applications,
The Oily Press, 2008, pp. 41-82.)

between glycerol OH and the phosphate group. Accordingly, structured phospholipids with specific
fatty acid composition and polar head group and with desired chemical and physical properties can
be generated by enzyme-catalyzed reactions such as hydrolysis, transesterification, and transphos-
phatidylation [63].

1. Hydrolysis

PLA, has been used for the enzymatic modifications of phospholipids for industrial processes [61].
For instance, PAL, is used in the degumming process of edible oils. Removal of one of the acyl
chains of phosphatidylcholine generates a more hydrophilic compound known as lyso-PC. This com-
pound possesses higher emulsifying properties since the molecule becomes more hydrophilic and
consequently is easy to form oil-in-water emulsions. The enzymatic hydrolysis of naturally occurring
lecithin is one of the processes to generate high amounts of lysophospholipids. Both lipases and phos-
pholipases are useful for this process. Different conditions and enzymes have been used to obtain
lysophospholipids from low to high yields. Recently, Lim et al. [64] reported an experimental pro-
cedure to produce lyso-PC containing high content of unsaturated fatty acids (78% linoleic acid) in
relation to the total content of fatty acids. Accordingly, they optimized different reaction parameters
such as temperature, water content, and enzyme load to increase yield and minimize acyl migration.
Optimal reaction conditions were 10% of water content and 1% of enzyme load based on PC content,
60°C, and 3 h reaction time, under which 84% yield of lyso-PC was obtained [64].

2. Transesterification

Transesterification or replacement of fatty acyl chain by exogenous fatty acids can be performed
using PAL,, PAL,, and lipases. Several parameters including enzyme dosage, water content, sol-
vents, reaction time, temperature, acyl donor, and PL polar head group can influence the reaction
performance [61]. For instance, increasing the fatty acid concentration to perform lipase-catalyzed
esterification or transesterification inhibits hydrolysis and increases the yield of the reaction [65].
Although reaction time needed is independent of fatty acid concentration in esterification reac-
tion, the reaction time has to be increased with fatty acid concentration in transesterification. The
substrate molar ratio used can influence the cost of removal of the fatty acids from the product.
Therefore, a compromise is required to select the substrate mole ratio of the reaction. Water content
also plays an important role on enzyme activity. For instance, PAL, requires a higher water content
than lipases to function and as such yields might be lower since major hydrolysis occurs in parallel
[65]. Other strategies are to use water-mimicking molecules such as ethylene glycol or propylene
glycol that promote esterification by activating the enzyme but do not contribute to hydrolysis.
In addition, if the use of solvent can be avoided, the reaction should be carried out in a solvent-free
system, especially, in the case of organic solvents that can generate hazardous wastes. Still organic
solvents have demonstrated to increase mass transfer. Accordingly, organic solvents lower the vis-
cosity of the system and allow better accessibility of enzyme to substrate. Nonetheless, the polarity
of solvent has strong water solvation effect and thus deactivate enzyme. Therefore, generally used
organic solvents have a log P > 2.
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SCHEME 2.13 Lipase-catalyzed synthesis of feruloylated lysophospholipids.

A recent example of the introduction of functional compound into phospholipids to generate a
new phospholipid derivative was reported by Yang et al. [66]. The authors reported the enzymatic
synthesis of feruloylated lysophospholipids using phosphatidylcholine and ethyl ferulate (EF) as
ferulic acid has demonstrated antioxidant properties (Scheme 2.13). Different lipases and solvents
have been examined, and Novozym 435 and toluene were found to be good starting point for further
optimization. Subsequently, binary solvents were used in combination with toluene and 90:10 (v/v)
of toluene: chloroform afforded the optimal enzyme activity. In addition, the optimal conditions
for the generation of feruloylated lysophospholipids were 60 mg/mL of enzyme load, 1.5 h of PC’s
hydrolytic time, and a molar ratio of 5:1 PC:EF.

Recently, Chojnacka et al. [67] reported the lipase-catalyzed transesterification of egg-yolk phos-
phatidylcholine with pomegranate seed oil (PSO) containing over 77% of conjugated linolenic acid
(punicic acid; 18:3, 9¢,11t,13c). Three different immobilized lipases were used as biocatalyst and
the enzyme load, reaction time, and mole ratio of substrates were optimized. Accordingly, the best
results were obtained when using CALB, 20% of enzyme load, 72 h of reaction time, and a mole
ratio of PC:PSO, 1:3. In addition, the resulted product contained up to 50% of polyunsaturated
fatty acids.

3. Transphosphatidylation

Different from enzymatic modification of fatty acyls in phospholipids, modification of the polar
head group of glycerophospholipids can only be carried out using enzymes in the same cat-
egory as PLD (Scheme 2.14). This modification is generally carried out to increase the content
of one particular phospholipid species (e.g., PS, phosphatidylserine) using phospholipids pres-
ent in lecithin as starting materials [68]. Another type of modification is also performed using
alcohol acceptors (HO—X; Figure 2.13) to generate phosphatidyl derivatives of drugs such as
genipin, ascorbic acid, and arbutin with different physicochemical properties. In addition, it
can also be used to prepare novel derivatives such as alkylphosphate ester of potential pharma-
ceutical value [61].
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SCHEME 2.14 Enzymatic transphosphatidylation of phosphatidylcholine using water or an alcohol acceptor.

VII. SEPARATION, ANALYSIS, AND CHARACTERIZATION
OF LIPIDS AND PHOSPHOLIPIDS

Multiple techniques are used for separation, analysis, and characterization of acylglycerols and
phospholipids. The main reasons for lipid analysis and characterization are to ensure food quality,
identify and prevent lipid-oxidation products, and optimize processing [69]. Well-known and highly
used techniques for lipid analysis are TLC, HPLC, and GC. However, to investigate the structural
features and physical properties of lipids, nuclear magnetic resonance spectroscopy (NMR), differ-
ential scanning calorimetry (DSC), Fourier transform infrared (FTIR), and x-ray diffraction studies
are also required. The combination of multiple techniques enables the isolation and determination
of physicochemical features of a lipid. Consequently, the use of multiple techniques helps to disclose
the specific functionalities pertaining to acylglycerols or phospholipids.

A. SEPARATION OF ACYLGLYCEROLS AND PHOSPHOLIPIDS

Several separation techniques are available today to enrich, isolate, or purify lipids and phospholip-
ids. These techniques can be used to modify the properties of lipids. For instance, palm oil, milk fat,
and palm-kernel oil can be fractionated by crystallization to generate different functional lipids [70].
The most used techniques for lipid separation in industrial-relevant scale are crystallization, fraction-
ation, and short path distillation (SPD). In the case of SPD, also known as molecular distillation, it is a
thermal separation technique that operates at pressure down to 0.001 mbar that allows the separation
of heat-sensitive and high-boiling-point products minimizing thermal stress and product decompo-
sition. Figure 2.14 displayed an example of the use of this technique for the separation of different
acylglycerol products from the glycerolysis of sardine oil [40]. In laboratory scale, the techniques
mainly used are preparative thin-layer chromatography (PTLC) and column chromatography. In
both techniques, lipids and phospholipids are isolated based on their polarity. However, PTLC allows
the isolation of lipids in milligrams scale. In contrast, column chromatography can be used both
from the mg to the industrial scale. However, column chromatography is avoided in food industry
due to the use of large quantity of organic solvent that may be needed during the purification process.

B. ANALYSIS OF ACYLGLYCEROLS AND PHOSPHOLIPIDS

The main techniques used for qualitative and quantitative analyses of lipids in a mixture of lipids
are TLC, HPLC, and GC. These techniques separate lipids based on their affinity to a stationary
and a mobile phase. However, these techniques rely on the detection technique used. For instance,
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FIGURE 2.14 Representation of the molecular distillation of the product of glycerolysis of sardine oil at
selected temperatures, where D and R stand for distillate and residue, respectively. A, Sardine oil + glycerol +
t-pentanol; B, TAG, DAG, MAG, FFA, glycerol; R1, TAG, DAG, MAG; D1, glycerol, FFA; R2, TAG, DAG;
D2, MAG. (From Solaesa, AG. et al., Food Chem., 190, 960, 2016.)

GC-FID (FID: flame ionization detector) helps measure the concentration of lipids in a sample of
interest, while GC-MS (MS: mass spectroscopy) both measures concentrations and provides infor-
mation regarding the structure of the lipids in the same sample.

1. Thin-Layer Chromatography

TLC is a technique in which compounds are separated based on their affinity to an absorbent mate-
rial (stationary phase), typically silica gel. Kahovcova and Odavi¢ developed a rapid, simple, and
reproducible method for the quantitative determination of phospholipids by TLC [71]. After separa-
tion, each phospholipid class was detected by spraying 50% (w/w) sulfuric acid, direct mineraliza-
tion at high temperature and subsequent determination of the liberated inorganic phosphate with the
Hand and Luckhaus reagent. Chloroform—methanol-water (65:25:4, v/v/v) was used as developing
solvent. However, in this report only PC, lyso-PC, and PE were involved, meaning that the separa-
tion was easier than more complex samples.

For separation of more complex samples, 2D TLC is required. One example was reported
by Parsons and Patton [72]. They selected chloroform—methanol-water—-28% aqueous ammonia
(130:70:8:0.5) in the first dimension development, followed by chloroform—acetone—methanol-
acetic acid—water (100:40:20:20:10) in the second. The resultant chromatogram is shown in Figure
2.15a. Another example of the use of 2D-TLC for the determination of phospholipids is the work
reported by Rouser et al. [73]. They used chloroform—methanol-28% aqueous ammonia (65:25:5)
for first dimension development. Later, the chromatograms were dried for about 10 min in a TLC
chamber flushed with nitrogen and then developed in the second dimension with chloroform—
acetone—methanol-acetic acid—water (3:4:1:0.5). The resulting chromatograms are shown in
Figure 2.15b and c.

TLC is a separation method, meaning it cannot quantify the content directly. Thus, several dif-
ferent quantification methods are developed such as FID (i.e., TLC-FID and high-performance
TLC-FID) and colorimetric method to quantify, for instance, phosphorus content of individual spot
scraped from the developed plate. The main drawbacks of TLC-based methods are that they are
time-consuming and involve multisteps of operation. However, it is an accurate method and is rec-
ommended as the AOCS standard method.

2. High-Performance Liquid Chromatography

Similar to TLC, HPLC method also includes two main parts, namely, separation and detection.
Both are very critical steps in the analysis of lipids and phospholipids by HPLC. If separation is not
good enough, it is not possible to quantify different classes of phospholipids. On the one hand, sepa-
ration can be carried out using either normal-phase or reversed-phase columns. The latter is capable
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FIGURE 2.15 Two-dimensional thin-layer chromatography (TLC) of bovine milk polar lipids (a) and
mammary tissue total lipids (b). The chromatograms were developed from right to left with chloroform—
methanol-water—28% aqueous ammonia 130:70:8:0.5 and then in the vertical direction with chloroform—
acetone—methanol-acetic acid—water 100:40:20:20:10. O, origin; S, carbohydrate (lactose) and protein; Sp,
sphingomyelin; PC, phosphatidylcholine; PS, phosphatidylserine; PI, phosphatidylinositol; PE, phosphatidyl-
ethanolamine; CDH, cerebroside dihexoside; CMH, cerebroside monohexoside; FFA, free fatty acids; NL,
neutral lipid; and unknown substances listed as X1 and X2. X2 has been tentatively identified as cardio-
lipin. (c) Two-dimensional TLC of normal human (23-year-old male) whole brain lipids. LPL, less polar lipid
(cholesterol, triacylglycerol, etc.); CN and CH, cerebroside with normal and hydroxy fatty acids; SN and
SH, sulfatide with normal and hydroxy fatty acids; PE, phosphatidylethanolamine; PC, phosphatidylcholine;
PS, phosphatidylserine; PI, phosphatidylinositol; LPE, lysophosphatidylethanolamine; PA, phosphatidic acid;
Sph, sphingomyelin; DPG, diphosphatidylglycerol.

of separating different molecular species within the same lipid class. On the other hand, as lipids
and phospholipids are eluted out of the column, they can be detected through several types of detec-
tors. There are different HPLC detection techniques. However, they have to be selected based on the
mixture of lipids or phospholipids that are analyzed by HPLC. Ultraviolet (UV) detectors working
with fixed or variable wavelengths are commonly used in HPLC. However, lipids possess weak
UV absorption or none at all. Therefore, some mass detectors, such as evaporative light-scattering
detector (ELSD), are generally used instead. In the latter detection mechanism, the eluents from
the column pass through a nebulizer, and the formed droplets are evaporated from the nonvolatile
analytes, which are detected as particles by a light-scattering device. Any solvents can be used for
this detector. Recently, a relatively new detector, charge aerosol detector (CAD) has been proven to
show greater sensitivity and better precision than ELSD. Additionally, CAD is quite user-friendly
since it does not require any optimization of operating parameters [74].

In general, “normal-phase” chromatography is used when different PL classes have to be sep-
arated. A highly common method for the analysis of phospholipid consists of the use of silica
normal-phase Zorbax Rx-SIL (Agilent-Technologies) for separation [74,75]. In this method, a lin-
ear binary gradient: t, min: 0%B, t,, 100%B, and finally isocratic conditions (100%B) for 9 min
was employed. Total chromatographic run time was 40 min per sample, which consisted of a
23 min analysis, 12 min to restore initial conditions, and 5 min for re-equilibration. Eluent A:
CHCI;:MeOH:30% ammonium hydroxide (80:19:0.5) and eluent B: CHCl;:MeOH:30% ammonium
hydroxide:H,O (60:34:0.5:5.5) are used at a flow rate of 1 mL/min. In addition, a Sedex ELSD
detector is used for signal detection. For instance, Avalli and Contarini [75] found these conditions
to be optimal for the separation of PE, PI, PS, PC, and SM. However, Stith et al. [76] found that these
HPLC conditions yield a varying baseline and did not separate certain phospholipids well such as
PI or PS from PC. Therefore, they developed another gradient elution strategy to solve the problem.
Three eluents were introduced and finally the separation was optimized. The result, indicating well
separation of each class of phospholipids, is shown in Figure 2.16.
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FIGURE 2.16 Separation of lipid standards by the heated diol column and three-pump high-performance
liquid chromatography (HPLC) system in the Avanti Polar Lipids analytical laboratories. The abscissa rep-
resents time (min), whereas the ordinate presents the evaporative light-scattering detector (ELSD) response
(uV). TG, CH, FA, PG, CA, PE, soy PI, LPE, PS, PC, SM, PA, and LPC (20 pg of each standard in a total vol-
ume of 20 uL) were injected. Note that, as is commonly found, neutral lipids produce a larger ELSD response
than phospholipids or SM.

For the analysis of acylglycerol, reversed-phase HPLC is generally used instead. In this
technique, the stationary phase is an n-alkyl hydrocarbon chain or aromatic ring immobilized on
the chromatography support. Reverse-phase HPLC is a useful technique for the analysis of hydro-
phobic molecules including lipids, proteins, peptides, and nucleic acids with excellent recovery
and resolution [77]. The resolution of the chromatograms may be determined by (1) the hydro-
phobic interaction of the solute molecules in the mobile phase with the stationary phase and
(2) the desorption of the solute from the stationary phase back into the mobile phase. This type of
chromatography uses generally gradient elution instead of isocratic elution. For lipid analysis, the
lipophilic stationary phase in the column retards and separates lipophilic molecules depending
on the combination and structure of the fatty acyl groups. The methylene groups in the chain con-
tribute to an increasing retention time and the double bonds have the opposite effect, decreasing
retention time. Accordingly, this technique can also be used for the differentiation of PLs with
varying fatty acid composition.

3. Gas Chromatography

GC partitions a lipid mixture between a nonvolatile stationary liquid phase and a mobile gas
phase, which is generally nitrogen or helium for packed columns and helium or hydrogen for
capillary columns. Through GC technique, it is possible to analyze the fatty acid composition
of any given lipids or phospholipids. Analysis of the fatty acid composition of a sample by
GC generally requires the transformation of fatty acids into fatty acid methyl esters to yield
more volatile compounds. The different fatty acids are first separated on GC columns and later
detected by FID. GC-FID determines the fatty acids composition based on the comparison of
the retention times displayed in the chromatogram with those obtained by reference samples.
Instead, for structure elucidation GC coupled to a mass spectrometer (GC-MS) is the technique
required since it provides information regarding molecular structure. However, to determine
the distribution of the fatty acid in the glycerol backbone, the use of multiple techniques will be
needed. For instance, mixture of sn-1 and sn-2 monoacylglycerols has to be separated by TLC
and later analyzed by GC-FID. Figure 2.17 is an example of a GC chromatogram of seed oil of
Cassia artemisioides [78].
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FIGURE 2.17 Gas chromatogram of seed oil of Cassia artemisioides. HA, hexanoic acid; CA, caprylic
acid; MA, myristic acid; PeA, pentadecanoic acid; PA, palmitic acid; MaA, margaric acid; SA, stearic acid;
OA, oleic acid; OcA, octadecenoic acid; LA, linoleic acid (w-6); AA, arachidic acid; BA, behenic acid. (From
Qureshi, M.N. et al., J. Food Sci. Technol., 52, 7530, 2015.)

C. CHARACTERIZATION OF LipiDs AND PHOSPHOLIPIDS

1. NMR

NMR is definitely a quantitative spectroscopic tool because the intensity of a resonance line is
directly proportional to the number of resonant nuclei (spins). This fact enables a precise determi-
nation of the quantity of substances in solids as well as in liquids. For example, 'H-NMR is a very
useful technique for the structural characterization and quantification of lipids (http://lipidlibrary.
aocs.org/nmr/INMRintr/index.htm). This technique can work for the characterization of mixture of
oils without prior isolation of individual components [79]. The chemical shifts obtained are based
on the structure of the functional group containing the proton(s) and the intensity of the signals
indicates the molar percentage of each component in the studied system. Recently, this technique
demonstrated to be novel approach for the determination of glycidyl fatty acid esters, which are
contaminants of refined oils and fats that can generate a carcinogenic molecule called glycidol dur-
ing the digestion process [80]. The quantification formula developed relied on the signal expected
for the two epoxy methylene (CH,) protons at chemical shifts 2.56 and 2.76 ppm. This technique
provides a new and very useful approach for the detection of GDE in edible oils (Figure 2.18).
Although 'H-NMR is the most exploited technique due to 'H nucleus abundance in an organic
molecule, 3P-NMR and *C-NMR are of increased interest because they can help solve specific
problems in food science. For instance, 3P-NMR can determine the phospholipid content in milk
because phospholipids present a polar head group containing a phosphorus atom. Since phosphorus
atom can be detected and quantified by 3'P-NMR, it becomes possible to quantify the amount and
kind of phospholipids in a mixture. Figure 2.19 displays a 3P-NMR spectrum of commercial leci-
thin in CHCI1,/CH,OH/H,O-EDTA (10/4/1). Accordingly, the signal corresponding to the phospho-
rus atom in different phospholipid classes can be distinguished as each displays different chemical
shifts. The latter permits the quantification of phospholipids of a sample of interest.
One-dimensional 3'P-NMR is no doubt a powerful tool for quantitative and qualitative anal-
yses of some simple phospholipids samples. In this method, standards need to be prepared and
run to help assign the peaks to individual phospholipid species. It is of high cost firstly and also
some metabolites do not even have a commercial standard. Thus, an automatic method for the
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FIGURE 2.18 'H-NMR of a glycidyl palmitate. (From Song, Z. et al., Eur. J. Lipid Sci. Technol., 117, 1,
2015.)
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FIGURE 2.19 *P-NMR (121.5 MHz) of commercial lecithin in CHCl,/CH,OH/H,O-EDTA (10/4/1).

identification and quantification of phospholipids in complex lipid mixtures from 2D 'H-3'P NMR
was developed [81]. In this method, 3'P intensities are used to quantify the phospholipid species of
interest, while '"H chemical shifts are used to assign the peaks. With the aid of this technique, no
standards are needed and a global map of phospholipids can be obtained in a short time and with
sufficient accuracy. Figure 2.20 shows the 2D NMR spectra of approximately 10 different 3'P sig-
nals in the range 0-2 ppm. The corresponding traces in the "H dimension typically show up to 10
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FIGURE 2.20 Contour plot of a 2D 'H-'P TOCSY spectrum of a lipid mixture with assignment of the dif-
ferent signals. The bands represent the lipids identified during the peak picking, and the individual peaks are
highlighted by magenta dots. The width of the bands illustrates that the peak positions may fluctuate in the
3P dimension because of their imperfect line shapes or overlap with neighboring peaks. Both the chemical
shifts and the intensity distribution in the 'H dimension are important observables for a reliable peak picking
algorithm. The band labeled UI (unidentified) represents signals that do not match any entries in the database.
LPCI1, 1-lysophosphatidylcholine; PI, phosphatidylinositol; LPC2, 2-lysophosphatidylcholine; GPC, glycero-
phosphorylcholine; PE, phosphatidylethanolamine; NAP, N-acyl phosphatidylethanolamine; LPE, 1-lysophos-
phatidylethanolamine; GPE, glycerophosphorylethanolamine. (From Balsgart, N.M. et al., Anal. Chem., 88,
2170, 2016.)

resonances from the different hydrogen atoms in the vicinity of the phosphorus atoms in the lipids.
With combination of all information, the individual phospholipid can be identified and quantified.
This modern technique will attract more and more attention in phospholipid analysis.

2. Fourier Transform Infrared Spectroscopy

FTIR is a technique that can be used to elucidate the chemical structure of a lipid. Table 2.2 displays
typical signals expected based on chemical structure. In addition, FTIR can be used for quantifica-
tion. In fact, FTIR demonstrated to be useful to determine the total phospholipid content in vegeta-
ble oil. Nzai and Proctor [82] found a linear relationship between the concentration of phospholipids
and the area of the band from 1200 to 970 cm™'. Accordingly, they used phospholipid absorption
bands between 1200 and 970 cm™!' (P—O—C + PO, chemical bonds) for quantification.

FTIR is a relatively rapid and reliable method that can potentially provide substantial savings
in the fats and oils industry in terms of time and labor. Another advantage of this method is that
only a very small amount of solvent or no solvent is needed to run the analysis. However, the main
drawback of this method is the vibration due to interference from other nonphospholipid compo-
nents. Additionally, only total phospholipid content can be obtained by using this method. Recently,
Meng et al. [83] quantified the total phospholipid content in edible oils by in-vial solvent extraction
coupled with FTIR analysis. They found that the second-derivative differential spectra were bet-
ter than the differential spectra. Various bands were used to investigate the linear regression, and
finally, the asymmetric phosphate diester PO, stretching band at 1243 cm™' in second-derivative
spectra was regarded to be sufficient for the accurate measurement of total phospholipids with
minimal co-extracted triacylglycerol interferences being encountered.
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TABLE 2.2
Mid-Infrared Phospholipid Band Assignments

Wavenumber (cm-)

Assignments

970 Asymmetric C-N stretching of (CH;)N*
1025 Symmetric ester C-O—P stretch
1068 Asymmetric ester C—O—P stretch in C—-O-PO,~
1037 Symmetric ester C—O stretch in C=0-0-C
1173 Asymmetric C-O stretch in C=0-0-C
1090 Symmetric phosphate diester stretch PO,~
1243 Asymmetric phosphate diester PO, stretch
1376 Symmetric CH, bending vibration
1451 8 CH, bending vibration
1740 C=O0 stretch

Source: Meng, X. et al., J. Agric. Food Chem., 62,3101, 2014.

FTIR can also provide information regarding the molecular organization of lipid chains.
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This technique can be used to determine the interactions of the head groups and, consequently, yield
information regarding the intra- and intermolecular interaction of the study system. FTIR spectra of

a lipid sample can determine how well the lipid chains are packed in the system [84]. For instance,

if the CH, scissoring is split in two bands, a doublet is expected between 1450 and 1500 cm™!

(Figure 2.21). The latter suggests the presence of a well-organized system forming orthorhombic

packing. However, if no splitting is observed but instead the FTIR spectra display a singlet in the
scissoring region, molecules are less organized forming a hexagonal packing. In addition, FTIR
can also provide information regarding the stability of a system versus temperature. The latter can
be measured by collecting the spectra of a specific sample at different temperatures, and when an
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FIGURE 2.21 An example of a Fourier transform infrared (FTIR) spectrum.
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increase of the frequency in the region between ~2850 and ~2920 cm™! is registered, a transition
from a more organized to a less organized system can be recorded.

3. X-Ray Diffraction

X-ray can be used to characterize the packing and phase behavior of lipids as it can provide information
about the interaction of hydrocarbon chains [85]. One of the most used x-ray techniques is wide angle
x-ray diffraction (WAXD) [86]. WAXD can detect electron density fluctuations and these fluctuations
are related to the characteristic length of the crystalline structure by Bragg’s law (Equation 2.1) where
d represents the length, 0 is the scattering angle, and A is the wavelength of the beam. Accordingly, the
shape and dimensions of the crystalline lattice are determined by the direction of the diffraction beam.
This technique is sensitive to small structural changes, nondestructive, and can have high penetration
in organic systems. X-ray techniques are of special importance for the characterization of lipids used
to generate lipid nanoparticles for food application as the crystalline structure of these lipids will play
arole in determining stability and digestibility of these nanosystems.

2dsin® =\ 2.1

Other x-ray technique constitutes small-angle x-ray scattering (SAXS). The latter can provide infor-
mation on the structure of complex food materials, for instance, hen-egg yolk and oil-in-water
emulsions containing lipids and proteins. Recently, Reinke et al. [87] used microfocus SAXS to
investigate the migration pathway of oil in different cocoa matrixes (Figure 2.22) as one of the
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FIGURE 2.22 Microfocus small-angle x-ray scattering (SAXS) curves dry powders before migration of
oil started. (a) Skim milk powder; (b) cocoa butter; (c) skim milk powder with cocoa butter; (d) sucrose with
cocoa butter; (e) cocoa powder. (From Reinke, S.K. et al., ACS Appl. Mater. Interfaces, 7, 9929, 2015.)
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FIGURE 2.23 Differential scanning calorimetry (DSC) melting and crystallization curve of refined—
bleached—deodorized palm oil. (From Tan, C.P. and Che Man, Y.B., Food Chem., 76, 89, 2002.)

major problems in chocolate production is the formation of white defects on the chocolate surface,
also known as chocolate blooming [87]. Accordingly, the results suggested that the oil first migrates
into the pores and crack and later chemical migration takes place through the fat phase prompting
softening and partial dissolution of the crystalline cocoa butter. Therefore, this process could be
prevented by decreasing porosity and defects in the chocolate matrix.

4. Differential Scanning Calorimetry

DSC provides information regarding lipids’ molecular organization and polymorphism by cool-
ing and heating of a lipid sample to break down the lipids’ crystalline structure. It measures
the thermal behavior of a sample, helping to establish the link between the temperature and the
physical properties of a material. DSC can determine phase transitions, melting point, heat of
fusion, oxidative stability, percent of crystallinity, and crystallization kinetics. Basically, energy
is simultaneously applied to a sample cell (e.g., containing solid sample) and a reference cell
(e.g., empty cell) and the temperature increased identically over time. The difference between
the energy required for cells to be at the same temperature will be the amount of heat absorbed
or released by the sample of interest. Since more energy is required to heat the sample cell to the
same temperature as the reference cell, this can translate into heat excess [88]. Accordingly, the
conformation of the lipid chains will determine the sharpness, position, and shape in DSC scan
curve. Figure 2.23 displays the DSC melting and crystallization curves of refined—bleached—
deodorized (RBD) palm oil [89].

IX. SUMMARY

Acylglycerols and phospholipids are molecules encountered in daily life; as such, understanding
the chemical and physical features of these compounds is of high relevance to the scientific com-
munity. This chapter presented the chemical structure of different classes of lipids and phospholip-
ids, and it discussed the most used chemical and enzymatic reactions to modify and obtain these
compounds. It also addressed the role of phospholipids in membranes fluidity and explained the
molecular structure of lipids and phospholipids and their self-assembled structures. It described
the relevance of this self-assembly structures in food application such as in the case of nanotech-
nologies, which are generally used to encapsulate ingredients sensitive to oxidation, for example,
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some essential polyunsaturated fatty acids. In addition, it presented different enzymatic and chem-
ical approaches for the synthesis of lipids and phospholipids with desired physicochemical prop-
erties. Furthermore, the chapter covered the main techniques used for the separation, analysis,
and characterization of lipids and phospholipids. Specifically, advantages and disadvantages of
each analytical method are compared. For instance, although TLC is relatively inexpensive and
straightforward to perform, it is not a good method for separation in large scale. In addition, lipids
characterization involves the use of multiple techniques to elucidate the packing behavior, crys-
tal structure, and stability of crystal. For example, though the use of NMR and FTIR provides
information regarding the structural features of the lipids and can help to quantify lipid content,
DSC and x-ray are the techniques most used to elucidate the packing behavior of these molecules.
Overall, this chapter offered well-rounded background for the synthesis and characterization of
relevant lipids for food application.
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I. INTRODUCTION

Many natural and processed foods exist either partly or wholly as emulsions or have been in an
emulsified state at some time during their existence [1-5]. Milk is the most common example of a
naturally occurring food emulsion [6]. Mayonnaise, salad dressing, cream, ice cream, butter, and
margarine are all examples of manufactured food emulsions. Powdered coffee whiteners, sauces,
and many desserts are examples of foods that were emulsions at one stage during their production
but subsequently were converted into another form. The bulk physicochemical properties of food
emulsions, such as appearance, texture, and stability, depend ultimately on the type of molecules
the food contains and their interactions with one another. Food emulsions contain a variety of ingre-
dients, including water, lipids, surfactants, proteins, carbohydrates, minerals, preservatives, colors,
and flavors [3]. By a combination of covalent and physical interactions, these ingredients form the
individual phases and structural components that give the final product its characteristic physico-
chemical properties [7]. It is the role of food scientists to untangle the complex relationship between
the molecular, structural, and bulk properties of foods so that foods with improved properties can
be created in a more systematic fashion.

Il. EMULSIONS

An emulsion is a dispersion of droplets of one liquid in another liquid with which it is incompletely
miscible [1,8]. In foods, the two immiscible liquids are oil and water. The diameter of the droplets
in food emulsions is typically within the 100 nm to 100 pm range [2,3]. A system that consists of
oil droplets dispersed in an aqueous phase is called an oil-in-water (O/W) emulsion. A system that
consists of water droplets dispersed in an oil phase is called a water-in-oil (W/O) emulsion. The
material that makes up the droplets in an emulsion is referred to as the dispersed or internal phase,
whereas the material that makes up the surrounding liquid is called the continuous or external
phase. Multiple emulsions can be prepared that consist of oil droplets contained in larger water
droplets, which are themselves dispersed in an oil phase (O/W/O) or vice versa (W/O/W). Multiple
emulsions can be used for protecting certain ingredients, for controlling the release of ingredients,
or for creating low-fat products [9].

Emulsions are thermodynamically unstable systems because of the positive free energy required
to increase the surface area between the oil and water phases [3]. The origin of this energy is the
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FIGURE 3.1 Emulsions are thermodynamically unstable systems that tend to revert back to the individual
oil and water phases with time. To produce an emulsion, energy must be supplied.

unfavorable interaction between oil and water, which exists because water molecules are capable of
forming strong hydrogen bonds with other water molecules but not with oil molecules [8,9]. Thus
emulsions tend to reduce the surface area between the two immiscible liquids by separating into a
system that consists of a layer of oil (lower density) on top of a layer of water (higher density). This
is clearly seen if one tries to homogenize pure oil and pure water together: initially, an emulsion is
formed, but after a few minutes phase separation occurs (Figure 3.1).

Emulsion instability can manifest itself through a variety of physicochemical mechanisms,
including creaming, flocculation, coalescence, partial coalescence, Ostwald ripening, and phase
inversion (Section VI). To form emulsions that are kinetically stable for a reasonable period
(a few weeks, months, or even years), chemical substances known as emulsifiers must be added
prior to homogenization. Emulsifiers are surface-active molecules that adsorb to the surface of
freshly formed droplets during homogenization, forming a protective membrane that prevents the
droplets from coming close enough together to aggregate [3]. Most food emulsifiers are amphiphilic
molecules, that is, they have both polar and nonpolar regions on the same molecule. The most com-
mon types used in the food industry are lipid-based emulsifiers (small-molecule surfactants and
phospholipids) and amphiphilic biopolymers (proteins and polysaccharides) [2,3]. In addition, some
types of small solid particles are also surface active and can act as emulsifiers in foods, for example,
granules from egg or mustard.

Most food emulsions are more complex than the simple three-component (oil, water, and emulsi-
fier) system described earlier [3,5,9]. The aqueous phase may contain water-soluble ingredients of
many different kinds, including sugars, salts, acids, bases, surfactants, proteins, polysaccharides,
flavors, and preservatives [1]. The oil phase may contain a variety of lipid-soluble components,
such as triacylglycerols, diacylglycerols, monoacylglycerols, fatty acids, vitamins, cholesterol, and
flavors [1]. The interfacial region may be composed of surface-active components of a variety of
types, including small-molecule surfactants, phospholipids, polysaccharides, and proteins. It should
be noted that the composition of the interfacial region may evolve over time after an emulsion is
produced, due to competitive adsorption with other surface-active substances or due to adsorption
of oppositely charged substances, for example, polysaccharides [la]. Some of the ingredients in
food emulsions are not located exclusively in one phase but are distributed between the oil, water,
and interfacial phases according to their partition coefficients. Despite having low concentrations,
many of the minor components present in an emulsion can have a pronounced influence on its bulk
physicochemical properties. For example, addition of small amounts (~few mM) of multivalent
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mineral ions can destabilize an electrostatically stabilized emulsion [1]. Food emulsions may consist
of oil droplets dispersed in an aqueous phase (e.g., mayonnaise, milk, cream, soups), or water drop-
lets dispersed in an oil phase (e.g., margarine, butter, spreads). The droplets and/or the continuous
phase may be fluid, gelled, crystalline, or glassy. The size of the droplets may vary from less than
a micrometer to a few hundred micrometers, and the droplets themselves may be more or less poly-
disperse. In addition, many emulsions may contain air bubbles that have a pronounced influence on
the sensory and physicochemical properties of the system, for example, ice cream, whipped cream,
and desserts [1].

To complicate matters further, the properties of food emulsions are constantly changing with
time because of the action of various chemical (e.g., lipid oxidation, biopolymer hydrolysis), physi-
cal (e.g., creaming, flocculation, coalescence), and biological (e.g., bacterial growth) processes. In
addition, during their processing, storage, transport, and handling, food emulsions are subjected
to variations in their temperature (e.g., via sterilization, cooking, chilling, freezing) and to various
mechanical forces (e.g., stirring, mixing, whipping, flow through pipes, centrifugation high pres-
sure) that alter their physicochemical properties. Despite the compositional, structural, and dynamic
complexity of food emulsions, considerable progress has been made in understanding the major
factors that determine their bulk physicochemical properties.

l1l. LIPID-BASED EMULSIFIERS

A. MoLEcULAR CHARACTERISTICS

The most important types of lipid-based emulsifier used in the food industry are small-molecule
surfactants (e.g., Tweens, Spans, monoglycerides, diglycerides, and modified fatty acids) and
phospholipids (e.g., lecithin). The principal role of lipid-based emulsifiers in food emulsions is to
enhance the formation and stability of the product; however, they may also alter the bulk physico-
chemical properties by interacting with proteins or polysaccharides or by modifying the structure
of fat crystals [1,9]. All lipid-based emulsifiers are amphiphilic molecules that have a hydrophilic
“head” group with a high affinity for water and lipophilic “tail” group with a high affinity for
oil [1,8,10,11]. These emulsifiers can be represented by the formula RX, where X represents the
hydrophilic head and R the lipophilic tail. Lipid-based emulsifiers differ with respect to type of
head group and tail group. The head group may be anionic, cationic, zwitterionic, or nonionic. The
lipid-based emulsifiers used in the food industry are mainly nonionic (e.g., monoacylglycerols,
sucrose esters, Tweens, and Spans), anionic (e.g., fatty acids), or zwitterionic (e.g., lecithin). The
tail group usually consists of one or more hydrocarbon chains, having between 10 and 20 carbon
atoms per chain. The chains may be saturated or unsaturated, linear or branched, aliphatic and/or
aromatic. Most lipid-based emulsifiers used in foods have either one or two linear aliphatic chains,
which may be saturated or unsaturated. Each type of emulsifier has unique functional properties
that depend on its chemical structure.

Lipid-based emulsifiers aggregate spontaneously in solution to form a variety of thermodynam-
ically stable structures known as association colloids (e.g., micelles, bilayers, vesicles, reversed
micelles) (Figure 3.2). These structural types are adopted because they minimize the unfavorable
contact area between the nonpolar tails of the emulsifier molecules and water [10]. The type of asso-
ciation colloid formed depends principally on the polarity and molecular geometry of the emulsifier
molecules (Section III.C.3). The forces holding association colloids together are relatively weak,
and so they have highly dynamic and flexible structures [8]. Their size and shape are continu-
ally fluctuating, and individual emulsifier molecules rapidly exchange between the micelle and the
surrounding liquid. The relative weakness of the forces holding association colloids together also
means that their structures are particularly sensitive to changes in environmental conditions, such
as temperature, pH, ionic strength, and ion type. Surfactant micelles are the most important type
of association colloid formed in many food emulsions, and we focus principally on their properties.
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FIGURE 3.2 Association colloids formed by surfactant molecules: (a) micelles; (b) vesicles; (c) bilayers; and
(d) reverse micelles.

B. FuNcTIONAL PROPERTIES

1. Critical Micelle Concentration

A surfactant forms micelles in an aqueous solution when its concentration exceeds some critical
level, known as the critical micelle concentration (cmc). Below the cmc, surfactant molecules are
dispersed predominantly as monomers, but once the cmc has been exceeded, any additional sur-
factant molecules form micelles, and the monomer concentration remains constant. Despite the
highly dynamic nature of their structure, surfactant micelles do form particles that have a well-
defined average size. Thus, when surfactant is added to a solution above the cmc, the number of
micelles increases, rather than their size. When the cmc is exceeded, there is an abrupt change in
the physicochemical properties of a surfactant solution (e.g., surface tension, electrical conductivity,
turbidity, osmotic pressure) [12]. This is because the properties of surfactant molecules dispersed as
monomers are different from those in micelles. For example, surfactant monomers are amphiphilic
and have a high surface activity, whereas micelles have little surface activity because their surface
is covered with hydrophilic head groups. Consequently, the surface tension of a solution decreases
with increasing surfactant concentration below the cmc but remains fairly constant above it.

2. Cloud Point

When a surfactant solution is heated above a certain temperature, known as the cloud point, it
becomes turbid. As the temperature is raised, the hydrophilic head groups become increasingly
dehydrated, which causes the emulsifier molecules to aggregate. These aggregates are large enough
to scatter light, and so the solution appears turbid. At temperatures above the cloud point, the aggre-
gates grow so large that they sediment under the influence of gravity and form a separate phase. The
cloud point increases as the hydrophobicity of a surfactant molecule increases; that is, the length of
its hydrocarbon tail increases or the size of its hydrophilic head group decreases [13,14].

3. Solubilization

Nonpolar molecules, which are normally insoluble or only sparingly soluble in water, can be
solubilized in an aqueous surfactant solution by incorporation into micelles or other types of
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association colloid [9]. The resulting system is thermodynamically stable; however, equilibrium
may take an appreciable time to achieve because of the activation energy associated with transfer-
ring a nonpolar molecule from a bulk phase to a micelle. Micelles containing solubilized materi-
als are referred to as swollen micelles or microemulsions, whereas the material solubilized within
the micelle is referred to as the solubilizate. The ability of micellar solutions to solubilize nonpo-
lar molecules has a number of potentially important applications in the food industry, including
selective extraction of nonpolar molecules from oils, controlled ingredient release, incorporation
of nonpolar substances into aqueous solutions, transport of nonpolar molecules across aqueous
membranes, and modification of chemical reactions [9]. Three important factors determine the
functional properties of swollen micellar solutions: the location of the solubilizate within the
micelles, the maximum amount of material that can be solubilized per unit mass of surfactant,
and the rate at which solubilization proceeds [9].

4. Surface Activity and Droplet Stabilization

Lipid-based emulsifiers are used widely in the food industry to enhance the formation and stability
of food emulsions. To do this, they must adsorb to the surface of emulsion droplets during homog-
enization and form a protective membrane that prevents the droplets from aggregating with each
other [1]. Emulsifier molecules adsorb to oil-water interfaces because they can adopt an orientation
in which the hydrophilic part of the molecule is located in the water, while the hydrophobic part
is located in the oil. This minimizes the unfavorable free energy associated with the contact of
hydrophilic and hydrophobic regions and therefore reduces the interfacial tension. This reduction in
interfacial tension is important because it facilitates the further disruption of emulsion droplets; that
is, less energy is needed to break up a droplet when the interfacial tension is lowered.

Once adsorbed to the surface of a droplet, the emulsifier must provide a repulsive force that is
strong enough to prevent the droplet from aggregating with its neighbors. Ionic surfactants provide
stability by causing all the emulsion droplets to have the same electric charge, hence to repel each
other electrostatically. Nonionic surfactants provide stability by generating a number of short-range
repulsive forces (e.g., steric overlap, hydration, thermal fluctuation interactions) that prevent the
droplets from getting too close together [1,11]. Some emulsifiers form multilayers (rather than mono-
layers) at the surface of an emulsion droplet, which greatly enhances the stability of the droplets
against aggregation.

In summary, emulsifiers must have three characteristics to be effective. First, they must rapidly
adsorb to the surface of the freshly formed emulsion droplets during homogenization. Second, they
must reduce the interfacial tension by a significant amount. Third, they must form a membrane that
prevents the droplets from aggregating.

C. INGREDIENT SELECTION

A large number of different types of lipid-based emulsifier can be used as food ingredients, and a
manufacturer must select the one that is most suitable for each particular product. Suitability, in turn,
depends on factors such as an emulsifier’s legal status as a food ingredient; its cost and availability,
the consistency in its properties from batch to batch, its ease of handling and dispersion, its shelf life,
its compatibility with other ingredients, and the processing, storage, and handling conditions it will
experience, as well as the expected shelf life and physicochemical properties of the final product.

How does a food manufacturer decide which emulsifier is most suitable for a product? There
have been various attempts to develop classification systems that can be used to select the most
appropriate emulsifier for a particular application. Classification schemes have been developed that
are based on an emulsifier’s solubility in oil and/or water (Bancroft’s rule), its ratio of hydrophilic
to lipophilic groups (HLB number) [15,16], and its molecular geometry [17]. Ultimately, all of these
properties depend on the chemical structure of the emulsifier, and so all the different classification
schemes are closely related.
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1. Bancroft’s Rule

One of the first empirical rules developed to describe the type of emulsion that could be stabilized
by a given emulsifier was proposed by Bancroft. Bancroft’s rule states that the phase in which the
emulsifier is most soluble will form the continuous phase of an emulsion. Hence, a water-soluble
emulsifier will stabilize oil-in-water emulsions, whereas an oil-soluble emulsifier will stabilize
water-in-oil emulsions.

2. Hydrophile-Lipophile Balance

The hydrophile—lipophile balance (HLB) concept underlies a semiempirical method for selecting an
appropriate emulsifier or combination of emulsifiers to stabilize an emulsion. The HLB is described
by a number, which gives an indication of the overall affinity of an emulsifier for the oil and/or aque-
ous phases [12]. Each emulsifier is assigned an HLB number according to its chemical structure.
A molecule with a high HLB number has a high ratio of hydrophilic groups to lipophilic groups and
vice versa. The HLB number of an emulsifier can be calculated from a knowledge of the number
and type of hydrophilic and lipophilic groups it contains, or it can be estimated from experimental
measurements of its cloud point. The HLB numbers of many emulsifiers have been tabulated in the
literature [15,16]. A widely used semiempirical method of calculating the HLB number of a lipid-
based emulsifier is as follows:

HLB =7 + X(Hydrophilic group numbers) — X(Lipophilic group numbers) 3.1

As indicated in Table 3.1 [18], group numbers have been assigned to hydrophilic and lipophilic
groups of many types. The sums of the group numbers of all the lipophilic groups and of all the
hydrophilic groups are substituted into Equation 3.1, and the HLB number is calculated. The
semiempirical equation mentioned earlier has been found to have a firm thermodynamic basis, with
the sums corresponding to the free energy changes in the hydrophilic and lipophilic parts of the
molecule when micelles are formed.

The HLB number of an emulsifier gives a useful indication of its solubility in the oil and/or water
phases, and it can be used to predict the type of emulsion that will be formed. An emulsifier with a
low HLB number (4—-6) is predominantly hydrophobic, dissolves preferentially in oil, stabilizes water-
in-oil emulsions, and forms reversed micelles in oil. An emulsifier with a high HLB number (8-18)
is predominantly hydrophilic, dissolves preferentially in water, stabilizes oil-in-water emulsions, and
forms micelles in water. An emulsifier with an intermediate HLB number (6—8) has no particular
preference for either oil or water. Nonionic molecules with HLB numbers below 4 and above 18 are
less surface active and are therefore less likely to preferentially accumulate at an oil-water interface.

Emulsion droplets are particularly prone to coalescence when they are stabilized by emulsifiers
that have extreme or intermediate HLB numbers. At very high or very low HLB numbers, a nonionic

TABLE 3.1
Selected HLB Group Numbers

Hydrophilic Group  Group Number  Lipophilic Group  Group Number

—SO,NA* 38.7 —CH— 0.475
—COO-H* 21.2 —CH,— 0.475
Tertiary amine 9.4 —CH;— 0.475
Sorbitan ring 6.8
—COOH 2.1
—O0— 1.3

Source: Adapted from Davis, H.T., Colloids Surf. A, 91, 9, 1994.
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emulsifier has such a low surface activity that it does not accumulate appreciably at the droplet surface
and therefore does not provide protection against coalescence. At intermediate HLB numbers (6-8),
emulsions are unstable to coalescence because the interfacial tension is so low that very little energy is
required to disrupt the membrane. Maximum stability of emulsions is obtained for oil-in-water emul-
sions using an emulsifier with an HLB number around 10-12 and for water-in-oil emulsions around
3-5. This is because the emulsifiers are sufficiently surface active but do not lower the interfacial ten-
sion so much that the droplets are easily disrupted. It is possible to adjust the effective HLB number by
using a combination of two or more emulsifiers with different HLB numbers.

One of the major drawbacks of the HLB concept is its failure to account for the significant altera-
tions in the functional properties of an emulsifier molecule that result from changes in temperature
or solution conditions, even though the chemical structure of the molecule does not change. Thus,
an emulsifier may be capable of stabilizing oil-in-water emulsions at one temperature but water-in-
oil emulsions at another temperature. For this reason, a new system referred to as the hydrophile—
lipophile deviation (HLD) method has been developed to account for environmental conditions and
water-to-oil ratio on surfactant performance.

3. Molecular Geometry and Phase Inversion Temperature

The molecular geometry of an emulsifier molecule is described by a packing parameter p (see
Figure 3.3) as follows:

L

p (3.2)

:a

where
v and [/ are the volume and length of the hydrophobic tail
a, is the cross-sectional area of the hydrophilic head group
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FIGURE 3.3 Relationship between the molecular geometry of surfactant molecules and their optimum
curvature.
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When surfactant molecules associate with each other, they tend to form monolayers having a cur-
vature that allows the most efficient packing of the molecules. At this optimum curvature, the
monolayer has its lowest free energy, and any deviation from this curvature requires the expenditure
of energy [8,11]. The optimum curvature of a monolayer depends on the packing parameter of the
emulsifier: for p = 1, monolayers with zero curvature are preferred; for p < 1, the optimum curvature
is convex; and for p > 1, the optimum curvature is concave (Figure 3.3). Simple geometrical consid-
erations indicate that spherical micelles are formed when p is less than 0.33, nonspherical micelles
when p is between 0.33 and 0.5, and bilayers when p is between 0.5 and 1 [11]. Above a certain con-
centration, bilayers join up to form vesicles because energetically unfavorable end effects are elimi-
nated. At values of p greater than 1, reversed micelles are formed, in which the hydrophilic head
groups are located in the interior (away from the oil), and the hydrophobic tail groups are located
at the exterior (in contact with the oil) (Figure 3.2). The packing parameter therefore gives a useful
indication of the type of association colloid that is formed by an emulsifier molecule in solution.
The packing parameter is also useful because it accounts for the temperature dependence of the
physicochemical properties of surfactant solutions and emulsions. The temperature at which an emul-
sifier solution converts from a micellar to a reversed micellar system or an oil-in-water emulsion con-
verts to a water-in-oil emulsion is known as the phase inversion temperature (PIT). Consider what
happens when an emulsion that is stabilized by a lipid-based emulsifier is heated (Figure 3.4). At
temperatures well below the PIT (=20°C), the packing parameter is significantly less than unity, and

Phase inversion temperature
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rate
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FIGURE 3.4 Phase inversion temperature in emulsions. An oil-in-water emulsion may invert to a water-in-
oil emulsion upon heating due to dehydration of the surfactant head groups changing the optimum curvature.
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so a system that consists of oil-in-water emulsion in equilibrium with a swollen micellar solution is
favored. As the temperature is raised, the hydrophilic head groups of the emulsifier molecules become
increasingly dehydrated, which causes p to increase toward unity. Thus, the emulsion droplets become
more prone to coalescence and the swollen micelles grow in size. At PIT, p = 1, and the emulsion
breaks down because the droplets have an ultralow interfacial tension and therefore readily coalesce
with each other. The resulting system consists of excess oil and excess water (containing some emulsi-
fier monomers), separated by a third phase that contains emulsifier molecules aggregated into bilayer
structures. At temperatures sufficiently greater than the PIT, the packing parameter is much larger
than unity, and the formation of a system that consists of a water-in-oil emulsion in equilibrium with
swollen reversed micelles is favored. A further increase in temperature leads to a decrease in the size
of the reversed micelles and in the amount of water solubilized within them. The method of categoriz-
ing emulsifier molecules according to their molecular geometry is now widely accepted as the most
useful means of determining the types of emulsion they tend to stabilize [17].

4. Other Factors

The classification schemes mentioned earlier provide information about the type of emulsion an
emulsifier tends to stabilize (i.e., O/W or W/O), but they do not provide much insight into the size of
the droplets that form during homogenization or the stability of the emulsion droplets once formed
[1]. In choosing a suitable emulsifier for a particular application, these factors must also be consid-
ered. The speed at which an emulsifier adsorbs to the surface of the emulsion droplets produced
during homogenization determines the minimum droplet size that can be produced: the faster the
adsorption rate, the smaller the size. The magnitude and range of the repulsive forces generated by
a membrane, and its viscoelasticity, determine the stability of the droplets to aggregation.

IV. BIOPOLYMERS

Proteins and polysaccharides are the two most important biopolymers used as functional ingredi-
ents in food emulsions. These biopolymers are used principally for their ability to stabilize emul-
sions, enhance viscosity, and form gels.

A. MOLECULAR CHARACTERISTICS

Molecular characteristics of biopolymers, such as molecular weight, conformation, flexibility, and
polarity, ultimately determine the properties of biopolymer solutions. These characteristics are
determined by the type, number, and sequence of monomers that make up the polymer. Proteins
are polymers of amino acids [19], whereas polysaccharides are polymers of monosaccharides [20].
The 3D structures of biopolymers in aqueous solution can be categorized as globular, fibrous,
or random coil (Figure 3.5). Globular biopolymers have fairly rigid compact structures; fibrous

6.

(a)

FIGURE 3.5 Typical molecular conformations adopted by biopolymers in aqueous solution: (a) rigid-rod,;
(b) random coil; (c) globular.
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biopolymers have fairly rigid, rodlike structures; and random coil biopolymers have highly dynamic
and flexible structures. Biopolymers can also be classified according to the degree of branching of
the chain. Most proteins have linear chains, whereas polysaccharides can have either linear (e.g.,
amylose) or branched (e.g., amylopectin) chains.

The conformation of a biopolymer in solution depends on the relative magnitude of the vari-
ous types of attractive and repulsive interaction that occur within and between molecules, as well
as the configurational entropy of the molecule. Biopolymers that have substantial proportions of
nonpolar groups tend to fold into globular structures in which the nonpolar groups are located in
the interior (away from the water) and the polar groups are located at the exterior (in contact with
the water) because this arrangement minimizes the number of unfavorable contacts between hydro-
phobic regions and water. However, since stereochemical constraints and the influence of other
types of molecular interaction usually make it impossible for all the nonpolar groups to be located
in the interior, the surfaces of globular biopolymers have some hydrophobic character. Many kinds
of food protein have compact globular structures, including B-lactoglobulin, «-lactalbumin, and
bovine serum albumin [6]. Biopolymers that contain a high proportion of polar monomers, distrib-
uted fairly evenly along their backbone, often have rodlike conformations with substantial amounts
of helical structure stabilized by hydrogen bonding. Such biopolymers (e.g., collagen, cellulose)
usually have low water solubilities because they tend to associate strongly with each other rather
than with water; consequently, they often have poor functional properties. However, if the chains
are branched, the molecules may be prevented from getting close enough together to aggregate, and
so they may exist in solution as individual molecules. Predominantly polar biopolymers contain-
ing monomers that are incompatible with helix formation (e.g., f-casein) tend to form random coil
structures.

In practice, biopolymers may have some regions along their backbone that have one type of
conformation and others that have a different conformation. Biopolymers may also exist as isolated
molecules or as aggregates in solution, depending on the relative magnitude of the biopolymer—
biopolymer, biopolymer—solvent, and solvent—solvent interactions. Biopolymers are also capable
of undergoing transitions from one type of conformation to another in response to environmen-
tal changes such as alterations in their pH, ionic strength, solvent composition, and temperature.
Examples include helix < random coil and globular < random coil. In many food biopolymers, this
type of transition plays an important role in determining the functional properties (e.g., gelation).

B. FuNcTIONAL PROPERTIES

1. Emulsification

Biopolymers that have a high proportion of nonpolar groups tend to be surface active, that is, they
can accumulate at oil-water interfaces [1-4]. The major driving force for adsorption is the hydro-
phobic effect. When the biopolymer is dispersed in an aqueous phase, some of the nonpolar groups
are in contact with water, which is a thermodynamically unfavorable condition. By adsorbing to an
interface, the biopolymer can adopt a conformation of nonpolar groups in contact with the oil phase
(away from the water) and hydrophilic groups located in the aqueous phase (in contact with the
water). In addition, adsorption reduces the number of contacts between the oil and water molecules
at the interface, thereby reducing the interfacial tension. The conformation a biopolymer adopts at
an oil-water interface, and the physicochemical properties of the membrane formed, depend on its
molecular structure. Flexible random coil biopolymers adopt an arrangement in which the predomi-
nantly nonpolar segments protrude into the oil phase, the predominantly polar segments protrude
into the aqueous phase, and the neutral regions lie flat against the interface (Figure 3.6, left). The
membranes formed by molecules of these types tend to have relatively open structures, to be rela-
tively thick, and to have low viscoelasticities. Globular biopolymers (usually proteins) adsorb to an
interface so that the predominantly nonpolar regions on their surface face the oil phase; thus, they
tend to have a definite orientation at an interface (Figure 3.6, right). Once they have adsorbed to an
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FIGURE 3.6 The conformation of biopolymers at oil-water interfaces depends on their molecular structure
and flexibility. Biopolymers adopt a conformation where polar groups extend into water and nonpolar groups
extend into oil.

interface, biopolymers often undergo structural rearrangements that permit them to maximize the
number of contacts between nonpolar groups and oil [4].

Random coil biopolymers have flexible conformations and therefore rearrange their structures
rapidly, whereas globular biopolymers are more rigid and therefore unfold more slowly. The unfold-
ing of a globular protein at an interface often exposes amino acids that were originally located in
the hydrophobic interior of the molecule, which can lead to enhanced interactions with neighbor-
ing protein molecules through hydrophobic attraction or disulfide bond formation. Consequently,
globular proteins tend to form relatively thin and compact membranes, high in viscoelasticity. Thus,
membranes formed from globular proteins tend to be more resistant to rupture than those formed
from random coil proteins [3].

To be effective emulsifiers, biopolymers must rapidly adsorb to the surface of the emulsion drop-
lets formed during homogenization and provide a membrane that prevents the droplets from aggre-
gating. Biopolymer membranes can stabilize emulsion droplets against aggregation by a number
of different physical mechanisms [1]. All biopolymers are capable of providing short-range steric
repulsive forces that are usually strong enough to prevent droplets from getting sufficiently close
together to coalesce. If the membrane is sufficiently thick, it can also prevent droplets from floccu-
lating. Otherwise, it must be electrically charged so that it can prevent flocculation by electrostatic
repulsion. The properties of emulsions stabilized by charged biopolymers are particularly sensitive
to the pH and ionic strength of aqueous solutions [la]. At pH values near the isoelectric point of
proteins, or at high ionic strengths, the electrostatic repulsion between droplets may not be large
enough to prevent the droplets from aggregating (see Section VI.A.5).

Proteins are commonly used as emulsifiers in foods because many of them naturally have a high
proportion of nonpolar groups. Most polysaccharides are so hydrophilic that they are not surface
active. However, a small number of naturally occurring polysaccharides have some hydrophobic
character (e.g., gum arabic) or have been chemically modified to introduce nonpolar groups (e.g.,
some hydrophobically modified starches), and these biopolymers can be used as emulsifiers.

2. Thickening and Stabilization

The second major role of biopolymers in food emulsions is to increase the viscosity of the aqueous
phase [la]. This modifies the texture and mouthfeel of the food product (“thickening”), as well as
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reducing the rate at which particles sediment or cream (“stabilization’). Both proteins and polysac-
charides can be used as thickening agents, but polysaccharides are usually preferred because they
can be used at much lower concentrations. The biopolymers used to increase the viscosity of aque-
ous solutions are usually highly hydrated and extended molecules or molecular aggregates. Their
ability to increase the viscosity depends principally on their molecular weight, degree of branching,
conformation, and flexibility. The viscosity of a dilute solution of particles increases as the concen-
tration of particles increases [3]:

n=no(1+2.5¢) (3.3)

where
1 is the viscosity of the solution
1, is the viscosity of the pure solvent
¢ is the volume fraction of particles in solution

Biopolymers are able to enhance the viscosity of aqueous solutions at low concentrations because
they have an effective volume fraction that is much greater than their actual volume fraction [la].
A biopolymer rapidly rotates in solution because of its thermal energy, and so it sweeps out a
spherical volume of water that has a diameter approximately equal to the end-to-end length of the
molecule (Figure 3.7). The volume of the biopolymer molecule is only a small fraction of the total
volume of the sphere swept out, and so the effective volume fraction of a biopolymer is much greater
than its actual volume fraction. Consequently, small concentrations of biopolymer can dramatically
increase the viscosity of a solution (Equation 3.3). The effectiveness of a biopolymer at increasing
the viscosity increases as the volume fraction it occupies within the sphere it sweeps out decreases.
Thus large, highly extended linear biopolymers increase the viscosity more effectively than small
compact or branched biopolymers.
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FIGURE 3.7 Extended biopolymers in aqueous solutions sweep out a large volume of water as they rotate,
which increases their effective volume fraction and therefore their viscosity. The viscosity of an aqueous bio-
polymer solution increases with increasing biopolymer concentration.
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In a dilute biopolymer solution, the individual molecules (or aggregates) do not interact with each
other. When the concentration of biopolymer increases above some critical value c*, the viscosity
increases rapidly because the spheres swept out by the biopolymers overlap with each another. This
type of solution is known as a semidilute solution, because even though the molecules are interact-
ing with one another, each individual biopolymer is still largely surrounded by solvent molecules.
At still higher polymer concentrations, the molecules pack so close together that they become entan-
gled, and the system has more gel-like characteristics. Biopolymers that are used to thicken the
aqueous phase of emulsions are often used in the semidilute concentration range [3].

Solutions containing extended biopolymers often exhibit strong shear-thinning behavior; that
is, their apparent viscosity decreases with increasing shear stress. Some biopolymer solutions
even have a characteristic yield stress. When a stress is applied below the yield stress, the solu-
tion acts like an elastic solid, but when it exceeds the yield stress the solution acts like a liquid.
Shear thinning tends to occur because the biopolymer molecules become aligned with the shear
field, or because the weak physical interactions responsible for biopolymer—biopolymer interac-
tions are disrupted. The characteristic rheological behavior of biopolymer solutions plays an
important role in determining their functional properties in food emulsions. For example, a
salad dressing must be able to flow when it is poured from a container but must maintain its
shape under its own weight after it has been poured onto a salad. The amount and type of bio-
polymer used must therefore be carefully selected to provide a low viscosity when the salad
dressing is poured (high applied stress), but a high viscosity when the salad dressing is allowed
to sit under its own weight (low applied stress).

The viscosity of biopolymer solutions is also related to the mouthfeel of a food product. Liquids
that do not exhibit extensive shear-thinning behavior at the shear stresses experienced in the mouth
are perceived as being “slimy.” On the other hand, a certain amount of viscosity is needed to con-
tribute to the “creaminess” of a product.

The shear-thinning behavior of biopolymer solutions is also important for determining the stabil-
ity of food emulsions to creaming [1a]. As oil droplets move through an emulsion, they exert very
small shear stresses on the surrounding liquid. Consequently, they experience a very large viscos-
ity, which greatly slows down the rate at which they cream and therefore enhances stability. Many
biopolymer solutions also exhibit thixotropic behavior (i.e., their viscosity decreases with time when
they are sheared at a constant rate) as a result of disruption of the weak physical interactions that
cause biopolymer molecules to aggregate. A food manufacturer must therefore select an appropriate
biopolymer or combination of biopolymers to produce a final product that has a desirable mouthfeel
and texture.

3. Gelation

Biopolymers are used as functional ingredients in many food emulsions (e.g., yogurt, cheese, des-
serts, egg, and meat products) because of their ability to cause the aqueous phase to gel [la]. Gel
formation imparts desirable textural and sensory attributes, as well as preventing the droplets from
creaming. A biopolymer gel consists of a 3D network of aggregated or entangled biopolymers that
entraps a large volume of water, giving the whole structure some solid-like characteristics. The
appearance, texture, water-holding capacity, reversibility, and gelation temperature of biopolymer
gels depend on the type, structure, and interactions of the molecules they contain.

Gels may be transparent or opaque, hard or soft, brittle or rubbery, homogeneous or heteroge-
neous; they may exhibit syneresis or have good water-holding capacity. Gelation may be induced
by a variety of different methods, including altering the temperature, pH, ionic strength, or solvent
quality; adding enzymes; and increasing the biopolymer concentration. Biopolymers may be cross-
linked by covalent and/or noncovalent bonds.

It is convenient to distinguish between two types of gel: particulate and filamentous
(Figure 3.8). Particulate gels consist of biopolymer aggregates (particles or clumps) that are
assembled together to form a 3D network. This type of gel tends to be formed when there
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FIGURE 3.8 Biopolymer molecules or aggregates can form various types of gel structure, such as (a) par-
ticulate or (b) filamentous.

are strong attractive forces over the whole surface of the individual biopolymer molecules.
Particulate gels are optically opaque because the particles scatter light, and they are prone to
syneresis because the large interparticle pore sizes means that the water is not held tightly in
the gel network by capillary forces. Filamentous gels consist of filaments of individual or aggre-
gated biopolymer molecules that are relatively thin and tend to be formed by biopolymers that
can form junction zones only at a limited number of sites on the surface of a molecule, or when
the attractive forces between the molecules are so strong that they stick firmly together and do
not undergo subsequent rearrangement [3]. Filamentous gels tend to be optically transparent
because the filaments are so thin that they do not scatter light significantly, and they tend to have
good water-holding capacity because the small pore size of the gel network means that the water
molecules are held tightly by capillary forces.

In some foods a gel is formed upon heating (heat-setting gels), while in others it is formed
upon cooling (cold-setting gels). Gels may also be either thermoreversible or thermoirreversible,
depending on whether gelation is or is not reversible. Gelatin is an example of a cold-setting ther-
moreversible gel: when a solution of gelatin molecules is cooled below a certain temperature, a gel
is formed, but when it is reheated the gel melts. Egg white is an example of a heat-setting thermoir-
reversible gel: when an egg is heated above a temperature at which gelation occurs, a characteristic
white gel is formed; when the egg is cooled back to room temperature, however, the gel remains
white (i.e., it does not revert back to its earlier liquid form). Whether a gel is reversible or irrevers-
ible depends on the changes in the molecular structure and organization of the molecules during
gelation. Biopolymer gels that are stabilized by noncovalent interactions and do not involve large
changes in the structure of the individual molecules prior to gelation tend to be reversible. On the
other hand, gels that are held together by covalent bonds or involve large changes in the structure of
the individual molecules prior to gelation tend to form irreversible gels.

The type of force holding the molecules together in gels varies from biopolymer to biopoly-
mer. Some proteins and polysaccharides (e.g., gelatin, starch) form helical junction zones through
extensive hydrogen bond formation. This type of junction zone tends to form when a gel is cooled,
becoming disrupted when it is heated, and thus, it is responsible for cold-setting gels. Below the
gelatin temperature, the attractive hydrogen bonds favor junction zone formation, but above this
temperature the configurational entropy favors a random coil type of structure. Biopolymers with
extensive nonpolar groups (e.g., caseins, denatured whey proteins) tend to associate via hydrophobic
interactions. Electrostatic interactions play an important role in determining the gelation behavior
of many biopolymers, and so gelation is particularly sensitive to the pH and ionic strength of the
solution containing the biopolymers. For example, at pH values sufficiently far from their isoelectric
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point, proteins may be prevented from gelling because of the electrostatic repulsion between the
molecules. However, if the pH of the same solution is adjusted near to the isoelectric point, or salt
is added, the proteins gel.

The addition of multivalent ions, such as Ca?*, can promote the gelation of charged biopolymer
molecules by forming salt bridges between the molecules. Proteins with thiol groups are capable
of forming covalent linkages through thiol-disulfide interchanges, which help to strengthen and
enhance the stability of gels. The tendency for a biopolymer to form a gel under certain condi-
tions, and the physical properties of the gel formed, depend on a delicate balance of biopolymer—
biopolymer, biopolymer—solvent, and solvent—solvent interactions of various kinds.

C. INGREDIENT SELECTION

A wide variety of proteins and polysaccharides are available as ingredients in foods, each with its
own unique functional properties and optimum range of applications. Food manufacturers must
decide which biopolymer is the most suitable for each type of food product. The selection of the
most appropriate ingredient is often the key to success of a particular product. The factors a manu-
facturer must consider include the desired properties of the final product (appearance, rheology,
mouthfeel, stability), the composition of the product, and the processing, storage, and handling
conditions the food will experience during its lifetime, as well as the cost, availability, consistency
from batch to batch, ease of handling, dispersibility, and functional properties of the biopolymer
ingredient.

V. EMULSION FORMATION

The formation of an emulsion may involve a single step or a number of consecutive steps, depending
on the nature of the starting material, the desired properties of the end product, and the instrument
used to create it [la]. Before separate oil and aqueous phases are converted to an emulsion, it is
usually necessary to disperse the various ingredients into the phase in which they are most soluble.
Oil-soluble ingredients, such as certain vitamins, coloring agents, antioxidants, and surfactants, are
mixed with the oil, while water-soluble ingredients, such as proteins, polysaccharides, sugars, salts,
and some vitamins, coloring agents, antioxidants, and surfactants, are mixed with the water. The
intensity and duration of the mixing process depend on the time required to solvate and uniformly
distribute the ingredients. Adequate solvation is important for the functionality of a number of food
components. If the lipid phase contains any crystalline material, it is usually necessary to warm it
before homogenization to a temperature at which all the fat melts; otherwise it is difficult, if not
impossible, to efficiently create a stable emulsion.

The process of converting two immiscible liquids to an emulsion is known as homogenization,
and a mechanical device designed to carry out this process is called a homogenizer. To distin-
guish the nature of the starting material, it is convenient to divide homogenization into two catego-
ries. The creation of an emulsion directly from two separate liquids will be referred to as primary
homogenization, whereas the reduction in size of droplets in an existing emulsion will be referred
to as secondary homogenization (Figure 3.9). The creation of a food emulsion may involve the use
of one or the other form of homogenization, or a combination of both. For example, salad dressing
is formed by direct homogenization of the aqueous and oil phases and is therefore an example of
primary homogenization, whereas homogenized milk is manufactured by reducing the size of the
fat globules in natural milk and hence is an example of secondary homogenization.

In many food processing operations and laboratory studies, it is more efficient to prepare an
emulsion using two steps. The separate oil and water phases are converted to a coarse emulsion,
with fairly large droplets, using one type of homogenizer (e.g., high-speed blender). Then the
droplet size is reduced by means of another type of homogenizer (e.g., colloid mill, high-pressure
valve homogenizer). In reality, many of the same physical processes that occur during primary
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FIGURE 3.9 The homogenization process can be divided into two steps: primary homogenization (creating
an emulsion from two separate phases) and secondary homogenization (reducing the size of the droplets in a
preexisting emulsion).

homogenization also occur during secondary homogenization, and there is no clear distinction
between them. Emulsions that have undergone secondary homogenization usually contain smaller
droplets than those that have undergone primary homogenization, although this is not always the
case. Some homogenizers (e.g., ultrasound, microfluidizers, membrane homogenizers) are capable
of producing emulsions with small droplet sizes directly from separate oil and water phases (see
Section V.C).

To highlight the important physical mechanisms that occur during homogenization, it is useful
to consider the formation of an emulsion from pure oil and pure water. When the two liquids are
placed in a container, they tend to adopt their thermodynamically most stable state, which consists
of a layer of oil on top of the water (Figure 3.1). This arrangement is adopted because it minimizes
the contact area between the two immiscible liquids and because the oil has a lower density than
the water. To create an emulsion, it is necessary to mechanically agitate the system to disrupt and
intermingle the oil and water phases. The type of emulsion formed in the absence of an emulsifier
depends primarily on the initial concentration of the two liquids. At high oil concentrations a water-
in-oil emulsion tends to form, but at low oil concentrations an oil-in-water emulsion tends to form.
In this example, it is assumed that the oil concentration is so low that an oil-in-water emulsion is
formed. Mechanical agitation can be applied in a variety of ways, the simplest being to vigorously
shake the oil and water together in a sealed container. An emulsion is formed immediately after
shaking, and it appears optically opaque (because light is scattered from the emulsion droplets).
With time, the system rapidly reverts back to its initial state—a layer of oil sitting on top of the
water. This is because the droplets formed during the application of the mechanical agitation are
constantly moving around and frequently collide and coalesce with neighboring droplets. As this
process continues, the large droplets formed rise to the top of the container and merge together to
form a separate layer.

To form a stable emulsion, one must prevent the droplets from merging after they have been
formed. This is achieved by having a sufficiently high concentration of a surface-active substance,
known as an emulsifier, present during the homogenization process. The emulsifier rapidly adsorbs
to the droplet surfaces during homogenization, forming a protective membrane that prevents the
droplets from coming close enough together to coalesce. One of the major objectives of homogeni-
zation is to produce droplets as small as possible because this usually increases the shelf life of the
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final product. It is therefore important for the food scientist to understand the factors that determine
the size of the droplets produced during homogenization. It should be noted that homogenization
is only one step in the formation of a food emulsion, and many of the other unit operations (e.g.,
pasteurization, cooking, drying, freezing, whipping) also affect the final quality of the product.

A. PHysicAL PrINCIPLES OF EMULSION FORMATION

The size of the emulsion droplets produced by a homogenizer depends on a balance between two
opposing mechanisms: droplet disruption and droplet coalescence (Figure 3.10). The tendency
for emulsion droplets to break up during homogenization depends on the strength of the inter-
facial forces that hold the droplets together, compared to the strength of the disruptive forces
in the homogenizer. In the absence of any applied external forces, emulsion droplets tend to be
spherical because this shape minimizes the contact area between oil and water phases. Changing
the shape of a droplet, or breaking it into smaller droplets, increases this contact area and there-
fore requires the input of energy. The interfacial force holding a droplet together is given by the
Laplace pressure (AP,):

ap =2 (3.4)
r

where
v is the interfacial tension between oil and water
r is the droplet radius

This equation indicates that it is easier to disrupt large droplets than small ones and that the lower
the interfacial tension, the easier it is to disrupt a droplet. The nature of the disruptive forces that
act on a droplet during homogenization depends on the flow conditions (i.e., laminar, turbulent, or
cavitational) the droplet experiences and therefore on the type of homogenizer used to create the
emulsion. To deform and disrupt a droplet during homogenization, it is necessary to generate a
stress that is greater than the Laplace pressure and to ensure that this stress is applied to the droplet
long enough to enable it to become disrupted [21-23].

Rapid adsorption:
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FIGURE 3.10 The size of the droplets produced in an emulsion is a balance between droplet disruption and
droplet coalescence events that occur inside a homogenizer.
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Emulsions are highly dynamic systems in which the droplets continuously move around and
frequently collide with each other. Droplet—droplet collisions are particularly rapid during homog-
enization because of the intense mechanical agitation of the emulsion. If droplets are not protected
by a sufficiently strong emulsifier membrane, they tend to coalesce during collision. Immediately
after the disruption of an emulsion droplet during homogenization, there is insufficient emulsifier
present to completely cover the newly formed surface, and therefore, the new droplets are more
likely to coalesce with their neighbors. To prevent coalescence from occurring, it is necessary to
form a sufficiently concentrated emulsifier membrane around a droplet before it has time to collide
with its neighbors. The size of droplets produced during homogenization therefore depends on the
time taken for the emulsifier to be adsorbed to the surface of the droplets (T,gsrpion) COmMpared to
the time between droplet—droplet collisions (T )- I Tygsorption < T the droplets are rapidly
coated with emulsifier as soon as they are formed and are stable; but if T, 00> Teottisions the drop-
lets tend to rapidly coalesce because they are not completely coated with emulsifier before colliding
with one of their neighbors. The values of these two times depend on the flow profile the droplets
experience during homogenization, as well as the physicochemical properties of the bulk phases
and the emulsifier [1a,23].

collision. collision»

B. RoLE OF EMULSIFIERS

The preceding discussion has highlighted two of the most important roles of emulsifiers during the
homogenization process:

1. Their ability to decrease the interfacial tension between oil and water phases and thus
reduce the amount of energy required to deform and disrupt a droplet (Equation 3.4).
It has been demonstrated experimentally that when the movement of an emulsifier to the
surface of a droplet is not rate limiting (T gsorprion << 7T ), there is a decrease in the
droplet size produced during homogenization with a decrease in the equilibrium interfa-
cial tension [24].

2. Their ability to form a protective membrane that prevents droplets from coalescing with
their neighbors during a collision.

collision

The effectiveness of emulsifiers at creating emulsions containing small droplets depends on a num-
ber of factors: (1) the concentration of emulsifier present relative to the dispersed phase; (2) the time
required for the emulsifier to move from the bulk phase to the droplet surface; (3) the probability
that an emulsifier molecule will be adsorbed to the surface of a droplet during a droplet—emulsifier
encounter (i.e., the adsorption efficiency); (4) the amount by which the emulsifier reduces the inter-
facial tension; and (5) the effectiveness of the emulsifier membrane at protecting the droplets against
coalescence.

It is often assumed that small emulsifier molecules adsorb to the surface of emulsion droplets
during homogenization more rapidly than larger ones. This assumption is based on the observation
that small molecules diffuse to the interface more rapidly than larger ones under quiescent condi-
tions [3]. It has been demonstrated that under turbulent conditions large surface-active molecules
tend to accumulate at the droplet surface during homogenization preferentially to smaller ones [23].

C. HoMOGENIZATION DEviCEs

There are a wide variety of food emulsions, and each one is created from different ingredients
and must have different final characteristic properties. Consequently, a number of homogeniza-
tion devices have been developed for the chemical production of food emulsions, each with its
own particular advantages and disadvantages, and each having a range of foods to which it is most
suitably applied [la]. The choice of a particular homogenizer depends on many factors, including
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the equipment available, the site of the process (i.e., a factory or a laboratory), the physicochemical
properties of the starting materials and final product, the volume of material to be homogenized,
the throughput, the desired droplet size of the final product, and the cost of purchasing and running
the equipment. The most important types of homogenizer used in the food industry are discussed
in the subsections that follow.

1. High-Speed Blenders

High-speed blenders are the most commonly used means of directly homogenizing bulk oil
and aqueous phases. The oil and aqueous phase are placed in a suitable container, which may
contain as little as a few milliliters or as much as several liters of liquid, and agitated by a
stirrer that rotates at high speeds. The rapid rotation of the blade generates intense velocity
gradients that cause disruption of the interface between the oil and water, intermingling of
the two immiscible liquids, and breakdown of larger droplets to smaller ones [25]. Baffles are
often fixed to the inside of the container to increase the efficiency of the blending process by
disrupting the flow profile. High-speed blenders are particularly useful for preparing emulsions
with low or intermediate viscosities. Typically, they produce droplets that are between 1 and
10 pm in diameter.

2. Colloid Mills

The separate oil and water phases are usually blended together to form a coarse emulsion premix
prior to their introduction into a colloid mill because this increases the efficiency of the homogeni-
zation process. The premix is fed into the homogenizer, where it passes between two disks separated
by a narrow gap. One of the disks is usually stationary, while the other rotates at a high speed, thus
generating intense shear stresses in the premix. These shear stresses are large enough to cause the
droplets in the coarse emulsion to be broken down. The efficiency of the homogenization process
can be improved by increasing the rotation speed, decreasing the flow rate, decreasing the size of
the gap between the disks, and increasing the surface roughness of the disks. Colloid mills are more
suitable than most other types of homogenizer for homogenizing intermediate or high viscosity
fluids (e.g., peanut butter, fish or meat pastes), and they typically produce emulsions with droplet
diameters between 1 and 5 pm.

3. High-Pressure Valve Homogenizers

Like colloid mills, high-pressure valve homogenizers are more efficient at reducing the size of
the droplets in a coarse emulsion premix than at directly homogenizing two separate phases
[26]. The coarse emulsion premix is forced through a narrow orifice under high pressure, which
causes the droplets to be broken down because of the intense disruptive stresses (e.g., impact
forces, shear forces, cavitation, turbulence) generated inside the homogenizer [27]. Decreasing
the size of the orifice increases the pressure the emulsion experiences, which causes a greater
degree of droplet disruption and therefore the production of smaller droplets. Nevertheless, the
throughput is reduced and more energy must be expended. A food manufacturer must there-
fore select the most appropriate homogenization conditions for each particular application,
depending on the compromise between droplet size, throughput, and energy expenditure. High-
pressure valve homogenizers can be used to homogenize a wide variety of food products, rang-
ing from low viscosity liquids to viscoelastic pastes, and can produce emulsions with droplet
sizes as small as 0.1 pm.

4. Ultrasonic Homogenizers

A fourth type of homogenizer utilizes high-intensity ultrasonic waves that generate intense shear
and pressure gradients. When applied to a sample containing oil and water, these waves cause
the two liquids to intermingle and the large droplets formed to be broken down to smaller ones.
There are two types of ultrasonic homogenizer commonly used in the food industry: piezoelectric
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transducers and liquid jet generators [28]. Piezoelectric transducers are most commonly found in
the small benchtop ultrasonic homogenizers used in many laboratories. They are ideal for pre-
paring small volumes of emulsion (a few milliliters to a few hundred milliliters), a property that
is often important in fundamental research when expensive components are used. The ultrasonic
transducer consists of a piezoelectric crystal contained in some form of protective metal casing,
which is tapered at the end. A high-intensity electrical wave is applied to the transducer, which
causes the piezoelectric crystal inside to oscillate and generate an ultrasonic wave. The ultra-
sonic wave is directed toward the tip of the transducer, where it radiates into the surrounding
liquids, generating intense pressure and shear gradients (mainly due to cavitational effects) that
cause the liquids to be broken up into smaller fragments and intermingled with one another. It
is usually necessary to irradiate a sample with ultrasound for a few seconds to a few minutes to
create a stable emulsion. Continuous application of ultrasound to a sample can cause appreciable
heating, and so it is often advantageous to apply the ultrasound in a number of short bursts.

Ultrasonic jet homogenizers are used mainly for industrial applications. A stream of fluid is
made to impinge on a sharp-edged blade, which causes the blade to rapidly vibrate, thus generating
an intense ultrasonic field that breaks up any droplets in its immediate vicinity through a combina-
tion of cavitation, shear, and turbulence [28]. This device has three major advantages: it can be used
for continuous production of emulsions; it can generate very small droplets; and it is more energy
efficient than high-pressure valve homogenizers (since less energy is needed to form droplets of the
same size).

5. Microfluidization

Microfluidization is a technique that is capable of creating an emulsion with small droplet sizes
directly from the individual oil and aqueous phases [29]. Separate streams of an oil and an aque-
ous phase are accelerated to a high velocity and then made to simultaneously impinge on a surface,
which causes them to be intermingled and leads to effective homogenization. Microfluidizers can
be used to produce emulsions that contain droplets as small as 0.1 pm.

6. Membrane Homogenizers

Membrane homogenizers form emulsions by forcing one immiscible liquid into another through
a glass membrane that is uniform in pore size. The size of the droplets formed depends on the
diameter of the pores in the membrane and on the interfacial tension between the oil and water
phases [30]. Membranes can be manufactured with different pore diameters, with the result that
emulsions with different droplet sizes can be produced [30]. The membrane technique can be
used either as a batch or as a continuous process, depending on the design of the homogenizer.
Increasing numbers of applications for membrane homogenizers are being identified, and the
technique can now be purchased for preparing emulsions in the laboratory or commercially.
These instruments can be used to produce oil-in-water, water-in-oil, and multiple emulsions.
Membrane homogenizers have the ability to produce emulsions with very narrow droplet size
distributions, and they are highly energy efficient, since there is much less energy loss due to
viscous dissipation.

7. Energy Efficiency of Homogenization

The efficiency of the homogenization process can be calculated by comparing the energy required
to increase the surface area between the oil and water phases with the actual amount of energy
required to create an emulsion. The difference in free energy between the two separate immiscible
liquids and an emulsion can be estimated by calculating the amount of energy needed to increase
the interfacial area between the oil and aqueous phases (AG = yAA). Typically, this is less than
0.1% of the total energy input into the system during the homogenization process because most of
the energy supplied to the system is dissipated as heat, owing to frictional losses associated with
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the movement of molecules past one another [23]. This heat exchange accounts for the significant
increase in temperature of emulsions during homogenization.

8. Choosing a Homogenizer

The choice of a homogenizer for a given application depends on a number of factors, including
volume of sample to be homogenized, desired throughput, energy requirements, nature of the
sample, final droplet size distribution required, equipment available, and initial and running
costs. Even after the most suitable homogenization technique has been chosen, the operator
must select the optimum processing conditions, such as temperature, time, flow rate, pressure,
valve gaps, rotation rates, and sample composition. If an application does not require that the
droplets in an emulsion be particularly small, it is usually easiest to use a high-speed blender.
High-speed blenders are also used frequently to produce the coarse emulsion premix that is fed
into other devices.

To create an emulsion that contains small droplets (<1 pm), either industrially or in the labora-
tory, it is necessary to use one of the other methods. Colloid mills are the most efficient type of
homogenizer for high-viscosity fluids, whereas high-pressure valve, ultrasonic, or microfluidization
homogenizers are more efficient for liquids that are low or intermediate in viscosity. In fundamental
studies, one often uses small volumes of sample, and therefore, a number of laboratory homogeniz-
ers have been developed that are either scaled-down versions of industrial equipment or instruments
specifically designed for use in the laboratory. For studies involving ingredients that are limited in
availability or expensive, an ultrasonic piezoelectric transducer can be used because it requires only
small sample volumes. When it is important to have monodisperse emulsions, the use of a mem-
brane homogenizer would be advantageous.

D. Factors THAT DETERMINE DROPLET SizE

The food manufacturer is often interested in producing emulsion droplets that are as small as pos-
sible, using the minimum amount of energy input and the shortest amount of time. The size of the
droplets produced in an emulsion depends on many different factors, some of which are summa-
rized here [27-30].

Emulsifier concentration. Up to a certain level, the size of the droplets usually decreases
as the emulsifier concentration increases; above this level, droplet size remains constant.
When the emulsifier concentration exceeds the critical level, the size of the droplets is
governed primarily by the energy input of the homogenization device.

Emulsifier type. At the same concentration, different types of emulsifiers produce differ-
ently sized droplets, depending on their surface load, the speed at which they reach
the oil-water interface, and the ability of the emulsifier membrane to prevent droplet
coalescence.

Homogenization conditions. The size of the emulsion droplets usually decreases as the energy
input or homogenization time increases.

Physicochemical properties of bulk liquids. The homogenization efficiency depends on the
physicochemical properties of the lipids that comprise an emulsion (e.g., their viscosity,
interfacial tension, density, or physical state).

VI. EMULSION STABILITY

Emulsions are thermodynamically unstable systems that tend, with time, to separate back into indi-
vidual oil and water phases (Figure 3.1). The term “emulsion stability” refers to the ability of an
emulsion to resist changes in its properties with time: the greater the emulsion stability, the longer
the time taken for the emulsion to alter its properties [la]. Changes in the properties of emulsions
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may be the result of physical processes that cause alterations in the spatial distribution of the ingre-
dients (e.g., creaming, flocculation, coalescence, phase inversion) or chemical processes that cause
alterations in the chemical structure of the ingredients (e.g., oxidation, hydrolysis). It is important
for food scientists to elucidate the relative importance of each of these mechanisms, the relationship
between them, and the factors that affect them so that effective means of controlling the properties
of food emulsions can be established.

A. DROPLET-DROPLET INTERACTIONS

The bulk properties of food emulsions are largely determined by the interaction of the droplets
with each other. If the droplets exert a strong mutual attraction, they tend to aggregate, but if they
are strongly repelled they tend to remain as separate entities. The overall interaction between
droplets depends on the magnitude and range of a number of different types of attractive and
repulsive interaction. A knowledge of the origin and nature of these interactions is important
because it enables food scientists to predict and control the stability and physicochemical proper-
ties of food emulsions.

Droplet—droplet interactions are characterized by an interaction potential AG(s), which describes
the variation of the free energy with droplet separation. The overall interaction potential between
emulsion droplets is the sum of various attractive and repulsive contributions [3]:

AG(S) = AGVDW (S) + AGelecu'osmtic (S) + AGhydrophobic (S) + AGshon range (S) (35)

where AGypy, AG AGydrophobics AN AG 14 ange TEfET tO the free energies associated with
van der Waals, electrostatic, hydrophobic, and various short-range forces, respectively. In certain
systems, there are additional contributions to the overall interaction potential from other types of
mechanism, such as depletion or bridging [la,lb]. The stability of food emulsions to aggregation
depends on the shape of the free energy versus separation curve, which is governed by the relative
contributions of the different types of interactions [1-3].

electrostatic?

1. Van der Waals Interactions

The van der Waals interactions act between emulsion droplets of all types and are always attractive.
At close separations, the van der Waals interaction potential between two emulsion droplets of equal
radius r separated by a distance s is given by Equation 3.6 [12]:

A
AGypw () = - (3.6)
12s

where A is the Hamaker parameter, which depends on the physical properties of the oil and water
phases. This equation provides a useful insight into the nature of the van der Waals interaction. The
strength of the interaction decreases with the reciprocal of droplet separation, and so van der Waals
interactions are fairly long range compared to other types of interactions. In addition, the strength
of the interaction increases as the size of the emulsion droplets increases. In practice, Equation 3.6
tends to overestimate the attractive forces because it ignores the effects of electrostatic screening,
radiation, and the presence of the droplet membrane on the Hamaker parameter [11].

2. Electrostatic Interactions

Electrostatic interactions occur only between emulsion droplets that have electrically charged
surfaces (e.g., those established by ionic surfactants or biopolymers). The electrostatic interaction
between two droplets at close separation is given by the following relationship [5]:

AGelectrostalic (S) =43x 1079 V\Ug ln(l + 84“5) (37)
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where

172
4 €oc, kT
K = 2
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Here

k! is the thickness of the electric double layer

¢; and z; are the molar concentration and valency of ions of species i

€, is the dielectric constant of a vacuum

€, is the relative dielectric constant of the medium surrounding the droplet
e is the electrical charge

y, is the surface potential

k is the Boltzmann constant

T is the temperature

These equations provide a useful insight into the nature of the electrostatic interactions between
emulsion droplets. Usually, all the droplets in food emulsions have the same electrical charge, hence
repel each other. Electrostatic interactions are therefore important for preventing droplets from
aggregating. The strength of the interactions increases as the magnitude of the surface potential
increases; thus, the greater the number of charges per unit area at a surface, the greater the protec-
tion against aggregation. The strength of the repulsive interaction decreases as the concentration of
valency of ions in the aqueous phase increases because counterions “screen” the charges between
droplets, which causes a decrease in the thickness of the electrical double layer. Emulsions stabi-
lized by proteins are particularly sensitive to the pH and ionic strength of the aqueous solution, since
altering pH changes y, and altering ionic strength changes k~!. The strength of the electrostatic
interaction also increases as the size of the emulsion droplets increases.

3. Hydrophobic Interactions

The surfaces of emulsion droplets may not be completely covered by emulsifier molecules, or the
droplet membrane may have some nonpolar groups exposed to the aqueous phase [la]. Consequently,
there may be attractive hydrophobic interactions between nonpolar groups and water. The interac-
tion potential energy per unit area between two hydrophobic surfaces separated by water is given by

AGhyrophotic () = =0.69% 107 exp[—;J (3.8)

0

where ¢ is the fraction of the droplet surface (which is hydrophobic) and the decay length A, is of the
order of 1-2 nm [11]. The hydrophobic attraction between droplets with nonpolar surfaces is fairly
strong and relatively long range [11]. Hydrophobic interactions therefore play an important role in
determining the stability of a number of food emulsions. Protein-stabilized emulsions often have
nonpolar groups on the protein molecules exposed to the aqueous phase, and therefore, hydrophobic
interactions are important. They are also important during homogenization because the droplets are
not covered by emulsifier molecules.

4. Short-Range Forces

When two emulsion droplets come sufficiently close together, their interfacial layers start to inter-
act. A number of short-range forces result from these interactions, including steric (osmotic and
elastic components), hydration, protrusion, and undulation forces [11,12]. Some progress has been
made in developing theories to predict the magnitude and range of short-range forces associated
with interfacial layers of fairly simple geometry. Nevertheless, both magnitude and range of these
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forces are particularly sensitive to the size, shape, conformation, packing, interactions, mobility, and
hydration of the molecules in the adsorbed layer, and so it is difficult to predict their contribution to
the overall interaction potential with any certainty. Even so, they are usually repulsive and tend to
increase strongly as the interfacial layers overlap.

5. Overall Interaction Potential

It is often difficult to accurately calculate the contribution of each type of interaction to the over-
all interdroplet pair potential because information about the relevant physicochemical properties
of the system is lacking. Nevertheless, it is informative to examine the characteristics of certain
combinations of interactions that are particularly important in food emulsions, for this provides
a valuable insight into the factors that affect the tendency of droplets to aggregate. Consider an
emulsion in which the only important types of droplet—droplet interaction are van der Waals
attraction, electrostatic repulsion, and steric repulsion (e.g., an emulsion stabilized by a charged
biopolymer).

The van der Waals interaction potential is fairly long range and always negative (attractive),
the electrostatic interaction potential is fairly long range and always positive (repulsive), while the
steric interaction is short range and highly positive (strongly repulsive). The overall interdroplet
pair potential has a complex dependence on separation because it is the sum of these three different
interactions, and it may be attractive at some separations and repulsive at others. Figure 3.11 shows
a typical profile of interdroplet pair potential versus separation for an emulsion stabilized by a
charged biopolymer. When the two droplets are separated by a large distance, there is no effective
interaction between them. As they move closer together, the van der Waals attraction dominates
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FIGURE 3.11 Typical overall interaction potential for an emulsion stabilized by a charged emulsifier that
has a short-range steric repulsion, a medium-range electrostatic repulsion, and a long-range van der Waals
attraction.
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initially and there is a shallow minimum in the profile, which is referred to as the secondary mini-
mum. If the depth of this minimum is large compared to the thermal energy (IAG(s,;,)| > kT),
the droplets tend to be flocculated. However, if it is small compared to the thermal energy, the
droplets tend to remain unaggregated. At closer separations, the repulsive electrostatic interac-
tions dominate, and there is an energy barrier AG(s,,,,) that must be overcome before the droplets
can come any closer. If this energy barrier is sufficiently large compared to the thermal energy
AG(s,,,,) > kT, it will prevent the droplets from falling into the deep primary minimum at close
separations. On the other hand, if it is not large compared to the thermal energy, the droplets will
tend to fall into the primary minimum, leading to strong flocculation of the droplets. In this situ-
ation, the droplets would be prevented from coalescing because of the domination of the strong
steric repulsion at close separations.

Emulsions that are stabilized by repulsive electrostatic interactions are particularly sensitive to
the ionic strength and pH of the aqueous phase [la,1b]. At low ion concentrations, there may be
a sufficiently high energy barrier to prevent the droplets from getting close enough together to
aggregate into the primary minimum. As the ion concentration is increased, the screening of the
electrostatic interactions becomes more effective, which reduces the height of the energy barrier.
Above a certain ion concentration, the energy barrier is not high enough to prevent the droplets from
falling into the primary minimum, and so the droplets become strongly flocculated. This phenom-
enon accounts for the tendency of droplets to flocculate when salt is added to emulsions stabilized
by ionic emulsifiers. The surface charge density of protein-stabilized emulsions decreases as the
pH tends toward the isoelectric point, which reduces the magnitude of the repulsive electrostatic
interactions between the droplets and also leads to droplet flocculation.

B. MEcHANISMS OF EMULSION INSTABILITY

As mentioned earlier, emulsions are thermodynamically unstable systems that tend with time to
revert back to the separate oil and water phases of which they were made. The rate at which this
process occurs and the route that is taken depend on the physicochemical properties of the emul-
sion and the prevailing environmental conditions. The most important mechanisms of physical
instability are creaming, flocculation, coalescence, Ostwald ripening, and phase inversion. In prac-
tice, all these mechanisms act in concert and can influence one another. However, one mechanism
often dominates the others, facilitating the identification of the most effective method of controlling
emulsion stability.

The length of time an emulsion must remain stable depends on the nature of the food prod-
uct. Some food emulsions (e.g., cake batters, ice cream mix, margarine premix) are formed as
intermediate steps during a manufacturing process and need remain stable for only a few seconds,
minutes, or hours. Other emulsions (e.g., mayonnaise, cream liqueurs) must persist in a stable state
for days, months, or even years prior to sale and consumption. Some food processing operations
(e.g., the production of butter, margarine, whipped cream, and ice cream) rely on controlled destabi-
lization of an emulsion. We now turn to a discussion of the origin of the major destabilization mech-
anisms, the factors that influence them, and methods of controlling them. This type of information
is useful for food scientists because it facilitates the selection of the most appropriate ingredients
and processing conditions required to produce a food emulsion with particular properties.

1. Creaming and Sedimentation

The droplets in an emulsion have a density different from that of the liquid that surrounds them, and
so0 a net gravitational force acts on them [la,1b]. If the droplets have lower density than the surround-
ing liquid, they tend to move up, that is, to “cream.” Conversely, if they have a higher density they
tend to move down, resulting in what is referred to as sedimentation. Most liquid oils have densities
lower than that of water, and so there is a tendency for oil to accumulate at the top of an emulsion
and water at the bottom. Thus, droplets in an oil-in-water emulsion tend to cream, whereas those in



Lipid-Based Emulsions and Emulsifiers 99

a water-in-oil emulsion tend to sediment. The creaming rate of a single isolated spherical droplet in
a viscous liquid is given by the Stokes equation:

_2gr’(p2—py) (3.9)
M

where
v is the creaming rate
g is the acceleration due to gravity
p is the density
1 is the shear viscosity
The subscripts 1 and 2 refer to the continuous phase and droplet, respectively

The sign of v determines whether the droplet moves up (+) or down (-).

Equation 3.9 can be used to estimate the stability of an emulsion to creaming. For example, an oil
droplet (p, = 910 kg/m?) with a radius of 1 pm suspended in water (N, = 1 mPa-s, p; = 1000 kg/m?)
will cream at a rate of about 5 mm/day. Thus, one would not expect an emulsion containing droplets
of this size to have a particularly long shelf life. As a useful rule of thumb, an emulsion in which
the creaming rate is less than about 1 mm/day can be considered to be stable toward creaming [3].

In the initial stages of creaming (Figure 3.12), the droplets move upward and a droplet-depleted
layer is observed at the bottom of the container. When the droplets reach the top of the emulsion,
they cannot move up any further and so they pack together to form the “creamed layer.” The thick-
ness of the final creamed layer depends on the packing of the droplets in it. Droplets may pack very
tightly together, or they may pack loosely, depending on their polydispersity and the magnitude of
the forces between them. Close-packed droplets will tend to form a thin creamed layer, whereas
loosely packed droplets form a thick creamed layer. The same factors that affect the packing of the
droplets in a creamed layer determine the nature of the flocs formed (see Section VI.B.2). If the
attractive forces between the droplets are fairly weak, the creamed emulsion can be redispersed by
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FIGURE 3.12 Common mechanisms of emulsion instability: gravitational separation (creaming or sedimen-
tation), flocculation, coalescence, and phase separation.
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lightly agitating the system. On the other hand, if an emulsion is centrifuged, or if the droplets in a
creamed layer are allowed to remain in contact for extended periods, significant coalescence of the
droplets may occur, with the result that the emulsion droplets can no longer be redispersed by mild
agitation.

Creaming of emulsion droplets is usually an undesirable process, which food manufacturers try
to avoid. Equation 3.9 indicates that creaming can be retarded by minimizing the density difference
(p, — py) between the droplets and the surrounding liquid, reducing the droplet size, or increasing
the viscosity of the continuous phase. The Stokes equation is strictly applicable only to isolated
rigid spheres suspended in an infinite viscous liquid. Since these assumptions are not valid for food
emulsions, the equation must be modified to take into account hydrodynamic interactions, droplet
fluidity, droplet aggregation, non-Newtonian aqueous phases, droplet crystallization, the adsorbed
layer, and Brownian motion [1a,2].

2. Flocculation and Coalescence

The droplets in emulsions are in continual motion because of their thermal energy, gravita-
tional forces, or applied mechanical forces, and as they move about they collide with their
neighbors. After a collision, emulsion droplets may either move apart or remain aggregated,
depending on the relative magnitude of the attractive and repulsive forces between them. If
the net force acting between the droplets is strongly attractive, they will aggregate, but if it
is strongly repulsive they will remain unaggregated. Two types of aggregation are commonly
observed in emulsions: flocculation and coalescence. In flocculations (Figure 3.12), two or
more droplets come together to form an aggregate in which the emulsion droplets retain their
individual integrity. Coalescence is the process whereby two or more droplets merge together to
form a single larger droplet (Figure 3.12). Improvements in the quality of emulsion-based food
products largely depend on an understanding of the factors that cause droplets to aggregate.
The rate at which droplet aggregation occurs in an emulsion depends on two factors: collision
frequency and collision efficiency [la,1b].

The collision frequency is the number of encounters between droplets per unit time per unit vol-
ume. Any factor that increases the collision frequency is likely to increase the aggregation rate. The
frequency of collisions between droplets depends on whether the emulsion is subjected to mechani-
cal agitation. For dilute emulsions containing identical spherical particles, the collision frequency N
has been calculated for both quiescent and stirred systems [3]:

2
N = 3KTng (3.10)
3n
N = ?Gﬁné (3.11)

where
n, is the initial number of particles per unit volume
G is the shear rate

The collision efficiency, E, is the fraction of encounters between droplets that lead to aggregation.
Its value ranges from O (no flocculation) to 1 (fast flocculation) and depends on the interaction
potential. The equations for the collision frequency must therefore be modified to take into account
droplet—droplet interactions:

2
_ 4an0 E
3n

N (3.12)
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with x the distance between the centers of the droplets (x = 2r + s5) and AG(x) the droplet—droplet
interaction potential (Section VI.A). Emulsion droplets may remain unaggregated, or they may
aggregate into the primary or secondary minima depending on AG(x).

These equations are applicable only to the initial stages of aggregation in dilute emulsions con-
taining identical spherical particles. In practice, most food emulsions are fairly concentrated sys-
tems, and interactions between flocs as well as between individual droplets are important. These
equations must therefore be modified to take into account the interactions and properties of floc-
culated droplets.

The nature of the droplet—droplet interaction potential also determines the structure of the flocs
formed and the rheology and stability of the resulting emulsion [la]. When the attractive force
between them is relatively strong, two droplets tend to become “locked” together as soon as they
encounter each other. This leads to the formation of flocs that have quite open structures [3]. When
the attractive forces are not particularly strong, the droplets may “roll around” each other after a col-
lision, which allows them to pack more efficiently to form denser flocs. These two extremes of floc
structure are similar to those formed by filamentous and particulate gels, respectively (Figure 3.8).

The structure of the flocs formed in an emulsion has a pronounced influence on its bulk
physicochemical properties. An emulsion containing flocculated droplets has a higher viscos-
ity than one containing unflocculated droplets, since the water trapped between the floccu-
lated droplets increases the effective diameter (and therefore volume fraction) of the particles
(Equation 3.3). Flocculated particles also exhibit strong shear-thinning behavior: as the shear
rate is increased, the viscosity of the emulsion decreases because the flocs are disrupted and so
their effective volume fraction decreases. If flocculation is extensive, a 3D network of aggre-
gated particles extends throughout the system and the emulsion has a yield stress that must be
overcome before the system will flow. The creaming rate of droplets is also strongly dependent
on flocculation. At low droplet concentrations, flocculation increases the creaming rate because
the effective size of the particles is increased (Equation 3.9), but at high droplet concentra-
tions, it retards creaming because the droplets are trapped within the 3D network of aggregated
emulsion droplets.

In coalescence (Figure 3.12), two or more liquid droplets collide and merge into a single larger
droplet. Extensive coalescence eventually leads to oiling off, that is, formation of free oil on the top
of an emulsion. Because coalescence involves a decrease in the surface area of oil exposed to the
continuous phase, it is one of the principal mechanisms by which an emulsion reverts to its most
thermodynamically stable state (Figure 3.1). Coalescence occurs rapidly between droplets that are
not protected by emulsifier molecules; for example, if one homogenizes oil and water in the absence
of an emulsifier, the droplets readily coalesce. When droplets are stabilized by an emulsifier mem-
brane, the tendency for coalescence to occur is governed by the droplet—droplet interaction potential
and the stability of the film to rupture. If there is a strong repulsive force between the droplets at
close separations, or if the film is highly resistant to rupture, the droplets will tend not to coalesce.
Most food emulsions are stable to coalescence, but they become unstable when subjected to high
shear forces that cause the droplets to frequently collide with each other or when the droplets remain
in contact with each other for extended periods (e.g., droplets in flocs, creamed layers, or highly
concentrated emulsions).

where

E:j eprG(x)
: kT

3. Partial Coalescence

Normal coalescence involves the aggregation of two or more liquid droplets to form a single larger
spherical droplet, but partial coalescence occurs when two or more partially crystalline droplets
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FIGURE 3.13 Partial coalescence occurs when two partly crystalline emulsion droplets collide and aggre-
gate because a crystal in one droplet penetrates the other droplet.

encounter each other and form a single irregularly shaped aggregate (Figure 3.13). The aggregate
is irregular in shape because some of the structure of the fat crystal network contained in the
original droplets is maintained within it. It has been proposed that partial coalescence occurs
when two partially crystalline droplets collide and a crystal from one of them penetrates the
intervening membranes and protrudes into the liquid region of the other droplet [1a]. Normally,
the crystal would stick out into the aqueous phase, thus becoming surrounded by water; how-
ever, when it penetrates another droplet, it is surrounded by oil, and because this arrangement is
energetically favorable the droplets remain aggregated. With time the droplets slowly fuse more
closely together, with the result that the total surface area of oil exposed to the aqueous phase is
reduced. Partial coalescence occurs only when the droplets have a certain ratio of solid fat and
liquid oil. If the solid fat content of the droplets is either too low or too high, the droplets will tend
not to undergo partial coalescence [5].

Partial coalescence is particularly important in dairy products because milk fat globules are
partially crystalline at temperatures commonly found in foods. The application of shear forces or
temperature cycling to cream containing partly crystalline milk fat globules can cause extensive
aggregation of the droplets, leading to a marked increase in viscosity (“thickening”) and subsequent
phase separation [9]. Partial coalescence is an essential process in the production of ice cream,
whipped toppings, butter, and margarine. Oil-in-water emulsions are cooled to a temperature at
which the droplets are partly crystalline, and a shear force is then applied that causes droplet aggre-
gation via partial coalescence. In butter and margarine, aggregation results in phase inversion,
whereas in ice cream and whipped cream the aggregated fat droplets form a network that surrounds
air cells and provides the mechanical strength needed to produce good stability and texture.

4. Ostwald Ripening

Ostwald ripening is the growth of large droplets at the expense of smaller ones [la]. This process
occurs because the solubility of the material in a spherical droplet increases as the size of the droplet
decreases:

S(r) = S(o0)exp ( ZIZ;/;" j 3.13)

Here
V., is the molar volume of the solute
y is the interfacial tension
R is the gas constant
S(o0) is the solubility of the solute in the continuous phase for a droplet with infinite curvature
(i.e., a planar interface)
S(r) is the solubility of the solute when contained in a spherical droplet of radius r
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The greater solubility of the material in smaller droplets means that there is a higher concen-
tration of solubilized material around a small droplet than around a larger one. Consequently,
solubilized molecules move from small droplets to large droplets because of this concentration
gradient, which causes the larger droplets to grow at the expense of the smaller ones. Once
steady-state conditions have been achieved, the growth in droplet radius with time due to Ostwald
ripening is given by

d(r)* _ 8yV,,S(0)D
dr 9RT

(3.14)

where D is the diffusion coefficient of the material through the continuous phase. This equation
assumes that the emulsion is dilute and that the rate-limiting step is the diffusion of the solute mol-
ecules across the continuous phase. In practice, most food emulsions are concentrated systems, and
so the effects of the neighboring droplets on the growth rate have to be considered. Some droplets
are surrounded by interfacial membranes that retard the diffusion of solute molecules in and out of
droplets, and in such cases, the equation must be modified accordingly. Ostwald ripening is negli-
gible in many foods because triacylglycerols have extremely low water solubilities, and therefore,
the mass transport rate is insignificant (Equation 3.14). Nevertheless, in emulsions that contain more
water-soluble lipids, such as flavor oils, Ostwald ripening may be important.

5. Phase Inversion

In phase inversion (Figure 3.12), a system changes from an oil-in-water emulsion to a water-
in-oil emulsion or vice versa. This process usually occurs as a result of some alteration in the
system’s composition or environmental conditions, such as dispersed phase volume fraction,
emulsifier type, emulsifier concentration, temperature, or application of mechanical forces.
Phase inversion is believed to occur by means of a complex mechanism that involves a combi-
nation of the processes that occur during flocculation, coalescence, and emulsion formation. At
the point where phase inversion occurs, the system may briefly contain regions of oil-in-water
emulsion, water-in-oil emulsion, multiple emulsions, and bicontinuous phases, before convert-
ing to its final state.

6. Chemical and Biochemical Stability

Chemical and biochemical reactions of various types (e.g., oxidation, reduction, or hydrolysis of
lipids, polysaccharides, and proteins) can cause detrimental changes in the quality of food emul-
sions. Many of these reactions are catalyzed by specific enzymes that may be present in the food.
The reactions that are important in a given food emulsion depend on the concentration, type, and
distribution of ingredients, and the thermal and shear history of the food. Chemical and biochemical
reactions can alter the stability, texture, flavor, odor, color, and toxicity of food emulsions. Thus, it
is important to identify the most critical reactions that occur in each type of food so that they can
be controlled in a systematic fashion.

VIl. CHARACTERIZATION OF EMULSION PROPERTIES

Ultimately, food manufacturers want to produce a high-quality product at the lowest possible cost.
To achieve this goal, they must have a good appreciation of the factors that determine the proper-
ties of the final product. This knowledge, in turn, is used to formulate and manufacture a product
with the desired characteristics (e.g., appearance, texture, mouthfeel, taste, shelf life). These bulk
physicochemical and sensory properties are determined by such molecular and colloidal proper-
ties of emulsions as dispersed volume fraction, droplet size distribution, droplet—droplet interac-
tions, and interfacial properties. Consequently, a wide variety of experimental techniques have been
developed to characterize the molecular, colloidal, microscopic, and macroscopic properties of food
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emulsions [la]. Analytical techniques are needed to characterize the properties of food emulsions
in the laboratory, where they are used to improve our understanding of the factors that determine
emulsion properties, and in the factory, where they are used to monitor the properties of foods
during processing to ensure that the manufacturing process is operating in an appropriate manner
[31,32]. The sections that follow highlight some of the most important properties of food emulsions
and outline experimental techniques for their measurement.

A. DisperseD PHASE VOLUME FRACTION

The dispersed phase volume fraction or ¢ is the volume of emulsion droplets (V) divided by the
total volume of the emulsion (Vy): ¢ = V,/V,. The dispersed phase volume fraction determines the
relative proportion of oil and water in a product, as well as influencing many of the bulk physico-
chemical and sensory properties of emulsions, such as appearance, rheology, taste, and stability.
For example, an emulsion tends to become more turbid and to have a higher viscosity when the
concentration of droplets is increased [la]. Methods for measuring the dispersed phase volume
fraction of emulsions are outlined in Table 3.2. Traditional proximate analysis techniques, such as
solvent extraction to determine oil content and oven drying to determine moisture content, can be
used to analyze the dispersed phase volume fraction of emulsions. Nevertheless, proximate analysis
techniques are often destructive and quite time-consuming to carry out and are therefore unsuitable
for rapid quality control or online measurements. If the densities of the separate oil and aqueous
phases are known, the dispersed phase volume fraction of an emulsion can simply be determined
from a measurement of its density:

¢ = (pemulsion - pcontinuous phase )(pdroplet - pcontinuous phase) (315)

The electrical conductivity of an emulsion decreases as the concentration of oil within it
increases, and so instruments based on electrical conductivity can also be used to determine ¢.
Light scattering techniques can be used to measure the dispersed phase volume fraction of dilute
emulsions (¢ < 0.001), whereas NMR and ultrasound spectroscopy can be used to rapidly and
nondestructively determine ¢ of concentrated and optically opaque emulsions. A number of
these experimental techniques (e.g., ultrasound, NMR, electrical conductivity, density measure-
ments) are particularly suitable for online determination of the composition of food emulsions
during processing.

TABLE 3.2
Experimental Techniques for Characterizing the Physicochemical Properties
of Food Emulsions

Dispersed phase volume fraction ~ Proximate analysis, density, electrical conductivity, light scattering, NMR, ultrasound

Droplet size distribution Light scattering (static and dynamic), electrical conductivity, optical microscopy,
electron microscopy, ultrasound, NMR

Microstructure Optical microscopy, electron microscopy, atomic force microscopy

Creaming and sedimentation Light scattering, ultrasound, NMR, visual observation

Droplet charge Electrokinetic techniques, electroacoustic techniques

Droplet crystallization Density, NMR, ultrasound, differential scanning calorimetry, polarized optical microscopy

Emulsion rheology Viscometers, dynamic shear rheometers

Interfacial tension Interfacial tensiometers (static and dynamic)

Interfacial thickness Ellipsometry, neutron reflection, neutron scattering, light scattering, surface force apparatus

Source: McClements, D.J., Food Emulsions: Principles, Practice and Techniques, 3rd edn., CRC, Boca Raton, FL, 2015.
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B. DRoPLET Size DISTRIBUTION

The size of the droplets in an emulsion influences many of their sensory and bulk physicochemical
properties, including rheology, appearance, mouthfeel, and stability [3,5]. It is therefore important
for food manufacturers to carefully control the size of the droplets in a food product and to have ana-
lytical techniques to measure droplet size. Typically, the droplets in a food emulsion are somewhere
in the size range of 0.1-50 pm in diameter.

Food emulsions always contain droplets that have a range of sizes, and so it is usually important
to characterize both the average size and the size distribution of the droplets. The droplet size distri-
bution is usually represented by a plot of droplet frequency (number or volume) versus droplet size
(radius or diameter). Some of the most important experimental techniques for measuring droplet
size distributions are included in Table 3.2.

Light scattering and electrical conductivity techniques are capable of providing a full particle
size distribution of a sample in a few minutes. Since, however, these techniques usually require
that the droplet concentration be very low (¢ < 0.001), samples must be diluted considerably before
analysis. Optical and electron microscopy techniques, which provide the most direct measurement
of droplet size distribution, are often time-consuming and laborious to operate, and sample prepara-
tion can cause considerable artifacts in the results. In contrast, recently developed techniques based
on NMR and ultrasonic spectroscopy can be used to rapidly and nondestructively measure the
droplet size distribution of concentrated and optically opaque emulsions [1a]. These techniques are
particularly useful for online characterization of emulsion properties.

C. MICROSTRUCTURE

The structural organization and interactions of the droplets in an emulsion often play an important
role in determining the properties of a food. For example, two emulsions may have the same drop-
let concentration and size distribution, but very different properties, because of differences in the
degree of droplet flocculation. Various forms of microscopy are available for providing information
about the microstructure of food emulsions. The unaided human eye can resolve objects that are far-
ther apart than about 0.1 mm (100 pm). Most of the structural components in food emulsions (e.g.,
emulsion droplets, surfactant micelles, fat crystals, ice crystals, small air cells, protein aggregates)
are much smaller than this lower limit and cannot therefore be observed directly by the eye.
Optical microscopy can be used to study the components of size between about 0.5 and 100 pm.
The characteristics of specific components can be highlighted by selectively staining certain ingre-
dients or by using special lenses. Electron microscopy can be used to study components that have
sizes down to about 0.5 nm. Atomic force microscopy can be used to provide information about the
arrangements and interactions of single atoms or molecules. All these techniques are burdened by
sample preparation steps that often are laborious and time-consuming and subject to alter the prop-
erties of the material being examined. Nevertheless, when carried out correctly the advanced micro-
scopic techniques provide extremely valuable information about the arrangement and interactions
of emulsion droplets with each other and with the other structural entities found in food emulsions.

D. PHysicAL STATE

The physical state of the components in a food emulsion often has a pronounced influence on its
overall properties [la]. For example, oil-in-water emulsions are particularly prone to partial coales-
cence when the droplets contain a certain percentage of crystalline fat (Section VI.B). Partial
coalescence leads to extensive droplet aggregation, which decreases the stability of emulsions to
creaming and greatly increases their viscosity. In water-in-oil emulsions, such as margarine or
butter, the formation of a network of aggregated fat crystals provides the characteristic rheologi-
cal properties. The most important data for food scientists are the temperature at which melting



106 Food Lipids: Chemistry, Nutrition, and Biotechnology

or crystallization begins, the temperature range over which the phase transition occurs, and the
value of the solid fat content at any particular temperature. Phase transitions can be monitored
by measuring changes in any property (e.g., density, compressibility, heat capacity, absorption
or scattering of radiation) that is altered upon conversion of an ingredient from a solid to a liquid
(Table 3.2). The density of a component often changes when it undergoes a phase transition, and so
melting or crystallization can be monitored by measuring changes in the density of a sample with
temperature or time.

Phase transitions can also be monitored by measuring the amount of heat absorbed or released
when a solid melts or a liquid crystallizes, respectively. This type of measurement can be carried
out by means of differential thermal analysis or differential scanning calorimetry. These techniques
also provide valuable information about the polymorphic form of the fat crystals in an emulsion.
More recently, rapid instrumental methods based on NMR and ultrasound have been developed to
measure solid fat contents [la]. These instruments are capable of nondestructively determining the
solid fat content of a sample in a few seconds and are extremely valuable analytical tools for rapid
quality control and online procedures. Phase transitions can be observed in a more direct manner
by means of polarized optical microscopy.

E. CREAMING AND SEDIMENTATION PROFILES

Over the past decade, a number of instruments have been developed to quantify the creaming or
sedimentation of the droplets in emulsions. Basically, the same light scattering, NMR, and ultra-
sound techniques used to measure the dispersed phase volume fraction or droplet size distributions
of emulsions are applied to creaming or sedimentation, but the measurements are carried out as a
function of sample height to permit the acquisition of a profile of droplet concentrations or sizes.
Techniques based on the scattering of light can be used to study creaming and sedimentation in
fairly dilute emulsions. A light beam is passed through a sample at a number of different heights,
and the reflection and transmission coefficients are measured and related to the droplet concentra-
tion and size. By measuring the ultrasonic velocity or attenuation as a function of sample height and
time, it is possible to quantify the rate and extent of creaming in concentrated and optically opaque
emulsions. This technique can be fully automated and has the two additional advantages: creaming
can be detected before it is visible to the eye, and a detailed creaming profile can be determined
rather than a single boundary. By measuring the ultrasound properties as a function of frequency,
it is possible to determine both the concentration and size of the droplets as a function of sample
height. Thus, a detailed analysis of creaming and sedimentation in complex food systems can be
monitored noninvasively. Recently developed NMR imaging techniques can also measure the con-
centration and size of droplets in any region in an emulsion [9]. These ultrasound and NMR tech-
niques will prove particularly useful for understanding the kinetics of creaming and sedimentation
in emulsions and for predicting the long-term stability of food emulsions.

F. EmuLsioN RHEOLOGY

The rheology of an emulsion is one of its most important overall physical attributes because it
largely determines the mouthfeel, flowability, and stability of emulsions [3]. A variety of experi-
mental techniques are available for measuring the rheological properties of food emulsions. The
rheology of emulsions that have low viscosities and act like ideal liquids can be characterized by
capillary viscometers. For nonideal liquids or viscoelastic emulsions, more sophisticated instrumen-
tal techniques called dynamic shear rheometers are available to measure the relationship between
the stress applied to an emulsion and the resulting strain or vice versa. As well as providing valu-
able information about the bulk physicochemical properties of emulsions (e.g., texture, flow through
pipes), rheological measurements can provide information about droplet—droplet interactions and
the properties of any flocs formed in an emulsion.



Lipid-Based Emulsions and Emulsifiers 107

G. INTERFACIAL PROPERTIES

Despite comprising only a small fraction of the total volume of an emulsion, the interfacial region
that separates the oil from the aqueous phase plays a major role in determining stability, rheology,
chemical reactivity, flavor release, and other overall physicochemical properties of emulsions. The
most important properties of the interface are the concentration of emulsifier molecules present (the
surface load), the packing of the emulsifier molecules, and the thickness, viscoelasticity, electrical
charge, and (interfacial) tension of the interface.

A variety of experimental techniques are available for characterizing the properties of oil-water
interfaces (Table 3.2). The surface load is determined by measuring the amount of emulsifier that
adsorbs per unit area of oil-water interface. The thickness of an interfacial membrane can be deter-
mined by light scattering, neutron scattering, neutron reflection, surface force, and ellipsometry
techniques. The rheological properties of the interfacial membrane can be determined by means of
the 2D analog of normal rheological techniques. The electrical charge of the droplets in an emulsion
determines their susceptibility to aggregation. Experimental techniques based on electrokinetic
and electroacoustic techniques are available for determining the charge on emulsion droplets. The
dynamic or equilibrium interfacial tension of an oil-water interface can be determined by means
of a number of interfacial tension meters, including the Wilhelmy plate, Du Nouy ring, maximum
bubble pressure, and pendant drop methods.
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I. CHEMISTRY OF WAXES

A. INTRODUCTION

The term “waxes” commonly refers to the mixtures of long-chain apolar compounds found on the
surface of plants and animals. By a strict chemical definition, a wax is the ester of a long-chain
acid and a long-chain alcohol. However, this academic definition is much too narrow both for the
wax chemist and for the requirements of the industry. The following description from the German
Society for Fat Technology [1] better fits the reality:

Wax is the collective term for a series of natural or synthetically produced substances that normally
possess the following properties: kneadable at 20°C, brittle to solid, coarse to finely crystalline,
translucent to opaque, relatively low viscosity even slightly above the melting point, not tending to
stinginess, consistency and solubility depending on the temperature and capable of being polished
by slight pressure.

The collective properties of wax as just defined clearly distinguish waxes from other articles of
commerce. Chemically, waxes constitute a large array of different chemical classes, including
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hydrocarbons, wax esters, sterol esters, ketones, aldehydes, alcohols, and sterols. The chain length
of these compounds may vary from C,, as in the acetate of a long-chain ester, to Cq,, as in the case
of some hydrocarbons [2,3].

Wazxes can be classified according to their origins as naturally occurring or synthetic. Naturally
occurring waxes can be subclassified into animal, vegetable, and mineral waxes. Beeswax, sper-
maceti, wool grease, and lanolin are important animal waxes. Beeswax, wool grease, and lano-
lin are by-products of other industries. Vegetable waxes include carnauba wax, the so-called
queen of waxes, ouricuri (another palm wax), and candelilla. These three waxes account for the
major proportion of the consumption of vegetable waxes. Mineral waxes are further classified
into petroleum waxes, ozocerite, and montan. Based on their chemical structure, waxes repre-
sent a very broad spectrum of chemical types from polyethylene, polymers of ethylene oxide,
derivatives of montan wax, alkyl esters of monocarboxylic acids, alkyl esters of hydroxy acids,
polyhydric alcohol esters of hydroxy acids, Fisher-Tropsch waxes, and hydrogenated waxes, to
long-chain amide waxes.

We begin with an overview of the diverse class of lipids known as waxes. The discussion pre-
sented that follows, which touches on source, structure, function, and biosynthesis, is intended to
serve as an entry to the literature, enabling the reader to pursue this topic in greater detail.

B. PRrOPERTIES AND CHARACTERISTICS OF WAXES

Ancient Egyptians used beeswax to make writing tablets and models, and waxes are now described
as man’s first plastic. Indeed, the plastic property of waxes and cold-flow yield values allow manual
working at room temperature, corresponding to the practices of the Egyptians. The melting points
of waxes usually vary within the range 40°C-120°C.

Wazxes dissolve in fat solvents and their solubility is dependent on temperature. They can also
wet and disperse pigments and can be emulsified with water, which makes them useful in the furni-
ture, pharmaceutical, and food industries. Their combustibility, associated with low ash content, is
important in candle manufacture and solid fuel preparation. Waxes also find application in industry
as lubricants and insulators, where their properties as natural plastics, their high flash points, and
their high dielectric constants are advantageous.

The physical and technical properties of waxes depend more on molecular structure than on
molecular size and chemical constitution. The chemical components of waxes range from hydro-
carbons, esters, ketones, aldehydes, and alcohols to acids, mostly as aliphatic long-chain molecules.
The hydrocarbons in petroleum waxes are mainly alkanes, though some unsaturated and branched
chain compounds are found. The common esters are those of saturated acids with 12-28 carbon
atoms combining with saturated alcohols of similar chain length. Primary alcohols, acids, and esters
have been characterized and have been found to contain an even straight chain of carbon atoms. By
contrast, most ketones, secondary alcohols, and hydrocarbons have odd number of carbon atoms.
The chemical constitution of waxes varies in great degree depending on the origin of the material.
A high proportion of cholesterol and lanosterol is found in wool wax. Commercial waxes are char-
acterized by a number of properties. These properties are used in wax grading [4].

1. Physical Properties of Waxes

Color and odor are determined by comparison with standard samples in a molten state. In the
National Petroleum Association scale, the palest color is rated 0, whereas amber colors are rated 8.

Refined waxes are usually free from taste, this property being especially important in products
such as candelilla when it is used in chewing gum. Melting and softening points are important
physical properties. The melting points can be determined by the capillary tube method or the
drop point method. The softening point of a wax is the temperature at which the solid wax begins
to soften. The penetration property measures the depth to which a needle with a definite top load
penetrates the wax sample.



Chemistry of Waxes and Sterols 111

Shrinkage and flash point are two frequently measured physical properties of waxes. The flash
point is the temperature at which a flash occurs if a small flame is passed over the surface of the
sample. In the liquid state, a molten wax shrinks uniformly until the temperature approaches the
solidification point. This property is measured as the percentage shrinkage of the volume.

2. Chemical Properties of Waxes
a. Acid Value

The acid value is the number of milligrams of potassium hydroxide required to neutralize a gram of
the wax. It is determined by the titration of the wax solution in ethanol-toluene with 0.5 M potas-
sium hydroxide. Phenolphthalein is normally used as the titration indicator.

V, x56.104
W b

Acidvalue =

where
V,, is the number of milliliters (mL) of potassium hydroxide used in the titration
w is the mass of wax

b.  Saponification Number

The saponification number is the number of milligrams of potassium hydroxide required to hydro-
lyze 1 g of wax:

(V, —V,)x56.105

w

Saponification number =

where
w is the weight of wax samples
V, is the volume (mL) of hydrochloric acid used in the blank
V,, is the volume (mL) of hydrochloric acid used in the actual analysis

The wax (2 g) is dissolved in hot toluene (910 mL). Alcoholic potassium hydroxide (25 mL of 0.5 M
KOH) is added, and the solution is refluxed for 2 h. A few drops of phenolphthalein are added and
the residual potassium hydroxide is titrated with 0.5 M hydrochloric acid. A blank titration is also
performed with 25 mL of 0.5 M alcoholic potassium hydroxide plus toluene.

c. Ester Value

Ester value, the difference between the saponification number and the acid value, shows the amount
of potassium hydroxide consumed in the saponification of esters.

d. lodine Number

The iodine number expresses the amount of iodine that is absorbed by the wax. It is a measure of
the degree of unsaturation.

e. Acetyl Number

The acetyl number indicates the milligrams of potassium hydroxide required for the saponi-
fication of the acetyl group assimilated in 1 g of wax on acetylation. The difference of this
number and the ester value reflects the amount of free hydroxyl groups (or alcohol composi-
tion) in a wax. The wax sample is first acetylated by acetic anhydride. A certain amount of
acetylated wax (about 2 g) is taken out to be saponified with the standard procedure in the
measurement of the saponification number. The acetyl number is the saponification number of
the acetylated wax.
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3. Properties of Important Naturally Occurring Waxes
a. Beeswax

Beeswax is a hard amorphous solid, usually light yellow to amber depending on the source and
manufacturing process. It has a high solubility in warm benzene, toluene, chloroform, and other
polar organic solvents. Typically, beeswax has an acid value of 17-36, a saponification number of
90-147, melting point of 60°C—67°C, an ester number of 64—84, a specific gravity of 0.927-0.970,
and an iodine number of 7-16. Pure beeswax consists of about 70%—-80% of long-chain esters,
12%—15% of free acids, 10%—15% of hydrocarbon, and small amounts of diols and cholesterol
esters. Beeswax is one of the most useful and valuable of waxes. Its consumption is not limited to
the candle industry, the oldest field of wax consumption. It is also used in electrical insulation and
in the food, paper, and rubber industries.

b. Wool Grease and Lanolin

Wool grease is a by-product of the wool industry, and the finest wool grease yields lanolin.
Pharmaceutical grade lanolin accounts for about 80% of all wool grease consumption. Wool grease
has a melting point of 35°C—42°C, an acid value of 7-15, a saponification value of 100-110, an ester
value of 85-100, a specific gravity of 0.932—-0.945, and an iodine value of 22-30.

c. Carnauba Wax

Carnauba wax, queen of waxes, is a vegetable wax produced in Brazil. Carnauba wax is hard,
amorphous, and tough, with a pleasant smell. It is usually used in cosmetics and by the food
industry, in paper coatings, and in making inks. In the food industry, it is a minor component in
glazes for candies, gums, and fruit coatings. Carnauba wax is soluble in most polar organic sol-
vents. It contains esters (84%—85%), free acids (3%—-3.5%), resins (4%—6%), alcohols (2%—3%),
and hydrocarbons (1.5%—-3.0%). Typically, carnauba has an acid value of 2.9-9.7, an ester value
of 39-55, a saponification value of 79-95, an iodine value of 7-14, and a melting range of
78°C-85°C.

d. Candelilla Wax

Candelilla wax is a vegetable wax produced mainly in Mexico. It is used chiefly in the manufac-
turing of chewing gum and cosmetics, which represent about 40% of the market. It is also used
in furniture polish, in the production of lubricants, and in paper coating. Candelilla wax has a
specific gravity of 0.98, an acid value of 12-22, a saponification value of 43—65, a melting point of
66°C-71°C, an ester value of 65-75, and an iodine value of 12-22. The chemical composition of
candelilla wax is 28%—29% esters, 50%—51% hydrocarbons, 7%—9% free acids, and small amounts
of alcohols and cholesterols.

e. Ozocerite

Ozocerite is a mineral wax found in Galicia, Russia, Iran, and the United States. Most ozocerite
consists of hydrocarbons, but the chemical composition varies with the source. Typically, ozocerite
has an ester value of 56—66, an acid value of 31-38, a saponification value of 87-104, a melting
point of 93°C-89°C, and an iodine value of 14—18. Ozocerite is graded as unbleached (black), single
bleached (yellow), and double bleached (white). It is mainly used in making lubricants, lipsticks,
polishes, and adhesives.

C. [ISOLATION, SEPARATION, AND ANALYSIS OF NATURAL WAXES

Knowledge of the chemical analysis of natural waxes is essential for understanding wax biosyn-
thesis, manufacture, and application. Although the chemical compositions of synthetic waxes are
constant and depend on the manufacturing process, the natural waxes are much more complicated
in chemical composition. In general, natural waxes are isolated by chemical extraction, separated
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by chromatographic methods, and analyzed by means of mass spectrometry (MS); both gas chro-
matography (GC) and high-performance liquid chromatography (HPLC) techniques are used. The
following discussion on chemical analysis is based on an understanding of the general principles
of chemical extraction, chromatography, and MS. There are numerous textbooks detailing these
principles [5-7].

1. Isolation

Natural waxes are mixtures of long-chain apolar compounds found on the surface of plants and
animals. However, internal lipids also exist in most organisms. In earlier times, the plant or animal
tissue was dried, whereupon the total lipid material could be extracted with hexane or chloroform by
means of a Soxhlet extractor. The time of exposure to the organic solvent, particularly chloroform,
is kept short to minimize or avoid the extraction of internal lipids. Because processors are interested
in surface waxes, it became routine to harvest them by a dipping procedure. For plants, this was
usually done in the cold, but occasionally at the boiling point of light petroleum or by swabbing to
remove surface lipids. Chloroform, which has been widely used, is now known to be toxic; dichloro-
methane can be substituted. After removal of the solvent under vacuum, the residue can be weighed.
Alternatively, the efficiency of the extraction can be determined by adding a known quantity of
a standard wax component (not present naturally in the sample) and performing a quantification
based on this component following column chromatography.

2. Separation

The extract of surface lipids contains hydrocarbons, as well as long-chain alcohols, aldehydes
and ketones, short-chain acid esters of the long-chain alcohols, fatty acids, sterols and sterol
esters, and oxygenated forms of these compounds. In most cases, it is necessary to separate
the lipid extract into lipid classes before the identification of components. Separation of waxes
into their component classes is first achieved by column chromatography. The extract residue
is redissolved in the least polar solvent possible, usually hexane or light petroleum, and trans-
ferred to the chromatographic column. When the residue is not soluble in hexane or light petro-
leum, a hot solution or a more polar solvent, like chloroform of dichloromethane, may be used
to load the column. By gradually increasing the polarity of the eluting solvent, it is possible to
obtain hydrocarbons, esters, aldehydes and ketones, triglycerides, alcohols, hydroxydiketones,
sterols, and fatty acids separately from the column. Most separations have been achieved on
alumina or silica gel. However, Sephadex LH-20 was used to separate the alkanes from Green
River Shale. Linde 5A sieve can remove the n-alkanes to provide concentrated branched and
alicyclic hydrocarbons. Additionally, silver nitrate can be impregnated into alumina or silica
gel columns or thin-layer chromatography (TLC) plates for separating components according
to the degree of unsaturation.

As the means of further identifying lipids become more sophisticated, it is possible to obtain a
sufficient quantity of the separated wax components by TLC. One of the major advantages of TLC
is that it can be modified very easily, and minor changes to the system have allowed major changes
in separation to be achieved. Most components of wax esters can be partially or completely sepa-
rated by TLC on 25 mm silica gel G plates developed in hexane—diethyl ether or benzene—hexane.
The retardation factor (R;) values of most wax components are listed in Table 4.1 [8].

If TLC is used, the components must be visualized, and the methods employed can be either
destructive or nondestructive. The commonly used destructive method is to spray TLC plates
with sulfuric or molybdic acid in ethanol and heat them. This technique is very sensitive, but
it destroys the compounds and does not work well with free acids. Iodine vapors will cause a
colored band to appear, particularly with unsaturated compounds, and are widely used to both
locate and quantify the lipids. Since the iodine can evaporate from the plate readily after removal
from iodine chamber, the components usually remain unchanged. Iodine vapor is one of the ideal
visualization media in the isolation of lipid classes from TLC plates. Commercial TLC plates
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TABLE 4.1
TLC Separation of Wax Components on Silica Gel: R; Values for Common Wax
Components

Solvent Systems

Component A B C D E F G H
Hydrocarbon 0.95 0.96 0.95 0.85 0.83 0.95 0.85

Squalene 0.80
Trialkylglyceryl ethers 0.90

Steryl esters 0.90 0.95 0.57

Wax esters 0.90 0.82 0.84 0.71 0.65 0.91 0.75
B-Diketones 0.75 0.54

Monoketones 0.53

Fatty acid methyl esters 0.65 0.47 0.75

Aldehydes 0.55 0.65 0.47 0.66
Triterpenyl acetates 0.53

Secondary alcohols 0.36

Triacylglycerols 0.35 0.61 0.37

Free fatty acids 0.18 0.00 0.00 0.35 0.20
Triterphenols 0.22
Primary alcohols 0.15 0.14 0.16 0.09 0.15 0.21 0.19
Sterols 0.10 0.16 0.10 0.12
Hydroxy-f-diketones 0.09 0.04

Triterpenoid acid 0.05

Notes: A, petroleum ether (b.p. 60°C—70°C)—diethyl ether—glacial acetic acid (90:10:1, v/v); B, benzene; C, chloroform
containing 1% ethanol; D, petroleum ether (b.p. 40°C—60°C)—diethyl ether (80:20, v/v); E, chloroform containing
1% ethanol; F, hexane—heptane—diethyl ether—glacial acetic acid (63:18.5:18.5, v/v) to 2 cm from top, then full
development with carbon tetrachloride; G (1) petroleum ether—diethyl ether—glacial acetic acid (80:20:1, v/v);
(2) petroleum ether; H, benzene—chloroform (70:30 v/v).

with fluorescent indicators are available as well, and bands can be visualized under UV light.
However, if it is necessary to use solvents more polar than diethyl ether to extract polar com-
ponents from the matrix, the fluorescent indicators may also be extracted, and these additives
interfere with subsequent analyses.

To isolate lipid classes from TLC plates after a nondestructive method of visualization, the
silica gel can be scraped into a champagne funnel and eluted with an appropriate solvent. Or, the
gel can be scraped into a test tube and the apolar lipid extracted with diethyl ether by vortexing,
centrifuging, and decanting off the ether. Polar lipids are extracted in the same manner, using a
more polar solvent such as chloroform and methanol. HPLC has been used in the separation and
analysis of natural waxes, but its application was halted by the lack of a suitable detector, since
most wax components have no useful ultraviolet (UV) chromophore. Application of UV detec-
tion was limited to wavelength around 210 nm. Some components with isolated double bonds and
carbonyl group (e.g., esters, aldehydes, ketones) can be detected in this wavelength. Hamilton and
coworkers have examined an alternative detection system, infrared detection at 5.74 mm, which
allowed the hydrocarbon components to be detected [9]. Although the sensitivity of this method of
detection could not match that of UV detection, it has merit for use in the preparative mode, where
it is feasible to allow the whole output from the column to flow through the detector. The third use-
ful mode for HPLC is MS. The coupling of HPLC and MS makes this form of chromatography a
very important analytical technique.
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3. Analysis

When individual classes of waxes have been isolated, the identity of each must be determined. Due
to the complex composition of these materials, combined analytical approaches (e.g., GC-MS) have
been used to analyze individual wax classes. MS is a major analytical method for the analysis of
this class of compounds. With the electron impact-mass spectrometry, the wax molecules tend to
give cleavage fragments rather than parent ions. Thus, soft (chemical) ionization (CI) and fast atom
bombardment have been frequently used to give additional information for wax analysis.

In GC-MS analysis, the hydrocarbon fraction and many components of the wax ester fraction
can be analyzed directly, whereas long-chain alcohols, the aldehydes, and fatty acids are often
analyzed as their acetate esters of alcohols, dimethylhydrazones of aldehydes, and methyl esters of
fatty acids. The analysis of wax esters after hydrolysis and derivatization will provide additional
information on high molecular weight esters. For example, the chain branching of a certain com-
ponent might be primarily examined with respect to its unusual retention time on GC analysis then
determined by converting to the corresponding hydrocarbon through the reduction of its iodide
intermediate with LiAID4 (the functional group end is labeled by the deuterium atom). A similar
approach is to convert the alcohol of the target component to an alkyl chloride via methanesulfonyl
chloride. This method labels the functional end with a chlorine atom, and its mass spectra are eas-
ily interpreted because of the chlorine isotopes. As mentioned earlier, unsaturated hydrocarbons
can be separated from saturated hydrocarbons and unsaturated isomers by column chromatogra-
phy or TLC with silver nitrate silica gel or alumina gel media. The position and number of double
bonds affect the volatility of the hydrocarbons, thereby altering their retention in GC and HPLC
analysis. The location of a double bond is based on the mass spectra of their derivatives, using
either positive or negative CI.

D. BiosyNTHESIS OF NATURAL WAXES

Epicuticular waxes (from the outermost layer of plant and insect cuticles) comprise very long-chain
nonpolar lipid molecules that are soluble in organic solvents. In many cases, this lipid layer may
contain proteins and pigments, and great variability in molecular architecture is possible, depending
on the chemical composition of the wax and on environmental factors [10,11].

A variety of waxes can be found in the cuticle. On the outer surface of plants these intracuticu-
lar waxes entrap cutin, which is an insoluble lipid polymer of hydroxy and epoxy fatty acids. In
underlying layers, associated with the suberin matrix, another cutin-like lipid polymer containing
aliphatic and aromatic components is found [12]. In some instances, internal nonsuberin waxes,
which are stored in plant seeds, are the major energy reserves rather than triacylglycerols. In insects,
intracuticular waxes are the major constituents of the inner epicuticular layer [13—15].

A variety of aliphatic lipid classes occur in epicuticular waxes. These include hydrocarbons,
alcohols, esters, ketones, aldehydes, and free fatty acids of numerous types [16,17]. Frequently, a
series of 10 carbon atom homologs occur, while chain lengths of 10-35 carbon atoms are most often
found. However, fatty acids and hydrocarbons with fewer than 20 carbon atoms are known, as are
esters with more than 60 carbon atoms. Other minor lipids such as terpenoids, flavonoids, and ste-
rols also occur in epicuticular waxes. The composition and quantity of epicuticular wax vary widely
from one species to another and from one organ, tissue, or cell type to another [16]. In insects, wax
composition depends on the stage of life cycle, age, sex, and external environment [17].

In waxes, the biosynthesis of long-chain carbon skeletons is accomplished by a basic
condensation—elongation mechanism. Elongases are enzyme complexes that repetitively condense
short activated carbon chains to an activated primer and prepare the growing chain for the next
addition. The coordinated action of two such soluble complexes in plastid results in the synthesis
of the 16- and 18-carbon acyl chains characterizing plant membranes [18—20]. Each condensation
introduces a f-keto group into the elongating chain. This keto group is normally removed by a series
of three reactions: a f-keto reduction, a 3-hydroxy dehydration, and an enol reduction.
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Variations of the foregoing basic biosynthetic mechanism occur, giving rise to compounds clas-
sified as polyketides. Their modified acyl chains can be recognized by the presence of keto groups,
hydroxyl groups, or double bonds that were not removed before the next condensation took place.
It is well established that the very long carbon skeletons of the wax lipids are synthesized by a con-
densation—elongation mechanism. The primary elongated products in the form of free fatty acids
are often minor components of epicuticular waxes. Most of them, however, serve as substrates for
the associated enzyme systems discussed. The total length attained during elongation is reflected
by the chain lengths of the members of the various wax classes [15-21]. Normal, branched, and
unsaturated hydrocarbons and fatty acids are prominent components of plant waxes, whereas insect
waxes usually lack long-chain free fatty acids [22-26].

Il. CHEMISTRY OF STEROLS

A. INTRODUCTION

Sterols are a subclass of steroids. The International Union of Pure and Applied Chemistry (IUPAC)
and the International Union of Biochemistry have defined steroids as, “compounds possessing the
skeleton of cyclopentaa]phenanthrene or a skeleton derived therefrom by one or more bond scis-
sions or ring expansions or contractions” [27]. In summary, most steroids have four fused rings, as
shown in Figure 4.1. These four rings, considered the steroid “nucleus,” are labeled A through D.
IUPAC appoints “steroids carrying a hydroxyl group at C3 and most of the skeleton of cholestane”
as sterols [27]. Thus, compounds with a hydroxyl group at the C3 position and the four fused rings
seen in Figure 4.1 are classified sterols by the [IUPAC.

More recently, sterols were defined in Chemical Reviews as “amphipathic compounds that origi-
nate in isoprenoid biosynthesis with the main frame composed of a nucleus and a side chain” [28].
This interesting definition divides steroids that lack a side chain, particularly androgens and estro-
gens, from other sterols. Furthermore, if the term ‘“side chain” is interpreted to mean the CgH,,
alkyl group found at the C17 carbon of cholesterol, then progestogens, glucocorticoids, mineral cor-
ticoids, most of cholesterol’s precursors, plant steroids, and bile acids may be excluded. The latter
definition is more amiable with contemporary knowledge of steroids because every steroid appears
to have a unique combination of bioactivity and chemical reactivity.

Note that steroidal compounds are named according to the parent structure from which they
were derived or most resemble. Some common examples include “lanost-" for lanosterol, “cholest-"
for cholesterol, “pregn-" for progestogens, “-cortisol” and “-cortisone” for corticoids, “Andro-" for
androgens, and “estr-” for estrogens. Some steroidal compounds have special names such as pro-
gesterone and testosterone. All of these steroidal groups share the fused four ring system and may,
depending on the definition of sterol, be classified as one.

Sterols have a numbering system to identify carbon atoms [29], as shown in Figure 4.2. (An easy
way to remember this numbering system is to think of 1-10 and 11-19 as two circles.) For an
example of how to use the numbering system, consider 7-ketocholesterol (Figure 4.3), which has
a ketone at the C7 carbon. Note also that sterols have an alpha () and a beta () face [29]. As
Figure 4.2 is seen on the page, the beta side is toward the reader. The alpha side is going away from
the reader. This nomenclature can be seen with beta-sitosterol (Figure 4.3), where the ethyl group at
C24 is coming toward the reader. The double bonds of steroidal olefins are sometimes noted with a

(To
00

FIGURE 4.1 Cyclopenta[a]phenanthrene; four fused rings of a steroid nucleus.
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FIGURE 4.3 Examples of sterols. (a) Cholesterol, (b) beta-sitosterol, and (c) 7-ketocholesterol.

“A” symbol. Numbers appearing superscripted denote the position of the double bond. For example,
cholesterol is a A>® steroid or, rather, just A3, meaning that it has a double bond between the C5 and
C6 carbons. If the number in parenthesis is sequential in chronological order, then it is not listed. A
label with a period between two subscripted numbers such as A37 indicates a second double bond.
In the example, there would be a double bond at C-5 and C-7.

Numerous sterols are known to exist even among the most stringent of sterol definitions and can
be further divided into subclasses. For example, oxidized derivatives of sterols are called “oxyster-
ols.” An example of an oxysterol would be 7-ketocholesterol, an auto-oxidation product of choles-
terol. Plants also have their own unique sterols. They are called “phytosterols.” Their structures are
similar to that of animal sterols like cholesterol, except they have an additional alkyl group on the
side chain or other additional modification. Beta-sitosterol is a well-known phytosterol.

Cholesterol is considered the most important sterol and will thus be focused on greater than
other sterols in this chapter. It is the precursor of progestogens, corticoids, androgens, estrogens,
bile acids, and vitamin D [29] in addition to many oxysterols and is used in animal cell membranes
to maintain a “liquid-ordered” phase [30,31]. The human body must have cholesterol and thus regu-
lates its levels, especially within the brain [32]. (A human brain is the most cholesterol-rich organ
in the body!) [32]. If a diet does not supply enough cholesterol, the body will simply upregulate its
biosynthesis [33]. It is interesting that a recent meta-analysis reviewing dietary cholesterol intake
and cardiovascular disease did not find a conclusive correlation, which they attributed to bodily
reduction of cholesterol synthesis to compensate for increased intake [34].

With health concerns regarding cholesterol and cardiovascular deceases, some food produc-
ers have included phytosterols in their products, calling these products “functional foods,” which
are supposed to lower cholesterol [35]. In short, phytosterols compete with dietary cholesterol for
absorption into the intestines. Although there are still questions pertaining to dietary cholesterol
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absorption inhibition, it is important to note that there are several proposed mechanisms of inhibi-
tion and the total inhibition is likely not based on just one mechanism [36-38].

Oxysterols have received much attention due to their biological activities [39], namely, regula-
tory [40], cytotoxic [41], and possible carcinogenic [42] effects. Thus, food scientists are interested
in how much and what kind of these oxysterols are in food [43]. It has been shown that the storage,
cooking method, and preparation of meat have been shown to have various effects on steroidal oxi-
dation levels [43]. Currently, the concern is growing for structurally similar oxidized phytosterols
as well [44]. (Oxysterols are described in greater detail at a later chapter.)

As an important aside, it should be noted that cholesterol and most sterols are not water soluble.
In a water and ether (two phase) mixture, cholesterol will be exclusively present in the ether layer. In
the aqueous environment of the human body, lipoproteins are used to transport cholesterol [45,46].
This is how low-density and high-density lipoproteins (LDL and HDL, respectively) are related to
cholesterol. HDL is used to return excess cholesterol to the liver while LDL is used as the main
lipoprotein to carry cholesterol to peripheral cells [45]. LDL cholesterol is typically called “bad”
cholesterol and HDL cholesterol is often called “good” cholesterol [47]. However, in either case, the
actual cholesterol molecules in HDL and LDL are identical.

B. BIOSYNTHETIC ORIGINS OF STEROLS

1. Cholesterol Biosynthesis

Elucidation of the cholesterol biosynthesis pathway has challenged the ingenuity of chemists for
many years. This outstanding scientific endeavor has yielded no less than 14 Nobel Laureates [29].
The cholesterol biosynthetic pathway can be arbitrarily divided into four stages: (1) the formation
of mevalonic acid from acetyl CoA, (2) conversion of mevalonic acid to isoprene phosphates to
squalene through a series of phosphorylated intermediates, (3) formation of lanosterol from squa-
lene via cyclization of 2,3-epoxysqualene, and (4) the reduction of lanosterol (with 30 carbons, i.e.,
triterpene) to produce cholesterol (with 27 carbons).

The first stage in the synthesis of cholesterol is the formation of mevalonic acid and isopentyl
pyrophosphate from acetyl CoA. The early work of Konrad Bloch in the 1940s showed that cho-
lesterol is synthesized from acetyl coenzyme A (acetyl CoA) [48]. Acetate isotopically labeled in
its carbon atoms was prepared and fed to rats. The cholesterol that was synthesized by these rats
contained the isotopic label, which demonstrated that acetate is a precursor of cholesterol.

Three molecules of acetyl CoA are combined to produce mevalonic acid, as shown in
Scheme 4.1. The first step of this synthesis is catalyzed by a thiolase enzyme and results in the pro-
duction of acetoacetyl CoA, which is then combined with the third molecule of acetyl CoA to form
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SCHEME 4.1 Biosynthesis of mevalonic acid.
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3-hydroxy-3-methylglutaryl CoA (HMG-CoA). The reduction of HMG-CoA proceeds in two steps,
each requiring NADPH as the reducing reagent.

The reduction of HMG-CoA to give mevalonic acid is catalyzed by a microsomal enzyme, HMG-
CoA reductase, which is of prime importance in the control of cholesterol biosynthesis. Statin drugs
block cholesterol biosynthesis by inhibiting HMG-CoA reductase [49]. Oxysterols have also been
shown to inhibit HMG-CoA reductase activity [50,51]. However, it is still questionable as to how
much cholesterol and its oxidized derivatives can inhibit cholesterol biosynthesis [52].

Mevalonic acid is phosphorylated by mevalonic kinase to form a 5-phosphomevalonate,
which serves as the substrate for the second phosphorylation to form 5-pyrophosphomevalonate
(Scheme 4.2). There is then a concerted decarboxylation and loss of a tertiary hydroxyl group from
5-pyrophosphomevalonate to form 3-isopentyl pyrophosphate. In each step, one molecule of ATP is
consumed. 3-Isopentyl pyrophosphate is regarded as the basic biological isoprene unit from which
all isoprenoid compounds are produced.

Squalene is then synthesized from isopentyl pyrophosphates by sequential head-to-tail coupling
reactions. This begins with the isomerization of isopentyl pyrophosphate to dimethylallyl pyro-
phosphate. The coupling reaction shown in Scheme 4.3 is initially catalyzed by a soluble sulfydryl
enzyme, isopentyl pyrophosphate—dimethylallyl pyrophosphate isomerase. Coupling of these two
isomeric C5 units yields geranyl pyrophosphate, which is catalyzed by geranyl pyrophosphate syn-
thetase. Sequentially, geranyl pyrophosphate couples in a similar manner with a third molecule of
isopentyl pyrophosphate to produce farnesyl pyrophosphate (C15 structure).

The last step in the second stage, the synthesis of squalene, is a reductive condensation of two
molecules of farnesyl pyrophosphate (Scheme 4.4). This step is a two-step sequence, catalyzed by
squalene synthetase. In the first reaction, presqualene pyrophosphate is produced by a tail-to-tail
coupling of two farnesyl pyrophosphate molecules. Following, the cyclopropane ring of presqua-
lene pyrophosphate is opened with a loss of the pyrophosphate moiety. A molecule of NADPH is
required in the second conversion.

The third stage of cholesterol biosynthesis is the cyclization of squalene to lanosterol (Scheme 4.5).
Squalene cyclization proceeds in two steps requiring molecular oxygen, NADPH, squalene epoxi-
dase, and 2,3-oxidosqualene—sterol cyclase. The first step is the epoxidation of squalene to form
2,3-oxidosqualene—sterol cyclase. The 2,3-oxidosqualene is oriented as a chair—boat—chair—boat
conformation in the enzyme’s active center. The acid-catalyzed epoxide ring opening initiates the
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SCHEME 4.4 Synthesis of squalene from the coupling of two molecules of farnesyl pyrophosphate.

cyclization to produce a tetracyclic protosterol cation. This is followed by a series of concerted 1,2-
trans migrations of hydrogen and methyl groups to produce lanosterol.

Last, cholesterol is produced from the reduction of lanosterol. This process involves approxi-
mately 19 steps [53]. Major components of the reduction of lanosterol to cholesterol include the
removal of three methyl groups (one at C-14 and two at C-4), the hydrogenation of the double
bonds located on the side chain (A?*) and at A (formed after the removal of the C-14 methyl
group), and the migration of the A® double bond to the A° position. It should be noted that if squa-
lene dioxide (squalene having an epoxide rings formed at the 2,3 and 24,25 positions) is cyclized,
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24,25-epoxycholesterol is ultimately formed [54]. It has been proposed that this natural formation
of an oxysterol helps regulate cholesterol biosynthesis.

2. Biosynthesis of Plant Sterols

Numerous sterols and triterpenes are found in plants [55]. Sitosterol is usually the major plant sterol
present [55]. Note that phytosterol and phytostanol (hydrogenated phytosterol) concentrations vary
greatly among food types [56]. Several examples of phytosterols are displayed in Figure 4.4.

Humans and sterol producing plants share the same biosynthetic pathway for the formation of
2,3-oxidosqualene [55]. However, human cells convert 2,3-oxidosqualene to lanosterol, whereas
plants convert 2,3-oxidosqualene into cycloartenol (Scheme 4.6), curcurbitadienol for certain plant
families [57], and numerous triterpenes [58]. Instead of forming A% double bond as in humans, a
C-9 carbocation intermediate is formed [58]. Following enzymatic deprotonation of C-19, a cyclo-
propane ring is formed between C-9, C-10, and C-19 to form cycloartenol.

The conversion of cycloartenol into sitosterol can be arbitrarily divided into three categories,
which are the alkylation of the side chain at C-24, demethylation of the C-4 and C-14 methyl groups,

HO HO
© (d

FIGURE 4.4 Examples of plant sterols. (a) Campesterol, (b) sitosterol, (c) stigmasterol, (d) sitostanol, and
(e) cucurbetadienol.



122 Food Lipids: Chemistry, Nutrition, and Biotechnology

Enzyme

Cycloartenol
HO

SCHEME 4.6 Cyclization of squalene to cycloartenol.

and double-bond manipulation. Although plants do not use the exact same biosynthetic route, these
later categories produce similar products to those seen in humans (i.e., no C-4 or C-14 methyl
groups and have a A3 double bond). The alkylation of the side chain is a major difference between
plant and human sterols, in which the side chain is just hydrogenated. Alkylation in the formation of
plant sterols involves methylation at C-24 with the sterol methyltransferase S-adenosylmethionine
(SMT1) to produce C28 sterols [59,60]. The further methylation by SMT2, initially described as
24(28)-methylenelophenol methyltransferase, methylene substrate, yields C-24 ethyl sterols [59,60].

C. CHotLesteEroL HOMEOSTASIS

As was mentioned earlier in this chapter, the human body regulates the concentration of cholesterol.
It must. Cholesterol is necessary for cellular function, yet hypercholesterolemia is a strong risk
factor for cardiovascular disease [61]. For the discussion of cholesterol homeostasis, three major
pathways for the reduction of cholesterol are described. They are broadly generalized as removal,
storage, and the inhibition of cholesterol biosynthesis. (This is not an all-inclusive list.) Because the
body can adjust for the decreased or increased cholesterol intake from food, diet will not be consid-
ered here as a major factor in cholesterol homeostasis.

Cholesterol biosynthesis is regulated by sterol regulatory element-binding proteins (SREBPs),
which control the expression of most genes for cholesterol biosynthetic enzymes [62]. In addition,
SREBPs activate transcription of the LDL receptor gene which, in turn, leads to the increased cel-
lular intake of LDL (cholesterol) [63]. SREBPs are synthesized in the endoplasmic reticulum (ER)
and are moved to the Golgi apparatus via complexation with SREBP-cleavage activating protein
(SCAP). In the Golgi apparatus, SREBP/SCAP complexes are bound to the membrane where two
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protease cleavages free the active transcription factor for relocation to the nucleus. SCAP acts as
the regulator of this process because without complexing with SCAP, SREBPs remain in the ER
and the two necessary protease cleavages never occur. Cholesterol binds to SCAP, which causes a
conformational change ultimately blocking a SREBP/SCAP complex and inhibiting the transcrip-
tion of genes necessary for cholesterol biosynthesis and uptake. Thus, when cholesterol is in excess,
the SREBP transport to the Golgi apparatus via SREBP/SCAP complex is inhibited and cholesterol
biosynthesis and uptake are also, in turn, inhibited.

Storage of cholesterol happens through acyl-coenzyme A: cholesterol acyltransferase
(ACAT). While the mechanism, particularly pertaining to activation, is not completely clear
[64,65], it is known that ACAT esterifies cholesterol into less soluble cholesterol esters. This
effectively takes cholesterol out of circulation. It has been reported that when cholesterol is
well above baseline concentration levels, ACAT is, markedly, switched on [64]. While it seems
that removing cholesterol by storage would reduce hypercholesterolemia-associated problems,
cholesterol esters have been associated with arterial lesions and there is some effort to inhibit
ACAT as a medical treatment [66].

Liver X receptors (LXRs) are related to a multitude of the processes related to cholesterol removal
from the body and cells, including cholesterol reverse transport (CRT), conversion to bile acid, and
intestinal cholesterol absorption [67,68]. Two LXRs are known, LXRa (found in the liver, kidney,
adipose, and adrenal tissue) and LXRp (ubiquitously expressed) [67,68]. These nuclear receptors
are activated by oxysterols rather than cholesterol [69]. When an oxysterol ligand is present, LXR
promotes ATP-binding cassette transporter (ABC), and specifically ABCA1 and ABCGI expres-
sion (which mediate efflux of cholesterol from cells to apolipoprotein accepters) [70,71], and inhibits
LDL uptake by inducting inducible degrader (s) of LDL receptors (IDOL) [72].

D. CHEMISTRY OF STEROLS

Enzymatic syntheses give organic chemists a bit of a chuckle when considering that enzymes can
do “magic” reactions. Enzymes do very amazing things in the body. In the laboratory setting, sterol
chemistry can be an enticing challenge though. Here, a discussion of sterol reactivity is described.
Specifically, how are sterols stable and reactive by examining cholesterol. (There are numerous
reported steroidal reactions reaching back beyond 1900, and this brief summary barely covers the
surface but is a good starting point for understanding.)

Note first that the p side of cholesterol is sterically hindered for reagent approach and group
addition because of C-18, C-19, and the side chain at C-17. The a side is relatively vulnerable com-
pared to the  side. Indeed, Breslow’s famous remote functionalization reactions involve tethered
m-iodobenzene radicals abstracting a facing hydrogen from the « side [73]. For example, C-9 has
been halogenated using Breslow’s reaction [74]. When observing the cholesterol nucleus from a side
perspective (along the nucleus’ plane), the greater steric shielding becomes more lucid for p facing
carbons such as C-4 or C-8 as compared to o facing carbons such as C-7 and C-9 (Figure 4.5).
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FIGURE 4.5 Side view of a cholesterol nucleus.
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Cholesterol’s increased stability arises, in part, because of “conformational transmission,” [75]
essentially a higher energy barrier imparted by the fused rings. While it is obvious that rigid fused
rings will resist a ring flip, their resistance to change in hybridization is not as overt. When carbon
atoms change from an sp3 to an sp? hybridization, in deprotonation, for example, the geometry of the
carbon bonds changes from a tetrahedral to a trigonal planar shape. This causes angular distortion
of adjacent carbons and ring strain across the entire fused system. D.H.R. Barton coined this effect
as “conformational transmission” [75]. (A simple ball-and-stick model of the cholesterol nucleus
can demonstrate this. Torque one carbon and the adjacent rings are also twisted. Keep in mind that
the six-membered rings of cholesterol are, for the most part, in stable chair conformations.) This
stability of the cholesterol nucleus, due to steric shielding and conformational transmission, is very
important considering that the cholesterol nucleus is the essential framework for the biosynthesis of
steroids, corticoids, and bile acids.

Cholesterol has at least four basic points of reactivity not including multistep exotic synthesis or
enzymatic remote functionalization. (1) There is an alcohol at C-3 that can be oxidized by PCC [76]
or esterified for protection [77]. (2) The A’ double bond can also be subject to electrophilic addition
[78—81] and ring opening [82] but can also be easily protected by halogenation [83]. Autooxidation
of cholesterol in the presence of singlet oxygen occurs at the C-5 via ene reaction, but the final prod-
uct through rearrangement shows oxidation at the C-7 carbon [84]. (3) Allylic oxidation through
reactions using a metal or radical initiator and TBHP to form peroxy radicals occur almost exclu-
sively at C-7 rather than C-4 [85-89]. Oxidation of the allylic C-4 carbon rather than C-7 can be
accomplished using selenium complexes [90,91]. The selectivity of C-7 over C-4 is due to steric
hindrance of the P side [92] and the more stable resonance structure formed by relocation of the
radical from C-7 to the tertiary C-5 as opposed to C-4 to the secondary C-6 [93]. (4) C-25 on the side
chain is also vulnerable to oxidation by dioxirane [94] and ozone [83] but requires the protection the
previously mentioned reactive sites.

Of note, if C-3 is converted into a ketone, acid-catalyzed enol formation and migration of
A3S—A*is possible. Migration of A>-A*is enabled by treatment with oxalic acid [95]. The prod-
uct of both allylic oxidation at C-7 and migration of A>-A*leads to «,f-unsaturated ketones,
which can be further reacted [96]. Enol formations are subject to conformational transmission
in that the enol will form were it is easiest to form (takes less energy) [97]. For example, cho-
lestanone undergoes acid-catalyzed bromination at C-2, whereas coprostanone is brominated at
C-4 [98]. (Cholestanone has an A ring in the chair conformation and coprostanone’s A ring has
a boat conformation.) Also of note is photosynthesis of 7-dehydrocholesterol (A7), which leads
ultimately to Vitamin D; [99]. When wavelengths of 290 and 315 nm penetrate human skin,
the B-ring is cleaved between C-9 and C-10, as shown in Figure 4.5. The heat of the human
body causes a partial change from the cis-to-tfrans isomer of the conjugated system by way of
an internal [1-7] sigmatropic shift, which then produces Vitamin D, also known as cholecal-
ciferol (Scheme 4.7).

E. ANALYSIS OF STEROLS

This section is perhaps the most difficult to describe in regard to sterols. It is difficult because the
technologies pertaining thereto are constantly in flux. Therefore, readers are advised to use this sec-
tion as a general primer rather than a summary.

(Extraction) After the tissue of a plant or animal is broken down, sterols can be extracted using
many available methods, including Soxhlet extraction (considered the conventional method), accel-
erated solvent extraction, cold and hot press, ultrasonic-assisted extraction, subcritical extraction,
supercritical CO, extraction, mechanical shaking, and microwave-assisted extraction [100-106].
(The references chosen show comparisons between the methods.) The choice of optimal solvent
system to extract with depends on the type of sterol desired and the system from which it is being
extracted. Chloroform and methanol are popular choices and are often used together to make a
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SCHEME 4.7 Synthesis of Vitamin D;.

binary solvent. Extraction is commonly followed by saponification to free the sterols from their
esterified forms [107]. “Direct” saponification (without extraction) has also been reported [108].

(Isolation) Sterols are best isolated using some type of column chromatography. In synthetic reac-
tions without many products or purification of stock material, column chromatography is overkill and
not needed. These can be isolated simply by washing and recrystallization. For natural products or less
selective synthetic reactions, many compounds tend to be present and isolation of the sterols should be
done via column chromatography. HPLC and GC [109] are available methods if the intent is merely
to analyze the sample. Derivatization may be necessary for some sterols (those that would fall apart
at high temperature rather turn into gas or do not ionize efficiently). For collection purposes, an open
column having a silica gel stationary phase with a gradient or isocratic (depending on what sterol is
being isolated) normal phase elution solvent system can be utilized in a laboratory setting [107].

(Characterization) Mass (electron ionization and electrospray ionization), UV, and nuclear mag-
netic (H and *C) resonance spectroscopies are all usable in the characterization of sterols. Melting
points have also been reported but seem less important in recent decades. An always important
method of characterization for sterols is thin-layer chromatography (TLC). In a laboratory setting,
TLC is a cheap and quick way to qualitatively determine the presence of targeted sterols. TLC is
almost essential for open column chromatography and product elution can easily be elucidated with
molybdic acid dye [110]. For GC, flame ionization detection (FID) has been extensively used [109].
Finally, x-ray spectroscopy has been utilized for structural analysis [111].
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I. INTRODUCTION

Lipids are among the major components of food of plant and animal origin. There is no precise
definition available for the term “lipid”; however, it usually includes a broad category of compounds
that have some common properties and compositional similarities. Lipids are materials that are
sparingly soluble or insoluble in water, but soluble in selected organic solvents such as benzene,
chloroform, diethyl ether, hexane, and methanol. Together with carbohydrates and proteins, lipids
constitute the principal structural components of tissues. However, the common and unique fea-
tures of lipids relate to their solubility rather than their structural characteristics [1]. Many clas-
sification systems have been proposed for lipids. From the nutrition point of view, according to the
National Academy of Sciences’ report on nutrition labeling, fats and oils are defined as the complex
organic molecules that are formed by combining three fatty acid molecules with one molecule of
glycerol [2]. As indicated in Table 5.1 [3-5], lipids are generally classified as simple and compound
(complex) or derived lipids according to the Bloor [3] classification.

Foods contain any or all of these lipid compounds; however, triacylglycerols (TAGs) and phospho-
lipids (PLs) are the most abundant and important ones. Liquid TAGs at room temperature are referred
to as oils and are generally of plant or marine origin (e.g., vegetable and marine oils). Solid TAGs at
room temperature are termed “fats”, which are generally of animal origin (e.g., lard and tallow).

Accurate and precise analysis of lipids in foods is important for determining constituting com-
ponents and nutritive value, standardizing identity and uniformity, preparing nutritional labeling
material, and promoting and understanding the effects of fats and oils on food functionality. At the
same time, knowledge about the structural characteristics of lipids may allow the development of
tailor-made products designed for a particular function or application.

Il. EXTRACTION OF LIPIDS FROM FOODS AND BIOLOGICAL MATERIALS

Lipids in nature are associated with other molecules via (1) van der Waals interaction, for example,
interaction of several lipid molecules with proteins; (2) electrostatic and hydrogen bonding, mainly
between lipids and proteins; and (3) covalent bonding among lipids, carbohydrates, and proteins.
Therefore, to separate and isolate lipids from a complex cellular matrix, different chemical and
physical treatments must be administered. Water insolubility is the general property used for the
separation of lipids from other cellular components. Complete extraction may require longer extrac-
tion time or a series or combination of solvents so that lipids can be solubilized from the matrix.
The existing procedures of lipid extraction from animal or plant tissues usually include
several steps: (1) pretreatment of the sample, which includes drying, size reduction, or hydrolysis;



Extraction and Analysis of Lipids

133

TABLE 5.1

General Classification of Lipids

Glyceryl esters
Cholesteryl esters
Waxes

Ceramides

Phospholipids
Phosphatidic acid
Phosphatidylcholine
Phosphatidylethanolamine
Phosphatidylserine
Phosphatidylinositol
Phosphatidyl acylglycerol

Glycoglycerolipids

Gangliosides

Sphingolipids
Sphingomyelin
Cerebroside

Ceramide dihexoside
Ceramide polyhexoside
Cerebroside sulfate

Simple lipids: Compounds with two types of structural moieties

Esters of glycerol and fatty acids (e.g., triacylglycerols, partial acylglycerols).

Esters of cholesterol and fatty acids.

True waxes are esters of long-chain alcohols and fatty acids; esters of vitamins A and D are
also included.

Amides of fatty acids with long-chain di- or trihydroxy bases containing 12—-22 carbon atoms
in the aliphatic chain (e.g., sphingosine).

Complex lipids: Compounds with more than two types of structural moieties

Glycerol esters of fatty acids, phosphoric acid, and other groups containing nitrogen.

Diacylglycerol esterified to phosphoric acid.

Phosphatidic acid linked to choline, known also as lecithin.

More than one glycerol molecule is esterified to phosphoric acid (e.g., cardiolipin,
diphosphatidyl acylglycerol).

1,2-Diacylglycerol joined by a glycosidic linkage through position sn-3 with a carbohydrate
moiety (e.g., monogalactosyl diacylglycerol, digalactosyl monoacylglycerol,
sulfoquinovosyl diacylglycerol [monoglycosyl diacylglycerol at position 6 of the
disaccharide moiety is linked by carbon—sulfur bond to a sulfonic acid]).

Glycolipids that are structurally similar to ceramide polyhexoside and also contain 1-3 sialic
acid residues; most contain an amino sugar in addition to the other sugars.

Derivatives of ceramides.

Ceramide phosphorylcholine.

Ceramide monohexoside (i.e., ceramide linked to a single sugar moiety at the terminal
hydroxyl group of the base).

Linked to a disaccharide.

Linked to a tri- or oligosaccharide.

Ceramide monohexoside esterified to a sulfate group.

Derived lipids: Compounds that occur as such or released from simple or complex lipids because of hydrolysis (e.g., fatty
acids; fatty alcohols; fat-soluble vitamins A, D, E, and K; hydrocarbons; sterols)

Sources: Adapted from Bloor, W.R., Proc. Soc. Exp. Biol. Med., 17, 138, 1920; Christie, W.W., Lipid Analysis, Pergamon
Press, Oxford, U.K., 1982; Pomeranz, Y. and Meloan, C.L., Food Analysis; Theory and Practice, 4th edn., AVI,
Westport, CT, 1994.

(2) homogenization of the tissue in the presence of a solvent; (3) separation of liquid (organic and
aqueous) and solid phases; (4) removal of nonlipid contaminants; and (5) removal of solvent and dry-
ing of the extract. Standard methods for lipid extraction have been established by the Association
of Official Analytical Chemists [73] International for different types of materials/tissues. However,
when it comes to practical situations, each case might require modification of the method.

A. SAMPLE PREPARATION

As with any form of chemical analysis, proper sampling and storage of the samples are essential for
obtaining valid results. According to Pomeranz and Meloan [5], an ideal sample should be identi-
cal in all of its intrinsic properties to the bulk of the material from which it is taken. In practice, a
sample is satisfactory if its properties under investigation correspond to those of the bulk material
within the limits set by the nature of the test. Sample preparation for lipid analysis depends on the



134 Food Lipids: Chemistry, Nutrition, and Biotechnology

type of food and the nature of its lipids. Effective analysis calls for a knowledge of the structure,
chemistry, and occurrence of principal lipid classes and their constituents. Therefore, it is not pos-
sible to devise a single standard method for the extraction of all kinds of lipids in different foods.

Extraction of lipids should be performed as soon as possible after the removal of tissues from
the living organism so as to minimize any subsequent changes. Immediate extraction is not always
possible; however, the samples usually are stored at very low temperatures in sealed containers,
under an inert (nitrogen) atmosphere or on dry ice. Yet the freezing process itself may permanently
damage the tissues as a result of osmotic shock, which alters the original environment of the tissue
lipids and brings them into contact with enzymes from which they are normally protected. Thawing
the sample taken from frozen storage before extraction may enhance this deterioration. Therefore,
tissue samples should be homogenized and extracted with solvents without being allowed to thaw
[4]. Lipolytic enzymes of animal and plant tissues are usually deactivated irreversibly by homog-
enization with polar solvents. The use of high temperatures should be avoided; it is also advisable,
when possible, to maintain an inert atmosphere during sample preparation and extraction, which
may minimize oxidation reactions of unsaturated lipids.

B. PRETREATMENTS

1. Drying

Sometimes, nonpolar solvents, such as diethyl ether and hexane, do not easily penetrate the moist
tissues (>8% moisture); therefore, effective lipid extraction does not occur. Diethyl ether is hygro-
scopic and becomes saturated with water and thus inefficient for lipid extraction. Therefore, reduc-
ing moisture content of the samples may facilitate lipid extraction. Vacuum oven drying at low
temperatures or lyophilization is usually recommended. Predrying facilitates the grinding of the
sample, enhances extraction, and may break fat—-water emulsions to make fat dissolve easily in the
organic solvent and helps to free tissue lipids. Drying the samples at elevated temperatures is unde-
sirable because lipids become bound to proteins and carbohydrates, and such bound lipids are not
easily extracted with organic solvents [5].

2. Particle Size Reduction

The extraction efficiency of lipids from a dried sample also depends on the size of the particles.
Therefore, particle size reduction increases surface area, allowing more intimate contact of the
solvent, and enhances lipid extraction (e.g., grinding of oilseeds before lipid extraction). In some
cases, homogenizing the sample together with the extracting solvent (or solvent system) is car-
ried out instead of performing these operations separately. Ultrasonication, together with homog-
enization in excess amount of extracting solvent, has been successfully used to recover lipids of
microalgae [6] and organ tissues [7]. In addition, a method called bead beating has been used in
both laboratory and industrial scales. High-speed spinning with fine beads would cause mechanical
damage to cells and facilitates oil release [8—11].

Osmotic shock is a less energy—intensive method than bead beating for cell disruption and is
considered as a relatively inefficient; thus, it is largely confined to laboratory practices [12]. Osmotic
shock is the transfer of water across the outer membrane of the living cells in order to build up the
osmotic pressure inside them, resulting in their eventual disruption [12]. Recently, Mandal et al. [13]
used osmotic shock as a pretreatment for biodiesel production from microalgae.

3. Acid/Alkali Hydrolysis

To make lipids more available for the extracting solvent, food matrices are often treated with acid
or alkali before extraction. Acid or alkali hydrolysis is required to release covalently and ionically
bound lipids to proteins and carbohydrates and to break emulsified fats. Digestion of the sample
with acid (usually 3—-6 M HCI) under reflux conditions converts such bound lipids to an easily
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extractable form. Many dairy products, including butter, cheese, milk, and milk-based products,
require alkali pretreatment with ammonia to break emulsified fat, neutralize any acid, and solubi-
lize proteins before solvent extraction [14]. Enzymes are also employed to hydrolyze food carbohy-
drates and proteins (e.g., use of Clarase, a mixture of a-amylase and protease) [2].

C. Lirip EXTRACTION WITH SOLVENTS

The insolubility of lipids in water makes possible their separation from proteins, carbohydrates, and
water in the tissues. Lipids have a wide range of relative hydrophobicities depending on their molecu-
lar constituents. In routine food analysis, fat content (sometimes called the ether extract, neutral fat,
or crude fat) refers to free lipid constituents that can be extracted into less polar solvents, such as light
petroleum ether or diethyl ether. The bound lipid constituents require more polar solvents, such as
alkanols, for their extraction. Therefore, the use of a single universal solvent for the extraction of lipids
from tissues is not possible. During solvent extraction, van der Waals and electrostatic interactions as
well as hydrogen bonds are broken to different extents; however, covalent bonds remain intact.
Neutral lipids are hydrophobically bound and can be extracted from tissues by nonpolar sol-
vents (hexane, cyclohexane, methylene chloride), whereas polar lipids, which are bound predomi-
nantly by electrostatic forces and hydrogen bonding, require polar solvents capable of breaking such
bonds. However, less polar neutral lipids, such as TAGs and cholesterol esters, may also be extracted
incompletely with nonpolar solvents, probably due to inaccessibility of a significant part of these
lipids to the solvents. Lipids that are covalently bound to polypeptide and polysaccharide groups
will not be extracted at all by organic solvents and will remain in the nonlipid residue. Therefore, a
hydrolysis step may be required to release covalently bound lipids to render them fully extractable.

1. Properties of Solvents and Their Mode of Extraction

The type of solvent and the actual method of lipid extraction depend on both the chemical nature of
the sample and the type of lipid extract (e.g., total lipids, surface lipids of leaves) desired. The most
important characteristic of the ideal solvent for lipid extraction is the high solubility of lipids coupled
with low or no solubility of proteins, amino acids, and carbohydrates. The extracting solvent may
also prevent enzymatic hydrolysis of lipids, thus ensuring the absence of side reactions. The solvent
should readily penetrate sample particles and should have a relatively low boiling point to evaporate
readily without leaving any residues when recovering lipids. The solvents mostly used for the isola-
tion of lipids are alcohols (methanol, ethanol, isopropanol, n-butanol), acetone, acetonitrile, ethers
(diethyl ether, isopropyl ether, dioxane, tetrahydrofuran), halocarbons (chloroform, dichlorometh-
ane), hydrocarbons (hexane, benzene, cyclohexane, isooctane), or their mixtures. Although solvents
such as benzene are useful in lipid extraction, it is advisable to look for alternative solvents because
of the potential carcinogenicity of such products. Flammability and toxicity of the solvent are also
important considerations to minimize potential hazards as well as cost and nonhygroscopicity.

Solubility of lipids in organic solvents is dictated by the proportion of the nonpolar hydrocarbon
chain of the fatty acids or other aliphatic moieties and polar functional groups, such as phosphate or
sugar moieties, in their molecules. Lipids containing no distinguishable polar groups (e.g., TAGs or
cholesterol esters) are highly soluble in hydrocarbon solvents such as hexane, benzene, or cyclohex-
ane and in more polar solvents such as chloroform or diethyl ether but remain insoluble in polar sol-
vents such as methanol. The solubility of such lipids in alcoholic solvents increases with the chain
length of the hydrocarbon moiety of the alcohol; therefore, they are more soluble in ethanol and
completely soluble in n-butanol. Similarly, the shorter-chain fatty acid residues in the lipids have
greater solubility in more polar solvents (e.g., tributyrin is completely soluble in methanol, whereas
tripalmitin is insoluble). Polar lipids are only sparingly soluble in hydrocarbon solvents unless solu-
bilized by association with other lipids; however, they dissolve readily in more polar solvents such
as methanol, ethanol, or chloroform [4]. Solvent extraction is a relatively simple and easy method
that has been widely used and considered economical for commercial-scale applications [15].
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2. Extraction Methods with Single Organic Solvent

Diethyl ether and petroleum ether are the most commonly used solvents for the extraction of lipids.
In addition, hexane and sometimes pentane are preferred to obtain lipids from oilseeds. Diethyl
ether (bp 34.6°C) has better solvation ability for lipids compared with petroleum ether. Petroleum
ether is the low boiling point fraction (bp 35°C-38°C) of petroleum and mainly contains hexanes
and pentanes. It is more hydrophobic than diethyl ether and therefore selective for more hydrophobic
lipids [5,16]. The main component (>95%) of dietary lipids is TAGs, whereas the remaining lipids
are mono- and diacylglycerols, PLs and glycolipids, and sterols. Therefore, nonpolar solvent extrac-
tions have been widely employed to extract and determine lipid content of foods. However, oil-sol-
uble flavors, vitamins, and color compounds may also be extracted and determined as lipids when
less polar solvents are used. In a recent study, Anthony and Stuart [17] have shown that methylene
chloride as being the most effective solvent for the extraction of microalgal oil (Oocystis sp.) among
the four solvents tested with a total average neutral lipid recovery of 0.25% of dry weight followed
by diethyl ether (0.18%), cyclohexane (0.14%), and hexane (0.11%).

In determining total lipid content, several equipment and methods have been developed that uti-
lize single-solvent extraction. Among them, the gravimetric methods are most commonly used for
routine analysis purposes. In gravimetric methods, lipids of the sample are extracted with a suitable
solvent continuously, semicontinuously, or discontinuously. The fat content is quantified as weight
loss of the sample or by weight of the fat removed. The continuous solvent extraction (e.g., Goldfisch
and Foss-Let) gives a continuous flow of boiling solvent to flow over the sample (held in a ceramic
thimble) for a long period. This gives a faster and more efficient extraction than semicontinuous
methods but may result in incomplete extraction due to channeling. In the semicontinuous solvent
extraction (e.g., Soxhlet, Soxtec), the solvent accumulates in the extraction chamber (sample is held in
a filter paper thimble) for 5—10 min and then siphons back to the boiling flasks. This method requires
a longer time than the continuous method, provides a soaking effect for the sample, and does not
result in channeling. In the direct or discontinuous solvent extraction, there is no continuous flow of
solvent and the sample is extracted with a fixed volume of solvent. After a certain period of time, the
solvent layer is recovered, and the dissolved fat is isolated by evaporating the organic solvent. Rose-
Gottlieb, modified Mojonnier, and Schmid—Boudzynski—Ratzlaff methods are examples, and these
always include acid or base dissolution of proteins to release lipids [14]. Such procedures sometimes
employ a combination extraction with diethyl and petroleum ethers to obtain lipids from dairy prod-
ucts. The use of these solvents may allow extraction of mono-, di-, and triacylglycerols, most of the
sterols and glycolipids, but may not remove PLs and free fatty acids (FFAs).

3. Methods Using Organic Solvent Combination

A single nonpolar solvent may not extract the polar lipids from tissues under most circumstances.
To ensure a complete and quantitative recovery of tissue lipids, a solvent system composed of varying
proportions of polar and nonpolar components may be used. Such a mixture extracts total lipids more
exhaustively and the extract is suitable for further lipid characterization. The methods of Folch et al.
[18] and Bligh and Dyer [19] are most widely used for total lipid extraction. The use of a polar solvent
alone may leave nonpolar lipids in the residue; when lipid-free apoproteins are to be isolated, tissues
are defatted with polar solvents only [20]. It is also accepted that the water in tissues or water used to
wash lipid extracts markedly alters the properties of organic solvents used for lipid extraction.
Commonly, the chloroform—methanol (2:1, v/v) solvent system [18] provides an efficient medium
for complete extraction of lipids from animal, plant, or bacterial tissues. The initial solvent system is
binary; during the extraction process, it becomes a ternary system consisting of chloroform, metha-
nol, and water in various proportions, depending on the moisture content of the sample [19]. The
method of Bligh and Dyer [19] specifically recognizes the importance of water in the extraction of
lipids from most tissues and also plays an important role in purifying the resulting lipid extract. A
typical procedure by Folch et al. [18] uses a solvent-to-sample ratio of 2:1 (v/w) with a mixture of
chloroform and methanol (2:1, v/v) in a two-step extraction. The sample is homogenized with the
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solvent and the resultant mixture is filtered to recover the lipid mixture from the residue. Repeated
extractions are usually carried out, separated by washings with fresh solvent mixtures of a similar
composition. It is usually accepted that about 95% of tissue lipids are extracted during the first step.
In this method, if the initial sample contains a significant amount of water, it may be necessary
to perform a preliminary extraction with 1:2 (v/v) chloroform—methanol in order to obtain a one-
phase solution. This extract is then diluted with water or a salt solution (0.08% KCI, w/v) until the
phases separate and the lower phase containing lipids is collected. Bligh and Dyer [19] use 1:1 (v/v)
chloroform—methanol for the first step of extraction and the ratio is adjusted to 2:1 (v/v) in the second
step of extraction and washing. The original procedure of Folch et al. [18] or of Bligh and Dyer [19]
uses large amounts of sample (40-100 g) and solvents; therefore, the amounts may be scaled down
when a small amount of sample is present or for routine analysis in the laboratory. Hence, Lee and
coworkers [21] described a method that uses the same solvent combination, but in different propor-
tions, based on the anticipated lipid content of the sample. According to this method, chloroform—
methanol ratios of 2:1 (v/v) for fatty tissues (>10% lipid), 1:1 (v/v) for medium fat tissue (2%—5%), and
1:2 (v/v) for lean (<2%) tissues of fish are recommended. This method employs a minimum amount of
solvent and it may lend itself for small-scale extraction of other samples. A modified Bligh and Dyer
[19] extraction that replaces methanol with propan-2-ol and chloroform with cyclohexane has been
described by Smedes [22]. This procedure eliminates the use of chlorinated organic solvents. In this
extraction, a water—propan-2-ol-cyclohexane mixture (11:8:10, v/v/v) is employed, and subsequent
separation step brings all lipids to the upper most layer containing cyclohexane [22].

Extraction by Folch et al. [18] recovers neutral lipids, diacylglycerophospholipids, and most of
the sphingolipids. Lysophospholipids are only partly recovered, and more polar acidic PLs and gly-
colipids may be lost during washing with water. However, both procedures by Folch et al. [18] and
Bligh and Dyer [19] may fail to transfer all of the lipids to the organic phase. Lysophospholipids,
phosphoinositides, and other highly polar lipid substances are selectively lost. According to Christie
[4], tissues rich in phosphoinositides should be stored in such a manner as to minimize their enzy-
matic degradation, and solvent extraction should be performed initially in the presence of CaCl,.
When lysophosphatides are the major component of the tissue extract, it is recommended that acids
or inorganic salts be added during extraction with chloroform—methanol or n-butanol saturated
with water. Therefore, specific applications and modifications of the method are required to ensure
complete recovery of tissue lipids.

Due to the potential health hazards of chloroform, solvent mixtures containing alkane—alcohol—
water mixtures such as hexane and isopropanol, with or without water, have been successfully used to
extract tissue [23,24] and fish meal lipids [25]. Hexane—isopropanol (3:2, v/v) [23,25,26], heptane—eth-
anol-water—sodium dodecylsulfate (1:1:1, 0.05, v/v/v/w) [27], methylene chloride—methanol (2:1, v/v)
[28,29], and hexane—acetone (1:1, v/v) [30] are such solvent combinations employed to extract lipids
from biological materials. Azeotropes of isopropanol have also been used to extract lipids from oil-
seeds as substitutes for hexane [31-33]. Water-saturated n-butanol [34] has been most effective in
extracting lipids from cereals that are rich in starch. This solvent mixture is used extensively for
extracting lipids from starchy foods; however, acid hydrolysis might be needed to release bound lipids
or inclusion complexes before their extraction. Recently, Lessig and Fuchs [35] used chloroform—
methanol-12 M HCI (2:4:0.1, v/v/v) to extract acidic PLs such as phosphatidylserine and particularly
phosphoinositides and found that this solvent system leads to complete hydrolysis of plasmalogens.

Pressurized fluid extraction (PFE), pressurized liquid extraction (PLE), or accelerated solvent
extraction (ASE; trade name used by Dionex) techniques have been developed to enhance the
capabilities of conventional solvent extraction. These techniques use classical solvent systems to
extract lipids, but under varying extraction parameters such as temperature, pressure, and volume.
The extraction media are organic solvents or their aqueous mixtures in which lipids are soluble.
The system is operated under high pressure and the solvent is kept at much higher temperatures
above its atmospheric boiling point. The elevated temperature at which the extraction is conducted
increases the capacity of the solvent to solubilize the analyte. Elevated temperature is also known to
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weaken the bonds between the analyte and the matrix and thus decreases the viscosity of the solvent
with improved penetration into the matrix, resulting in an increased extraction yield. PFE can cut
down the solvent consumption by 50% when compared with conventional methods such as Folch
extraction procedure [36].

ASE system or ASE is the automated PFE/PLE [37,38]. The ASE process consumes a much
lower solvent volume and time as lipid is extracted at temperatures well above the boiling point
of the solvent because of the elevated pressure used in the process. This enhances solubilization
and diffusion of lipids from samples into the solvent, significantly shortening the extraction time
and solvent consumption. The fat could be extracted with no outflow of solvent (static mode) or
allowing fresh solvent to flow continuously through the sample (dynamic mode) during extraction.
Under elevated temperature and pressure, dissolved lipids diffuse from the core to the surface of the
sample particles and then are transferred to the extraction solvent. Compressed gas then purges the
solubilized fat into a collection vessel and can then be quantified gravimetrically [16]. According
to Shafer [38], the content of fatty acids of the lipids extracted from muscle matrices using ASE
(Dionex 200 or 300 system, chloroform—methanol solvent system) was similar or better in compari-
son with the conventional Folch extraction. The automated solvent extractors contain microwave
moisture analyzer to dry the sample before extraction, redry to remove solvent and moisture, and
determine the percentage of fat as weight loss due to the extraction process [2]. Possibility of using
the ASE system for sequential extraction of lipid classes has been described by Poerschmann and
Carlson [39]. Under optimum extraction conditions, n-hexane—acetone (9:1, v/v) at 50°C (two cycles,
10 min each) to obtain neutral lipids followed by chloroform—methanol (1:4, v/v) extraction at 110°C
(two cycles, 10 min) has been used for phytoplankton lipid extraction with ASE.

Ultrasonic extraction in combination with various solvents has been used in several studies, such
as ultrasonic-assisted extraction with ethanol [40], chloroform—methanol [41], n-hexane [41,42], and
hexane—isopropanol [43]. This method provides a high efficient contact between the solvent and
sample matrix [44]. The mechanism of ultrasound sonication extraction is the formation of micro-
bubbles during the negative pressure and compression during the positive pressure. This intermit-
tent change could cause violent collapsing of microbubbles near solid surface of the material and
damage the cell walls to facilitate the release of their contents [44]. In addition, few studies have
shown microwave extraction of lipids with hexane [42,45] and a pulsed electric field prior to a solid—
liquid extraction using ethanol [46].

4. Switchable Polarity Solvent

Recently, various efforts have been made to minimize the use of toxic and polluting organic sol-
vents. Switchable polarity solvents (SPS) provide a new fascinating technique, which would allow
the recovery of extracted material from the extracting solvent simply by the incorporation of car-
bon dioxide. SPS have been shown to exhibit two degrees of polarity, hydrophobic in the nonionic
form and hydrophilic in the ionic one, ranging from the polarity of chloroform to that of dimethyl-
formamide [47]. Phan et al. [48] synthesized a SPS, namely, 1,8-diazabicyclo-[5.4.0]-undec-7-ene
(DBU)-alkyl carbonate salts, obtained from the mixtures (1:1) of two neutral liquid components,
DBU and an alcohol, which will become more polar when CO, is introduced and returns to its origi-
nal polarity when the CO, is removed. Recently, several studies have employed the SPS for lipid
extraction, such as DBU—ethanol for soybean oil [48], DBU—-octanol, DBU—ethanol for microalgae
[47,49], and DBU-n-alkyl alcohols [50]. In another study, a switchable hydrophilicity solvent, N,N-
dimethylcyclohexylamine, was used to extract lipids from freeze-dried microalgal samples [51].

5. Methods Using Nonorganic Solvents
a. Microwave-Assisted Extraction

Due to environmental concerns and potential health hazards of organic solvents, nonorganic solvents
have become popular. The use of microwave digestion for isolating lipids has recently been reported
[52]. It is suggested that microwave energy, by increasing the rotational force on bonds connecting
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dipolar moieties to adjacent molecules, reduces the energy required to disrupt hydrophobic associa-
tions, hydrogen bonding, and electrostatic forces, thus helping to dissolve all kinds of lipids [52].
A solvent with sufficient dielectric constant is a requirement to absorb microwave energy. Closed-
vessel microwave-assisted extraction is performed at high pressure and, therefore, allows extraction
at temperatures above boiling point of the solvent. Open-vessel microwave-assisted extraction sys-
tem works at ambient pressure and refluxing of the solvent. Since extraction time is also a function
of the temperature, a high boiling point of the solvent accelerates the extraction. However, evapora-
tion of sample water is a possibility when open-vessel microwave-assisted extraction is used, which
facilitates decomposition of cell structure and removal of lipids from their association with cell
membrane and lipoprotein. However, low lipid yield is a concern due to increased polarity of solvent
when the water content is high; thus, sample drying is recommended [53].

Microwave technology has allowed the development of rapid, safe, and cost-effective methods
for extracting lipids and does not require that samples be devoid of water [54]. Performance of
microwave lipid extraction was qualitatively (all lipid classes) and quantitatively comparable with
that of the conventional Folch method for various biological samples [52].

b.  Supercritical Fluid Extraction

When carbon dioxide is compressed at a temperature (31.1°C) and pressure (72.9 atm) above its
critical point, it does not liquify but attains a dense gaseous state that behaves like a solvent. Thus,
it is called supercritical CO, (SC-CO,). The use of SC-CO, for lipid extraction significantly reduces
the use of organic solvents, avoids waste disposal problems, eliminates the use of potentially toxic
and flammable solvents, and reduces the extraction time. Lipids so extracted are not subjected to
high temperatures during the extraction process.

Extraction using SC-CO, yields a good recovery of nonpolar lipids including esterified fatty
acids, acylglycerols, and unsaponifiable matter. Complex polar lipids are only sparingly soluble in
SC-CO,. The polarity of SC-CO, can be varied by using an entrainer or modifier such as metha-
nol, ethanol, or even water to improve the extraction of polar lipids [55-58]. This technique has
been used for the extraction of lipids from various matrices, including dehydrated foods [59,60],
meats [61-63], oilseeds [64], and fried foods [65]. Particle size also affects lipid recovery because
it influences the surface area exposed to SC-CO,. High moisture content decreases contact between
sample and SC-CO, as well as the diffusion lipids outside the sample [66]. The extracted lipids from
meat or hydrolytic products from the acid hydrolysis step are allowed to absorb onto a solid-phase
extraction (SPE) matrix and SC-CO, can be used to extract the adsorbed lipids [62]. An increased
lipid recovery with decreased moisture content has been demonstrated in wet samples, such as meat
[61,67-70]. Therefore, lyophilization is suggested to improve the extraction efficiency of lipids from
samples with a high moisture content. The SC-CO, extraction is able to recover 97%—100% of lipids
when compared with the conventional solvent extraction methods [71,72]; no significant differences
between fatty acids extracted were observed. Several researchers have shown that supercritical fluid
extraction (SFE) could replace solvent extraction methods in a large variety of samples. In fact,
SFE has recently been included in the recommended methods of the AOAC to extract lipids from
oilseeds [73]. According to Barthet and Daun [64], for canola and flaxseed, a modifier ethanol
(15%, v/v) and multiple extractions are needed to obtain similar values of oil content on exhaustive
solvent extraction with petroleum ether. They noted that mustard always rendered 10% lower values
when SC-CO, extraction was used. The main drawback of SC-CO, is equipment cost and the extrac-
tion of nonfat materials, such as water [74].

Recently, SFE has been widely used to obtain high-quality fish oil [75,76], due to its moderate
temperature and oxygen-free medium, which reduces the oxidation of omega-3 fatty acids during
the extraction process [77]. However, the limitation of SFE in the extraction of omega-3 fatty acids
is the necessities of freeze-drying of raw material in order to reduce its moisture content below 20%
and keep the omega-3 fatty acids and the fish structure unchanged [76]. Recently, Rubio-Rodriguez
et al. [77] compared the oils obtained by SFE over freeze-dried fish by-products and other methods
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including cold extraction, wet reduction, and enzymatic extraction. Their study showed that SFE
prevents lipid oxidation, especially in fish oils rich in omega-3 fatty acids such as salmon oil, and
significantly reduces the amount of certain pollutants such as some arsenic species (mainly polar
derivatives).

c. Hydrothermal Liquefaction

Hydrothermal liquefaction is a wet biomass—handling process, which utilizes/converts biomass into
liquid fuel. This method has been described as a process involving the reaction of biomass in water
at subcritical temperatures (<374°C) and high pressure (>vapor pressure of water) for a certain reac-
tion time with or without the use of a catalyst [78]. Direct hydrothermal liquefaction processing
of wet algal biomass containing 5%—20% solids has been shown to consume less than 5% of the
energy cost associated with the complete removal of moisture by thermal drying [78].

D. Lirip EXTRACTION WITHOUT SOLVENTS

Lipid extraction methods are mostly wet extraction procedures that do not use solvents, and lipid
content is quantified by volumetric means. Such procedures are well utilized in determining the fat
content of dairy foods, especially fresh milk, and require the use of specifically designed glasswares
and equipment.

1. Acid Digestion Methods

Babcock and Gerber methods are classical examples for acid digestion methods. The basic principle
of these methods is destabilization and release of fat from the emulsion with a strong acid (e.g.,
sulfuric). The less dense fat rises in the calibrated neck of the Babcock bottle, and the centrifuga-
tion step helps the separation. Added sulfuric acid digests proteins, generates heat, and releases
fat. The content of fat is measured volumetrically and expressed as weight percent. The modified
Babcock method uses an acetic—perchloric acid mixture rather than sulfuric acid and is employed to
determine essential oil in flavor extracts and products containing sugar and chocolate. The Gerber
method uses a principle similar to that of the Babcock method but utilizes sulfuric acid and penta-
nol. Pentanol prevents charring of sugar, which can occur with the Babcock method; therefore, the
Gerber method could be applied to a wide variety of dairy-based foods [2,14].

2. Detergent Method

The detergent method uses a detergent to form a protein—detergent complex to break up emulsion
and release fat. For milk, the anionic detergent dioctyl sodium phosphate is added to disperse the
protein layer that stabilizes and liberates fat. Then a strong hydrophilic nonionic polyoxyethylene
detergent, sorbitan monolaurate, is added to separate the fat from other food components [5].

3. Physical Methods

External compression forces may be used to release tissue contents and extract lipids, especially
from the dry matter. Oilseeds (moisture < 5%, oil > 30%) are generally subjected to expeller press-
ing to obtain lipids without using solvents and, however, may not afford complete recovery of oils.

4. Enzymatic Method

Aqueous enzymatic extraction is considered as an environmentally friendly alternative technology for
oil extraction. The use of enzymes such as protease, cellulose, pectinase, and amylase during extrac-
tion enhances oil recovery by breaking cell walls and oil bodies [79,80]. Studies have shown that the
use of enzymes results in 90%—98% oil recovery from coconut, soybean, corn germ, and sunflower
[80—-83]. In another study, commercial proteases (Alcalase®, Neutrase®, and Flavourzyme™) were
found to be effective for the extraction of oil from marine by-products such as salmon heads [84].
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E. RemovAaL oF NoNLIPID CONTAMINANTS FROM LiPID EXTRACTS
AND OTHER PrACTICAL CONSIDERATIONS

Removal of nonlipid contaminants from the lipid extract is necessary since most of the solvents
employed also dissolve significant amounts of oil-soluble flavors, pigments, sugars, amino acids,
short-chain peptides, inorganic salts, and urea. The nonlipid matter must be removed before gravi-
metric determination of total lipids in order to prevent contamination during subsequent fraction-
ation of the total extract. In chloroform—methanol extract, the commonly used method for removing
nonlipid contaminants includes washing with water or a diluted KCI solution (0.88%, w/v). The
use of salt solution has the advantage of preventing or minimizing the formation of an intermedi-
ate phase. When chloroform—methanol (2:1, v/v) is used for the extraction of the sample, addition
of water or diluted salt solution results in the formation of a two-phase system, that is, a lower
phase consisting of chloroform—methanol-water (86:14:1, v/v/v) and an upper phase consisting of
the same, but in the ratio of 3:48:47 (v/v/v). The lower phase is composed of about two-thirds of
the total volume and contains the lipid components, but the upper phase retains the nonlipid con-
taminants. However, more polar lipids, such as some PLs and glycolipids and all gangliosides, may
remain in the upper phase [4,85]. Nonlipid contaminants may also be removed partly or completely
by evaporation of the lipid extract to dryness in vacuum or under nitrogen and then reextracted with
a nonpolar solvent, such as hexane.

In the Bligh and Dyer [19] method, the sample is homogenized with chloroform and methanol in
such proportions that a miscible system is formed with water in the sample. Dilution of the homog-
enate with chloroform and water separates it into two layers; the chloroform layer contains all the
lipids and the methanol-water layer contains all the nonlipid matter. A purified lipid extract could
be obtained by isolating the chloroform layer. Traces of moisture can be removed by passing the
chloroform extract through a bed of anhydrous sodium sulfate.

Removal of nonlipid contaminants by liquid—liquid partition chromatography on a dextran gel
was introduced by Wells and Dittmer [86]. This is done by passing the crude lipid extract through
a Sephadex G-25 column (packed in the upper phase of chloroform—methanol-water, 8:4:3, v/v/v,
or Folch wash). Lipids free of contaminants would be eluted rapidly from the column by employing
the lower phase of the Folch wash. Gangliosides and nonlipids are retained in the column and can
be recovered by washing with the upper phase of Folch wash and at the same time regenerating the
column [87].

The use of predistilled solvents for lipid extraction is advisable since all solvents contain small
amounts of lipid contaminants. The use of plastic containers and non-Teflon apparatus should also
be avoided as plasticizers may leach out to the lipid extract. To prevent autoxidation of unsaturated
lipids, it is advisable to add an antioxidant (e.g., BHT) to the solvent (at a level of 50—-100 mg/L).
Furthermore, extraction should be performed under an inert nitrogen atmosphere, and both tis-
sue and tissue extracts should be stored at —20°C under nitrogen, if possible. Most of the methods
described earlier are suitable for quantifying the total lipid content of the sample of interest. When
high temperatures are involved in extraction, the resulting lipid extract is not suitable for further
composition analysis. Method-based extraction by Folch et al. [18] is usually the preferred proce-
dure to obtain total lipids for further analysis. Lipids are recovered from the chloroform layer by the
removal of solvent at low temperature under vacuum. Acid hydrolysis also results in decomposition
of PLs and possibly TAGs to a certain extent [14].

Quantification of lipids from the extracts is mostly carried out as the weight difference of an
aliquot after solvent removal. Removal of the solvent from lipid extracts should be conducted under
vacuum in a rotary evaporator at or near room temperature. When a large amount of solvent must
be evaporated, the solution must be concentrated and transferred to a small vessel so that the lipids
do not dry out as a thin film over a large area of glass. Lipids should be stored immediately in an
inert nonalcoholic solvent such as chloroform, rather than being allowed to remain in dry state for
long [4].
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lll. INDIRECT METHODS OF TOTAL LIPID DETERMINATION

Several techniques and instruments have been developed and applied to the indirect and rapid deter-
mination of total lipid content of samples. These methods are really not lipid extraction methods, but
they are gaining popularity because they are rapid and largely nondestructive. Most of these methods
rely on a standard reference procedure and must be calibrated against a methodology to be validated.

A. DENSITY MEASUREMENT

It has been reported that the density of flaxseed is highly correlated (r = 0.96) with its oil content
[88]. Thus, measurement of seed density may be used as a means of screening flax genetic lines for
high oil content.

B. DieLEcTRIC METHOD

The dielectric constant of a selected solvent changes when fat is dissolved in it. After an oilseed
sample has been ground with a solvent and the dielectric constant of the mixture measured, the lipid
content is determined from standard charts that show variation of the dielectric constants of differ-
ent amounts of lipid in the same solvent [5]. According to Hunt et al. [89], the amount of induced
current and oil content determined by solvent extraction of soybean are linearly related (r = 0.98).

C. NEAR-INFRARED SPECTROSCOPY

The near-infrared (NIR) reflectance is in the range of 14,300—-4,000 cm™' (700-2,500 nm) due to
overtone and combination bands of C—H, O—H, and N-H. NIR spectrometry can be used for the
determination of contents of oil, protein, and moisture and serves as a very useful tool in the routine
analysis of oilseeds.

Rodrigneuz-Otero et al. [90] have used NIR spectroscopy for the measurement of fat, protein,
and total solids of cheese. Lee et al. [91] have used short-wavelength (700—1100 nm) NIR with a
bifurcated fiber-optic probe to estimate the crude lipid content in the muscle of whole rainbow trout.
A very good correlation was observed between fat content determined by chemical analysis and
NIR reflectance spectroscopic values obtained for farmed Atlantic salmon fillets [92]. The use of
mid-IR spectroscopy to determine the lipid content of milk and dairy products has been described
by Biggs [93]. Lipids absorb IR energy at the wavelength of 5730 nm, and the energy absorbed
depends on the lipid content of the sample. Quantification is carried out by the standard curve of the
IR absorption and lipid content determined by standard analytical methods [94]. Details about the
use of IR spectroscopy for lipid analysis are provided in a later section of this chapter.

D. Fourier TRANSFORM ION CYCLOTRON RESONANCE MASS SPECTROMETRY

Fourier transform ion cyclotron resonance mass spectrometry (FT-ICR MS) has the unique capabil-
ity to unequivocally derive molecular formula—measured mass-to-charge ratio for several thousand
compounds in each oil [95]. High-resolution electrospray ionization FT-ICR MS has ultrahigh mass
resolving power (m/Amisy, > 350,000, in which Amys, is the mass spectral peak full width at half-
maximum peak height) and mass accuracy (<1 ppm), which allows fast, definite assignments of
components having thousands of different elemental compositions in vegetable oil without any prior
sample extraction, separation, or chemical derivatization [96]. Coupling of FT-ICR MS to electro-
spray ionization has been shown to afford the selective ionization of acidic (negative mode) and
basic (positive mode) heteroatom containing compounds and thus enables to identify the adultera-
tion of vegetable oils [96]. Sudasinghe et al. [95] have shown detailed compositional characteristics
of hydrothermal liquefaction oils derived from two biochemically distinct microalgae, for a range of
reaction temperatures measured by high-resolution electrospray ionization FT-ICR MS.
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E. Low-ResoLuTioN NUCLEAR MAGNETIC RESONANCE SPECTROSCOPY

Time-domain low-resolution nuclear magnetic resonance (NMR) (referred to as wide-line NMR)
and frequency-domain NMR could be used to determine the total lipid content of foods. In time-
domain NMR (TD-NMR), signals from the hydrogen nuclei (‘H or protons) of different food com-
ponents are distinguished by their different rates of decay or nuclear relaxation. Protons of solid
phases relax (signal disappears) quickly, whereas protons in the liquid phase relax very slowly.
Protons of water in the sample relax faster than protons of the lipid. The intensity of the signal is
proportional to the number of protons and, therefore, to the hydrogen content. Thus, the intensity
of the NMR signal can be converted to the oil content of the sample using calibration curves or
tables [97-100]. This method can be used to determine the contents of water, oil, and solid fat and
solid-to-liquid ratio of the sample. TD-NMR has been used to analyze the fat content of foods,
including butter, margarine, shortening, chocolate, oilseed, meat, milk and milk powder, and
cheese [101-103].

Frequency-domain NMR distinguishes food components by resonance frequency (chemical
shift) of the peaks in the spectrum. The pattern of oil resonances reflects the degree of unsaturation
and other chemical properties [94,101].

F. TurBIDIMETRIC/COLORIMETRIC METHODS

Haugaard and Pettinati [104] have described a turbidimetric method for rapid determination of lipid
in milk. The milk fat is homogenized to obtain uniform globules, and the milk proteins are retained
with chelating agents such as EDTA. Light transmission of the sample is measured and then con-
verted to the lipid content with the use of a conversion chart.

The lipid content of milk can also be determined using a colorimetric method [105]. The
lipids of milk are allowed to react with an alkaline solution of hydroxamic acid for a specified
period. On acidification and addition of ferric chloride, a relatively stable chromophore with
a maximal absorbance at 540 nm is formed [106]. A colorimetric method suitable for plasma
PL quantitation has been described by Hojjati and Jiang [107]. The first suitable enzymes are
employed to release choline from plasma PLs; that is, PC-specific phospholipase D is used
for phosphatidylcholine, and sphingomyelinase and alkaline phosphatase combination can be
used for sphingomyelin. The resulting choline is directed to generate H,0, in a reaction cata-
lyzed by choline oxidase. Generated H,O, reacts with N-ethyl-n-(2-hydroxy-3-sulfopropyl)-3,5-
dimethoxyaniline sodium salt (DAOS, Trinder’s reagent) and 4-aminoantipyrine in a reaction
that generates blue chromophore (maximum absorbance at 595 nm) and peroxidase functions
as a catalyst [107].

G. ULtrRASONIC METHOD

Ultrasonication method involves the application of high-frequency, high-intensity sound waves to
the material [108]. Fitzgerald et al. [109] have described an ultrasonic method to determine the
amount of fat and nonfat solids of liquid milk. The velocity of sound increases or decreases directly
with the lipid content above or below a certain critical temperature. This method of fat determina-
tion is based on the speed of sound passing through the milk at various temperatures.

H. X-RAy ABSORPTION

It is known that lean meat absorbs more x-ray than high-fat meat [110]. This fact has been used
to determine lipid content in meat and meat products using a standard curve of the relationship
between x-ray absorption and the lipid content determined by usual solvent extraction methods [5].
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I. Frow CYTOMETRY

Flow cytometry is an indirect measurement of lipid content via the fluorescence of lipid probes such
as Nile Red or BODIPY (4,4-difluoro-1,3,5,7-tetramethyl-4-bora-3a,4a-diaza-S-indacene). Nile Red
is a neutral lipid-staining fluorescent dye, which can be used to image neutral lipid accumulation
within cells or to quantify lipid biosynthesis by fluorescence spectroscopy [111,112]. Nile Red is
relatively photostable and intensely fluorescent in organic solvents but has a low quantum yield in
water [111]. The appropriate choice of excitation and emission wavelengths allows differentiating
polar and neutral lipids because Nile Red’s emission maximum is blueshifted as the polarity of the
surrounding environment decreases [111]. However, Nile Red—based methods are time-consuming
and are not as quantitative as chromatographic methods, and there may be variation in the efficiency
of Nile Red accumulation into some algal species [113]. In addition, Nile Red does not specifi-
cally accumulate within lipid deposits; it could also exhibit nonspecific fluorescence when bound
to proteins and other cellular components [114,115]. Due to the limitations with Nile Red, another
fluorophore, namely, BODIPY 505/515, has been investigated as an alternative fluorescent label
for algal lipid deposits [114,116]. Recently, Bono Jr. et al. [115] measured the lipid accumulation in
microalgae using flow cytometry with liquid-state 'H NMR spectroscopy.

IV. ANALYSIS OF LIPID EXTRACTS

Lipid analysis is usually required to determine the composition and structure of the lipid extracted
from the sample. Foods must be analyzed to reveal the content and type of saturated and unsatu-
rated lipids as well as their cholesterol content. Such characterization provides information about
the caloric value, as well as other properties, including nutritional quality and safety of lipids with
respect to their cholesterol and saturated fatty acid contents. In addition, quantification of qual-
ity characteristics such as degree of unsaturation, saponification value, refractive index (RI), FFA
content, solid fat index (SFI), and oxidative stability is required to determine the market value and
potential application of fats and oils. Analysis of individual components of lipids is beyond the
scope of this chapter and hence is not discussed here.

A. Builk OiL PROPERTIES

The analysis of bulk properties of lipids is primarily important for defining quality characteristics
of oils and fats. Therefore, methods applicable to bulk vegetable oils, confectionary fats (e.g., cocoa
butter), and table fats (e.g., butter, margarine) are discussed in the following sections.

1. Degree of Unsaturation

Iodine value (IV) measures the degree of unsaturation of a lipid and is defined as the number of
grams of iodine absorbed by 100 g of lipid. The source of iodine (or other halogen, usually Br,
and Cl,) for the reaction is Wijs or Hanus reagent; the reaction involved is essentially a volumetric
titration.

In a microanalytical method for the determination of the IV of lipids reported by Iskander [117],
ethylenic double bonds of the lipid are saturated with bromine vapors, after which the amount of
absorbed bromine is determined by neutron activation analysis.

Determination of IV gives a reasonable quantitation of lipid unsaturation if the double bonds
are not conjugated with each other or with a carbonyl oxygen. Furthermore, the determination
should be carried out in the absence of light for a given period and with an excess of halogen
reagent used [118].

The use of hydrogenation methods to determine the degree of unsaturation overcomes the
limitations of halogenation methods. Hydrogenation is used to measure the degree of unsaturation
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of acetylenic or conjugated double bonds. Such fats do not absorb halogen readily; however, the
addition of hydrogen to them is considered to be quantitative. This method is essentially a catalytic
reaction of heated lipid; the amount of hydrogen absorbed is determined under standard conditions.
The results are expressed on a mole basis or on the basis of IV [5].

At the low-frequency end of the fingerprint region of IR (1500-900 cm™), a band due to the
CH=CH bending absorption of isolated trans double bonds would be observed. Beyond the isolated
trans bond is another group of CH absorption, in this case bending vibrations, including a very
strong cis absorption. The combination of cis and trans absorption provides a measure of the total
unsaturation or IV [119-121].

2. Free Fatty Acid Content

The presence of FFAs in an oil is an indication of insufficient processing, lipase activity, or other
hydrolytic actions. Classically, the acid value, which is defined as the number of milligrams of
KOH required to neutralize the free acids in 1 g of sample, is a measure of FFA content. FFAs
of oils can be determined colorimetrically by dissolving oil in chloroform (or benzene) and then
allowing the FFAs to react with a cupric acetate solution. The organic solvent turns to a blue
color because of the FFA—cupric ion complex, which has a maximum absorbance between 640
and 690 nm [122].

As there is a band attributed to the carboxyl group (COOH) in the center region of the mid-IR
spectrum, FTIR spectroscopy can be used to determine the content of FFAs [123,124].

3. Oxidative Stability and Oxidation Products

Owing to their degree of unsaturation, lipids are very susceptible to autoxidation. Autoxidation
occurs via a self-sustaining free radical mechanism that produces hydroperoxides (primary prod-
ucts), which in turn undergo scission to form various aldehydes, ketones, alcohols, and hydro-
carbons (secondary products). The presence of secondary lipid oxidation products influences the
overall quality of a lipid. Methods of determination of oxidative stability and oxidation products are
discussed in detail in another chapter.

4. Refractive Index

The RI of an oil is defined as the ratio of the speed of light in vacuum (practically in air) to the
speed of light in oil at a specified temperature. This ratio also provides a measure of purity of oils
and may be used as a means of identifying them. The RI is measured with a refractometer, usually
at 20°C-25°C for oils and 40°C for solid fats, which generally liquify at 40°C. The RI declines lin-
early with decreasing IV; thus, it is also used as an index for reporting the degree of hydrogenation
of the oil [5].

5. Saponification Value

The saponification value provides an indication of the average molecular weight of lipids. It is
defined as the amount of KOH, in milligrams, required to saponify 1 g of fat, that is, to neutralize
the existing FFAs and those liberated from TAG [5].

6. Solid Fat Index

The SFI, an empirical expression of the ratio of liquids in fat at a given temperature, is measured
as the change in specific volume with respect to temperature. As the solid fat melts, the volume
of the sample increases, and this change is measured by dilatometry. Detection of analysis of
phase transformation of fat may also be performed, because lipids expand on melting and con-
tract on polymorphic change to a more stable fat [S]. The use of low-resolution pulse NMR and
FTIR [125-129] for the determination of solid fat content has been detailed in the literature.
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B. CHROMATOGRAPHIC PROCEDURES FOR LIPID CHARACTERIZATION

Lipid extracts are complex mixtures of individual classes of compounds and require further sepa-
ration to pure components if needed. Analysis of chemical components of lipid (e.g., lipid classes,
fatty acids, trans fatty acids, sterols, tocopherols, pigments) primarily involves chromatographic
and spectroscopic methods. Usually, a combination of separation techniques is used to achieve a
high degree of purity of respective lipid components and this could be analytical (for quantitation)
or preparative.

The first step in the analyses involves separation of lipids into their various polarity components.
It may simply separate the lipid into its polar and nonpolar fractions or may entail analysis of TAG,
FFAs, sterols, steryl esters, glycolipids, and PLs. Traditionally, liquid—liquid extraction, thin-layer
chromatography (TLC), or liquid—solid column chromatography has been used for fractionation,
cleaning, and concentration of lipid extracts. The most commonly used chromatographic techniques
for lipid analysis include column chromatography, gas chromatography (GC), high-performance
liquid chromatography (HPLC), supercritical fluid chromatography (SFC), and TLC. Applications
of these techniques for the analysis of food lipids are discussed in the following sections.

1. Column Chromatography

Lipid extracts are usually fractionated by column chromatography on a preparative scale before
subjecting them to detailed analysis. Solid-liquid (adsorption), liquid-liquid (partition), and ion-
exchange chromatography are among the widely used methods of lipid fractionation. In solid—
liquid chromatography, separation is based on partitioning and adsorption of the lipid components
between solid and liquid (mobile) phases. Elution of the desired lipid class is achieved by varying
the polarity and strength of the mobile phase. Common stationary phases for column chromatogra-
phy are silica, alumina, and ion-exchange resins, whereas the preferred column materials for lipid
analysis are silicic acid and florisil (magnesium silicate).

Low-pressure column chromatography using 50-500 mesh adsorbents has been used commonly
for the separation of different lipid classes. The main parameters involved in column chromatography
include weight of the adsorbent, conditioning of the adsorbent (moisture content), and column size.
It is generally accepted that long narrow columns give the best resolution, but large-diameter col-
umns increase sample capacity. For convenience, diameters over 5 cm and heights over 45 cm are
not recommended for typical laboratory use [4,130].

In adsorption chromatography, compounds are bound to the solid adsorbent by polar, ionic, and,
to a lesser extent, nonpolar or van der Waals forces. Therefore, separation of lipid components takes
place according to the relative polarities of the individual components, which are determined by the
number and type of nonpolar hydrophobic groups. In general, elution of the column with solvents
with increasing polarity separates the lipid mixture according to increasing polarity of its compo-
nents in the following order: saturated hydrocarbons, unsaturated hydrocarbons, wax esters, steryl
esters, long-chain aldehydes, TAGs, long-chain alcohols, FFAs, quinones, sterols, diacylglycerols,
monoacylglycerols, cerebrosides, glycosyl diacylglycerols, sulfolipids, acidic glycerophosphatides,
phosphatidylethanolamine, lysophosphatidylethanolamine, phosphatidylcholine, sphingomyelin,
and lysophosphatidylcholine [131]. The procedure applicable to most lipid mixtures is stepwise elu-
tion on a silicic acid column with the solvent sequence of n-hexane, acetone, and methanol to sepa-
rate into neutral lipids, glycolipids, and PLs, respectively [4,131]. The shortcomings of this SPE are
incomplete elution from silicic acid; potential contamination of other lipid classes, which requires
further purification; and arbitrary assignment of solvents in predefined lipid classes without proof.

Complexing the adsorbent material with silver nitrate enables separation of lipid mixtures accord-
ing to the number, position, and cis and frans isomerism of double bonds in unsaturated fatty acids
and their derivatives. The use of borate treatment of the column material complexes the compounds
containing hydroxyl groups on adjacent carbon atoms and assists the separation of glycolipids [132].
Complexing of adsorbent materials is discussed in Section IV.B.5.
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TABLE 5.2
lon-Exchange Chromatography Materials Used in Lipid Analysis
lonizing Group Commercial Classification Analytical Use

(CH,),N + H(C,Hy), (diethylaminoethyl) DEAE (anionic exchanger)  Anionic lipids (phospholipids,
sulfolipids, sialoglycolipids, fatty acids)

(CH,),N + (C,Hj); (triethylaminoethyl) TEAE (anionic exchanger)  Anionic lipids

CH,COO- (carboxymethyl) CM (cationic exchanger) Phospholipid mixtures

Source: Adapted from Hemming, F.W. and Hawthrone, J.N., Lipid Analysis, BIOS Scientific, Oxford, U.K., 1996.

Nowadays, commercial columns are prepacked with a variety of solid stationary phases, which
are available for the separation of lipid classes and may be referred to as SPE columns. SPE requires
less time, solvent, and packing material than classical column chromatography [133]. SPE can be
used for isolation, concentration, purification, and fractionation of analytes from complex mixtures
[134,135]. Aminopropyl-bonded phase has been used for the separation of total lipids in lipid classes
obtained from different sources [136-139].

The ion-exchange columns carry ionic groups that bind to the opposite charge of the ionic groups
of lipids. Thus, a polymer with fixed cations binds anionic lipids from a mixture, provided that the
pH of the solvent mixture allows ionization of the anionic groups. At the same time, the concen-
tration of nonlipid anions in the solvent mixture should not compete for all of the fixed ions [132].
Some of the ion-exchange chromatographic materials commonly used for lipid analysis are given
in Table 5.2. Diethylaminoethyl (DEAE) cellulose is used for the separation of lipid classes, and
triethylaminoethyl cellulose is useful for the separation of lipids having only ionic carboxyl groups
(e.g., fatty acids, bile acids, gangliosides) or phosphatidylethanolamine from ceramide polyhexo-
sides [131]. In polar lipid analysis, DEAE cellulose in the acetate form is the most frequently used
anion-exchange material. It is most effective in the pH range 3-6, and often separation of polar
lipid is achieved by stepwise elution with ammonium acetate buffer in water—ethanol. The cation
exchanger carboxymethylcellulose as its sodium salt has been used occasionally over the same pH
range for the separation of PLs [132].

Immunoaffinity column chromatography has been used for isolation and purification of apolipo-
proteins. Ligand molecules (antibody, antibody to apolipoprotein or antigen, purified apolipoprotein)
are immobilized on the solid support (matrix) and bind to corresponding target molecules (antigen
or antibody) in a mixture of macromolecules. The bound target molecule (e.g., apolipoprotein) can
then be desorbed from the ligands and eluted in the purified form using appropriate buffers [140].

2. Gas Chromatography

The GC (or GLC) analysis of lipids has been much studied in the literature. This method involves
partitioning of the components of the lipid mixture in the vapor state between a mobile gas phase
and a stationary nonvolatile liquid phase dispersed on an inert support.

Analysis of fatty acid composition by GC usually requires derivatization of fatty acids to increase
their volatility. Fatty acid methyl esters (FAMEs) may be prepared by different transmethylation
techniques and then separated on GC columns and detected by flame ionization detection (FID).
The gas phase for GC is usually nitrogen or helium for packed columns and helium or hydrogen
for capillary columns. The identification of chromatographic peaks is based on the comparison of
their retention times with those of the authentic samples. GC analysis of TAG of food lipids may
also provide information about positional distribution of fatty acids in the molecules. Naturally
occurring TAGs that are purified by TLC can then be resolved without derivatization on the basis of
their carbon number or molecular weight using capillary GC equipped with 8—15 m long columns
coated with methylphenyl-, methyl-, or dimethylsilicone (nonpolar capillary). The use of helium or



148 Food Lipids: Chemistry, Nutrition, and Biotechnology

hydrogen as a carrier gas for the separation of TAG on such columns requires higher temperatures
than those employed for the separation of methyl esters. Mono- and diacylglycerols have to be con-
verted to trimethylsilyl (TMS) or fert-butyldimethylsilyl (TBDMS) ethers for complete resolution
[141,142]. A combined GC and mass spectrometric technique has been applied for determining
molecular species in the glycerol esters. TMS or TBDMS derivatives of glycerol esters separated
on GC may be subjected to mass spectrometric analysis in order to obtain information on their
molecular structure [143]. Identification of cholesterol oxidation products has great clinical impor-
tance. Recently, several authors have described GC separation combined with mass spectroscopic
identification of cholesterol oxidation products [144,145].

3. High-Performance Liquid Chromatography

HPLC is a highly efficient form of adsorption, partition, or ion-exchange LC that uses a very
uniform, finely divided, microspherical (5-10 mm) support of controlled porosity and degree of
hydration. The adsorbent is tightly packed into a stainless steel column (10-30 cm long, 2—4 mm
diameter) and requires a high-pressure pump to obtain an adequate and constant flow of solvent
through the column. Elution of the column may be carried out either isocratically with a solvent
mixture of constant composition or by gradient elution in which the solvent composition may be
varied linearly or in a stepwise fashion with both binary and ternary solvent systems. The column
eluates are continuously monitored by means of a flow-through detector, which should be insensi-
tive to solvent flow rate, temperature, and composition [131].

Sample derivatization is employed to facilitate the separation and to enhance the limit of detec-
tion for the HPLC analysis. Hydrolysis or saponification is done to cleave ester linkages and to obtain
FFAs for their subsequent analysis. Although lipids do not possess specific ultraviolet (UV) absorp-
tion peaks, they could be detected in the region of 203-210 nm because of the presence of double
bonds in the fatty acyl groups, or the functionalities such as carbonyl, carboxyl, phosphate, amino,
or quaternary ammonium groups. However, this low UV range greatly restricts the choice of sol-
vent, and it is advisable to avoid chloroform—methanol mixtures because they display a strong absorp-
tion below 245 nm. Frequently, diacylglycerols require preparation of UV-absorbing derivatives (e.g.,
benzoate, dinitrobenzoates, pentafluorobenzoates, and TBDMS ethers) for detection. Fatty acids can
be analyzed by forming 9-anthryl-diazomethane (ADAM) derivatives and employing a fluorescence
detector. Fatty acids increase their hydrophobicity when ADAM is bound to the carboxyl group; thus,
the derivatives are retained longer on a reversed-phase column than fatty acids and good separation
is obtained [146]. Fluorescence detectors are specific for detection and quantification of tocopherols
and fluorescent derivatives of fatty acids. Evaporative light-scattering detector (ELSD) and FID have
been in wide use for detection of all types of lipids following HPLC separation [141,147]. These are
sometimes referred to as universal detectors. The principle of ELSD involves evaporation of mobile
phase of the separated lipid fraction by a nebulizer (spray the eluent stream with a large volume of
nitrogen or air) to obtain droplets of solute (lipids). These solute droplets are directed through a light
source (may be a laser light source); the degree of scattering of the light is proportional to the mass of
the solute [148]. The RI detection may also be used for lipid analysis [149]. Recently, Jones et al. [150]
determined the lipid content of algae using normal-phase HPLC coupled in parallel to an evaporative
light-scattering detector (ELSD) and quadrupole mass spectrometer.

Normal-phase HPLC also allows the separation of normal-chain and hydroxy fatty acid—
containing TAG. Normal-phase HPLC on silver-ion-loaded anion-exchange columns is currently
used to resolve TAG based on their degree of unsaturation [141]. Reversed-phase HPLC (using C18
columns) is also widely applied for separation and quantification of tri-, di-, and monoacylglycerols.
Sehat et al. [151] have described that silver-ion HPLC can be employed to separate and identify
conjugated linoleic acid isomers.

Since glycerol possesses a prochiral carbon, asymmetrical esterification of the primary position
leads to the formation of enantiomers. Although enantiomeric TAGs cannot be resolved by normal
HPLC, their diastereomeric naphthylethylurethane derivatives can be separated by HPLC on silica
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gel [152,153]. The use of a stationary phase with chiral moieties to separate enantiomers of mono-
and diacyl-sn-glycerols after derivatization with 3,5-dinitrophenylurethane by HPLC separation of
enantiomers has been reported [154—-156].

Separation of PLs is very laborious when TLC is used; however, HPLC provides a better means
of separation and quantification. At present, the use of gradient (binary or tertiary) elution on silica
columns is frequently used for the separation of different classes of PLs. Several polar solvent
systems that are suitable for such separations are available [157,158]. UV detection, FID, or ELSD
is suitable for PL identification and quantification using silica or normal-phase chromatography
[157-159]. Separation of glycolipids can be achieved using a silica column with a binary gradient
(hexane—-IPA-2.8 mM ammonium acetate) [160] or reversed-phase C18 (ODS) column [148].

Isocratic, normal-phase separation of cholesterol esters, FFAs, and free sterols is widely used.
Simultaneous analysis of nonpolar and polar lipids using HPLC silica gel column has also been
reported. In addition to normal- and reversed-phase methods, size exclusion HPLC has been used
to separate TAG and other nonpolar lipids. This has been specifically employed for the analysis of
polymerized lipids such as those generated during deep fat frying [100]. Christopoulou and Perkins
[161] have described separation of monomers, dimers, and trimers of fatty acids in oxidized lip-
ids using size exclusion column with an RI detector, whereas Burkov and Henderson [162] have
reported the use of a similar column with ELSD to analyze polymers in autoxidized marine oils.

Micro-HPLC columns have the volume of one-hundredth of that of a conventional column and
benefit from low consumption of material used as stationary phase, sample and mobile phase, oper-
ation at low flow rate, and temperature programming. It can also be easily coupled with a mass
spectrometer and an FTIR detector [146].

4. Supercritical Fluid Chromatography

The use of SFC for lipid extraction was discussed in a previous section. When CO, is compressed
at a temperature and pressure above its critical point, it does not liquify but forms a dense gas;
thus, as a mobile-phase SFC is gaseous and solvating. Such a dense gas has a number of properties
(e.g., relatively high densities and diffusivities) that makes it attractive for use as a mobile phase for
LC. SFC with open tubular columns acts as a substitute for GC, but with the analysis temperature
much lower than that employed in GC.

The temperature and pressure required for SC-CO, are much lower than that for HPLC. As CO,
is nonpolar, its SFC can dissolve less polar compounds and is suitable for the analysis of less polar
species. To analyze polar components, polar solvents such as methanol or ethanol may be added to
the SFC to cover active sites (—Si—OH) on the surface of the supporting material and to increase
the dissolving power of the mobile phase. Both packed and capillary columns are used for SFC.
Packing materials developed for HPLC are suitable for SFC-packed columns [163]. Similarly, fused
silica capillary tubes used for GC are suitable for SFC, and stationary phases may employ dimethyl-
polysiloxane, methylphenylpolysiloxane, diphenylpolysiloxane, and cyanopropylpolysiloxane [164].

Capillary SFC with FID or UV has been used for the analysis of TAG, FFAs, and their deriva-
tives [165-167]. SFC argentation chromatography has been used for the separation of TAG accord-
ing to the number of double bonds, chain length, and nature of the double bonds [168,169]. It is
necessary to add acetonitrile as a polar modifier to CO, to facilitate elution of TAGs. For improved
analytical efficiency of lipid having a narrow range of unsaturation, mobile-phase gradient (e.g.,
temperature, pressure and density, velocity) can be employed. Detectors for ELSD, FID, UV, MS,
and FTIR developed for GC and HPLC are applicable to SFC. Combination of SFC with SFE has
been successful for analyzing lipids of different food samples. SFE may replace any conventional
lipid extraction method, and the quantification of extracted lipids (instead of gravimetric analysis)
can be performed with a detector (ELSD) that has been directly connected to the extraction cell.
SFE-SFC has also been used to characterize TAG patterns of seed oils [163,170]. SFC is a viable
alternative for reducing any solvent use in lipid extraction and analysis and has a great potential for
further development.
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5. Thin-Layer Chromatography

TLC is one of the main analytical tools used for lipid analysis. TLC can be used for fractionation of
complex lipid mixtures, assay of purity, identification, information on the structure, and monitoring
extraction and separation of components via preparative column chromatography for routine and
experimental purposes. The principles and theory of TLC are based on the difference in the affin-
ity of a component toward a stationary and a mobile phase. The important components of TLC are
the stationary phase, mobile phase, detection, and quantification [S]. The adsorbent generally used
in TLC for lipid analysis is a very-fine-grade silica gel and may contain calcium sulfate as a binder
to ensure adhesion to the plate [4]. Alumina and kieselguhr are also used as stationary phases.
These adsorbents can also be modified by impregnation with other substances so as to achieve the
desired separations. The most popular impregnations are with boric acid or silver nitrate. Silver
nitrate—impregnated (argentation) TLC may be used to separate TAGs or FAMEs according to
the number of double bonds and also by virtue of the geometry (e.g., cis or trans) and position of
the double bonds in the alkyl chain. The silver ion forms a reversible complex with the p electrons
of the double bond of unsaturated fatty acids, thereby decreasing their mobility [171]. Structural
isomers of TAGs (due to their fatty acid constituents) may also be separated on this type of TLC
plate [147]. Impregnation of the TLC plates with boric acid (3%, w/v) prevents isomerization of
mono- and diacylglycerols while separating neutral lipids [131]. Boric acid complexes with vicinal
hydroxyl groups and leads to slower migration of these compounds [171].

Samples of lipid extracts are applied as discrete spots or as narrow streaks, 1.5-2 cm from the
bottom of the plate. The plate is then developed in a chamber containing the developing solvent or a
solvent mixture. The solvent moves up the plate by capillary action, taking the various components
with it at different rates, depending on their polarity and how tightly they might be held by the
adsorbent. The plate is removed from the developing chamber when the solvent approaches the top
of it and then dried in the air or under a flow of nitrogen. Solvents with low boiling point, viscosity,
and toxicity are suitable for TLC application. A low boiling point helps in the quick evaporation
of the solvent from the surface layer, and low viscosity facilitates faster movement of the solvent
during development. The selection of a suitable solvent is very important for good separation of the
lipid classes. Several solvent systems may be used to resolve individual lipid classes, as exemplified
in Table 5.3.

TABLE 5.3
Solvent Systems That Could Be Used for Separation of Lipids by TLC
Lipid Component TLC Adsorbent Solvent System References
Complex lipids Silica gel G Chloroform—methanol-water, 25:10:1 (v/v/v) [172]
(animal tissues) Silica gel H Chloroform—methanol-acetic acid—water, 25:15:4:2 [172]
(VIvIvIv)
Silica gel H First developing system, pyridine-hexane, 3:1 (v/v) and [172]

second developing system, chloroform—methanol—
pyridine—2 M ammonia, 35:12:65:1 (v/v/v/v)

Complex lipids Silica gel G Acetone—acetic acid-water, 100:2:1 (v/v/v) [173]
(plant tissues) (4]
Simple lipids Silica gel G Hexane—diethyl ether—formic acid, 80:20:2 (v/v/v) [4,174]
Silica gel G Benzene—diethyl ether—ethyl acetate—acetic acid, [4,174]
80:10:10:0.2 (v/v/viv)
Partial acylglycerol  Silica gel G containing  Chloroform-acetone, 96:4 (v/v) [4]
5% (w/v) boric acid
Neutral Silica gel G Hexane—diethyl ether, 95:5 (v/v), in the first direction; [4]

plasmalogens hexane—diethyl ether, 80:20 (v/v), in the second direction
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The location of the corresponding lipid spots on a developed plate has to be detected before their
isolation. Detection of the spots may be done using a reagent directly on the plate. This reagent
could be specific to certain functional groups of the lipid molecules or may be a nonspecific reagent
that renders all lipids visible. There are nondestructive chemical reagents, such as 2',7’-dichlorofluo-
rescein in 95% methanol (1%, w/v), iodine, rhodamine 6G, and water, which allow recovery of lipids
after detection. Lipids exhibit a yellow color and in the presence of rhodamine 6G (0.01%, w/v)
produce pink spots under UV light. These chemicals may also be used as a nondestructive spray for
preparative TLC. When water is used, separated lipids may appear as white spots in a translucent
background and can easily be distinguished. Developed plates may also be subjected to saturated
iodine vapor in a chamber and this may produce brown spots because of the reaction of iodine
with unsaturated bonds of the lipid molecules. However, unsaturated lipids may form artifacts with
iodine, if sufficient time is allowed. The destructive methods include spraying of the plate with sul-
furic acid (50%, v/v) and drying at 180°C for 1 h to make lipids visible as black deposits of carbon
[4]. Potassium dichromate (5%, w/v) in 40% (v/v) sulfuric acid also works in a similar manner to
sulfuric acid spray. Molybdophosphoric acid (5%, w/v) in ethanol turns lipids into blue then black
when heated at 120°C for 1 h. Coomassie blue (0.03% in 20% methanol) turns lipid into blue spots
on white background. Examples of specific reagents that react selectively with specific functional
groups include FeCl, to detect cholesterol and cholesterol esters, ninhydrin for choline-containing
PLs, and orcinol or naphthol/H,SO, for glycolipids [175]. Some lipids contain chromophores and
can be visualized directly under UV or visible light without staining.

Lipids detected by nondestructive methods can be recovered by scraping the bands of interest
and dissolving them in an appropriate solvent. Complex lipid mixtures cannot always be separated
by 1D TLC; however, 2D TLC may resolve such mixtures. The use of high-performance TLC
(HP-TLC) plates with spot-focusing slits to minimize spot diffusion on the plate can be used for
quantitative determination of analytes. This technique has been demonstrated by Kozutsumi and
group [176] for determining indigenous DHA levels of cows’ milk after converting to DHA methyl
esters. HP-TLC is a fast, relatively inexpensive, and widely used method of separating complex
mixtures, which is particularly useful for smaller, apolar compounds and offers some advantages
over HPLC [177]. Ettre [178] reported that the most important difference between TLC and HPTLC
is the different particle sizes of the stationary phases. Recently, Ciesla and Waksmundzka-Hajnos
[179] reviewed the potential application of 2D TLC in the analysis of secondary plant metabolites.

The separation efficiency of TLC plates is affected by the degree of hydration of the adsorbent.
Therefore, activation of the adsorbent, which depends on both the time and the temperature as well
as the storage conditions of the plates and the relative humidity of the atmosphere, must be consid-
ered. The use of authentic lipid standards would allow direct comparison of the resolved lipids in
an unknown mixture. HP-TLC plates have high resolving power and speed of separation. They are
available commercially as precoated plates with fine (5 mm) and uniform particle size silica gel.
However, the amount of sample that can be applied to such HP-TLC plates is very small. TLC is a
preferred method of purification and separation of lipid classes before subjecting them to further
separation of individual components.

For quantification of TLC-separated lipids, traditional scraping followed by quantitation and
in situ determination are available. The separated lipid classes on silica gel can be scraped off,
extracted by means of suitable solvents, and quantitated gravimetrically, spectrophotometrically,
or by GC. Determination of the phosphorus content of the eluted PLs is a classic example for spec-
trophotometric quantitation. GC can be employed to quantify separated neutral and PL classes by
derivatizing the constituent fatty acids into their methyl esters. Densitometric methods provide an
in situ quantification method for lipids. Lipids are sprayed with reagents, and their absorption or
fluorescence can be measured under UV or visible light by densitometry.

The spots detected by charring can be measured by scanning photodensitometer areas of
peaks, which are proportional to the amount of original lipid present. Scintillation counting
is also possible after introducing a correct scintillator (e.g., mixture of 2,5-diphenyloxazole and
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1,4-bis-2-(5-phenyloxazoyl)benzene, PPO, and POPOP in toluene) into the lipid. Scanning fluorom-
etry allows resolution of lipids on an adsorbent containing a fluorescent dye or by spraying with
such reagents.

TLC could be coupled with other methods to facilitate detection, quantitative identification, or
quantitation of separated lipids. These include coupling with HPLC (HPLC/TLC), FTIR (TLC/
FTIR), NMR (TLC/NMR), and Raman spectroscopy (TLC/RS) [171]. The Iatroscan (Iatron
Laboratories of Japan) applies the same principles of TLC to separate lipid mixtures followed by
their detection using FID. The TLC medium is silica (7.5 mm thick) sintered onto quartz rods
(0.9 mm in ID, 15 cm long, called Chromarods). Chromatographic resolution of lipid classes on
Chromarods and the composition of solvent systems used are similar to those employed in classi-
cal TLC with modifications. Copper sulfate, silver nitrate, boric acid, or oxalic acid impregnation
has been reported to produce better resolution and increased responses in the determination [180].
Parrish and Ackman [181] have shown that stepwise scanning and developing in solvent systems of
increasing polarity resolve individual lipid components in neutral lipids of marine origin. FID gives
a linear response that is proportional to the number of nonoxidized carbon atoms in the material
entering the flame. The Chromarods are reusable up to 100—150 times and require thorough clean-
ing after each use. The main advantage of TLC-FID is the short analysis time, with the possibility of
determining all components in a single analysis. The partial scanning and redevelopment [182—184]
that can be done with TLC-FID give a unique advantage over any other lipid analysis technique.
TLC-FID system has been used to analyze different types of lipids as detailed by Kaitaranta and
Ke [185], Sebedio and Ackman [186], Tanaka et al. [187], Walton et al. [188], Indrasena et al. [189],
Kramer et al. [190], Parrish et al. [191], and Pryzbylski and Eskin [192].

C. SpectrROSCOPIC METHODS OF LIPID ANALYSIS

UV and visible spectroscopy are less frequently used but have specific applications for the identifi-
cation and quantification of lipids. IR spectroscopy was the first spectroscopic method applied for
the analysis of lipids. NMR and MS have been widely used for lipid structure determination; how-
ever, new applications other than these have been developed. IR, UV, and NMR are nondestructive
spectroscopic methodologies.

1. UV-Visible Spectroscopy

UV and visible spectra of organic compounds are attributable to electronic excitations or transitions.
Functional groups with high electron density, such as carbonyl and nitro groups with double, triple,
or conjugated double bonds, absorb strongly in the UV or visible range at characteristic wavelengths
(Apay) and molar extinction coefficients (g,,,,). Table 5.4 provides some of the diagnostic UV absorp-
tion bands for lipid analysis. It should be noted that the A, for a compound may vary, depending
on the solvent used [131,132].

max.

2. Infrared Absorption Spectroscopy

The IR spectrum of an oil provides substantial information on the structure and functional groups
of the lipid and also about the impurities associated with it. These information are represented as
peaks or shoulders of the spectrum as illustrated in Figure 5.1. At the high-frequency end of the
spectrum (3700-3400 cm™), there is a region where compounds containing hydroxyl groups are
absorbed, including water (H-OH) and hydroperoxides (RO—H) and their breakdown products.
Some lower frequencies (3025-2850 cm™) represent the CH stretching region where three bands are
visible: a weak cis double-bond CH absorption (CH=CH) and strong bonds due to the CH, groups
of the aliphatic chains of TAGs and the terminal methyl groups. Just beyond this region are second-
ary oxidation products of lipids such as aldehydes and ketones that absorb energy albeit weakly.
Toward the center of the spectrum is a very strong band due to the C=O0 stretching absorption due
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TABLE 5.4
Ultraviolet Absorption Characteristics of Some Chromophoric Groups
Chromophore Example Amax (NM) €mnax Solvent
—C=C- Octene 177 12,600 Heptane
-C=C- Octyne 178 10,000 Heptane
196 2,100
—C=C-C=C-  Butadiene 217 20,900 Hexane
—(C=0),~ Conjugated polyenes 217 +30 (n-2)  20,000-100,000  Hexane
C¢H, Benzene 184 47,000 Cyclohexane
202 7,000
255 230
«C=CC=C),~ p-Carotene 452 139,000 Hexane
478 12,200
HC=0 Acetaldehyde 290 17 Hexane
C=0 Acetone 275 17 Ethanol
—COOH Acetic to palmitic acid ~ 208-210 32-50 Ethanol

Source: Adapted from Kates, M., Techniques of Lipidology, 2nd edn., Elsevier, New York, 1986.
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FIGURE 5.1 Mid-infrared spectrum of an edible oil collected on an attenuated total reflectance crystal.
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to the ester linkage attaching the fatty acids to the glycerol backbone of TAGs. Next to it is a band
due to COOH group of FFAs if the lipid is hydrolyzed. In the same region, there would be carbonyl
absorption bands of aldehydes (R-CHO) and ketones (R—CO-R) if the oil is oxidized. Continuing
to lower frequencies area is the fingerprinting region (1500-900 cm™) as the pattern of bands in
this region is very characteristic of molecular composition of the lipid and could be used to iden-
tify different components. At the low-frequency end of the fingerprinting region, a band due to the
CH=CH bonding absorption of isolated trans double bonds could be seen when frans-containing
TAGs are present in the oil. The corresponding absorption of conjugated dienes containing trans—
trans and cis—trans double bonds appears at slightly higher frequencies in oxidized polyunsaturated
fatty acid (PUFA)-containing oils. Beyond the isolated zrans bond is another group of CH absorp-
tion bending vibrations including a very strong cis absorption [193].

The IR absorption signal could be employed to analyze and obtain information about qualita-
tive structural and functional groups of lipids. In principle, since IR band intensities are linearly
related to the concentration of the absorbing molecular species, quantitative information about the
lipid can also be obtained [193]. IR spectroscopy has been applied to solid lipids to obtain infor-
mation about polymorphism, crystal structure, conformation, and chain length. In oils, IR is com-
monly used to determine the presence and the content of ¢trans unsaturation. Single-trans double
bonds show a characteristic absorption band at 968 cm™!, and the frequency does not change for
additional double bonds unless these are conjugated. There is no similar diagnostic IR absorp-
tion band for cis unsaturation; however, Raman spectra show strong absorption bands at 1665 +
1 cm™ (cis-olefin), 1670 = 1 cm™! (trans-olefin), and 2230 + 1 and 2291 + 2 cm™! (acetylene) for
the type of unsaturation shown [142]. Kates [131] has provided the characteristic IR absorption
frequencies that have diagnostic values for the identification of major classes of lipids. It has also
been reported that ionic forms of PLs influence the absorption bands associated with phosphate
groups that influence the interpretation of the spectra [131]. The FTIR spectrometer finds its uses
in measuring IV, saponification value, and FFAs [194]. Oxidative stability of lipids as reflected in
the formation of peroxides and secondary oxidation products may also be determined by FTIR
[193,195]. Recently, Dean et al. [113] used FTIR in the analysis of lipid accumulation in response
to nitrogen in freshwater microalgae.

3. Nuclear Magnetic Resonance Spectroscopy

Low-resolution pulsed 1H NMR spectroscopy is employed to determine the solid fat content of
lipids as well as the oil content of seeds, as discussed earlier in this chapter. High-resolution 1H
NMR applied to vegetable oils gives several signals with designated chemical shifts, coupling con-
stant, splitting pattern, and area. This information can be used to obtain structural and quantita-
tive information about lipids. Methyl stearate (saturated fatty acid ester) may give five distinct 'H
NMR signals as summarized in Table 5.5. Similar signals appear in methyl oleate and linoleate,
but methyl oleate also gives signals for olefinic (5.35 ppm, 2H) and allylic (2.05 ppm, 4H) hydrogen
atoms, and for linoleate these are at 5.35 (4H), 2.05 (4H, C8, and C14), and 2.77 ppm (2H, C11),
respectively. When a double bond gets close to the methyl group, as in a-linolenate and other -3
esters, the CH, signal is shifted to 0.98 ppm; oils containing other esters (-6, ®-9, and saturated)
exhibit a triplet at 0.89 ppm. The area associated with these various signals can be used to obtain
semiquantitative information in terms of ®-3 fatty acids (x-linolenate) and other polyenic, monoe-
noic (oleate), and saturated acids [142,196].

Acylglycerols show signals associated with the five hydrogen atoms on the glycerol moiety.
There is a one-proton signal at 5.25 ppm (CHOCOR), which overlaps with the olefinic signals and
a four-proton signal located between 4.12 and 4.28 ppm (CH,OCOR). PLs display characteristic
signals for phosphatidylcholine and phosphatidylethanolamine [142].

High-resolution *C NMR spectra are more complex than 1H spectra and provide more structural
information than quantitative ones. It is also possible to locate functional groups such as hydroxy,
epoxy, acetylenic, and branched chains in the molecules. The application of *C NMR to TAG allows
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TABLE 5.5
Chemical Shift (AH) for Methyl Alkanoates
Observed for 'TH NMR

AH (ppm) Splitting H Group?
0.90 Triplet 3 CH;

1.31 Broad 2n (CH,),

1.58 Quintet 2 CH,CH,COOCH,;
230 Triplet 2 CH,CH,COOCH,
3.65 Singlet 3 CH,CH,COOCH;,

Source: Adapted from Gunstone, E.D., Fatty Acid and Lipid Chemistry,
Blackie, London, U.K., 1996.
2 Assigned hydrogen is designated as H.

determination of the positional distribution of fatty acids on the glycerol backbone [197,198]. The *C
resonance of the carbonyl group of fatty acids in the sn-1 and sn-3 positions is well resolved from
those esterified at the sn-2 position. Most unsaturated fatty acids in the sn-2 position are nondegener-
ative and could be easily differentiated. '*C NMR has been successfully applied for the determination
of positional distribution of TAG fatty acids in vegetable oils [199-201] and marine oils [202,203].

Merkley and Syvitski [204] used a high-resolution magic angle spinning (HR-MAS) NMR spec-
troscopy to profile and quantify metabolites of marine microalgae. They suggested that HR-MAS-
NMR offers a robust and rapid screening method, which is capable of ascertaining the absolute
quantity of each component with minimal sample manipulation. It has been suggested that conven-
tional solution-state NMR spectroscopy, providing poor spectra for semisolid materials due to the
anisotropic effects from restricted molecular mobility, causes line broadening [204]. However, in
HR-MAS spectroscopy, samples are spun at the “magic angle” (54.7°) to the static magnetic field
removing unwanted line broadening effects.

The NMR imaging is based on the manipulation of magnetic field gradients oriented at right
angles to each other to provide spacial encoding of signals from an object, which are converted by
FT techniques to 3D NMR images [205]. It produces 3D data by selecting 2D cross sections in all
directions. Application of NMR imaging or magnetic resonance imaging (MRI) to foods has been
of interest as it is a noninvasive technique that can be applied to track the dynamic changes in foods
during storage, processing, packaging, and distribution.

Most magnetic resonance images of foods are based on proton resonances from either water or
lipids. Simoneau et al. [206] have applied MRI to the study of fat crystallization in bulk or dispersed
systems. Halloin et al. [207] described two MRI techniques, spin-echo imaging and chemical shift
imagining, for the study of lipid distribution in pecan embryos. Insect- or fungus-damaged embryos
gave images that were less intense than those of normal embryos, reflecting lower oil content. When
MRI and NMR were employed to determine the oil content of French-style salad dressings, results
were within +2% of expected values and were in agreement with oil content determined by tradi-
tional methods [208]. Pilhofer et al. [209] have studied the use of MRI to investigate the formation
and stability of oil-in-water emulsions formed with vegetable oil, milk fat, and milk fat fractions.
Distribution of lean and fat in retail meat as a means of quality can be measured [210] using MRI
and also to visualize oil and water concentration gradient during deep fat frying food [211].

In recent past, high-resolution 'H NMR has been considered as a fast and accurate technique suit-
able for the analysis of edible oils and fats [212]. Siciliano et al. [213] reported that high-resolution
"H NMR is complementary to chemometric analysis, which has been used as a rapid quality control
and authentication tool. Several studies used this technique to identify geographical and botanical
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origin of olive oil [214-216]. Siciliano et al. [213] determined the fatty acid chain profile of lipids in
pork meat products during ripening using high-resolution 'H NMR spectroscopy.

3P NMR is also widely used in the identification of isomeric lipids, which could only detect
lipids containing phosphorus [177]. Fuchs et al. [177] suggested that although this method can be
exclusively used in the case of phosphorous containing compounds (or at least only after suitable
derivatization), it allows the differentiation and quantitation of all PL classes within a single spec-
trum according to differences in their head groups. However, Schiller et al. [217] reported that dif-
ferences in fatty acyl compositions could be monitored if the lengths or the degree of unsaturation
of the fatty acyl residues differ significantly.

In addition, TD-NMR has become a widespread interest for its use as a convenient method to
analyze lipid. In comparison to ordinary NMR, TD-NMR is faster, easier to use, and less expensive
[218]. Todt et al. [219] reported that TD-NMR is based on the different relaxation times of hydrogen
nuclei in different phases of the sample being analyzed.

4. Mass Spectrometry

In conventional MS, compounds in their gaseous state are ionized by bombardment with electrons
(electron impact [EI]) in an ionization chamber. The resulting mass spectrum consists of a char-
acteristic pattern of peaks representing molecular fragments with different mass-to-charge (m/z)
ratios. Some of these peaks or patterns of peaks are structurally diagnostic. The parent ion peak
that arises from the unfragmented ionized molecule has the highest m/z ratio but may not be always
present, depending on the volatility and thermal stability of the compound. Thus, lipids containing
polar groups, such as PLs, with low thermal stability and volatility and high molecular weight can-
not be analyzed by conventional EI MS. Therefore, fast atom bombardment, chemical ionization,
field desorption, or secondary ion MS are required for such lipid analysis [143].

MS is very useful in identifying the structural modification of chain length such as branching
or the presence of rings for saturated species. In this regard, matrix-assisted laser desorption
ionization and time-of-flight mass spectrometry (MALDI-TOF-MS) have several advantages. It
does not require prior derivatization of sample to enhance the volatility of the lipids. The extent
of fragmentation of MALDI-TOF-MS is low; thus, detection of molecular ion is possible in most
cases. Schiller et al. [220] have successfully used a matrix of 2,5-dihydroxybenzoic acid to identify
phosphatidylcholine and different PLs as their molecular ions (M + 1). Diacylglycerols were mainly
detected as their corresponding sodium or potassium adducts but not as their protonated form.
MALDI-TOF-MS can be used for direct investigation of lipid mixtures occurring, for example, in
cell membranes because of its high sensitivity (up to picomolar concentrations).

MS in combination with GC and HPLC is also useful in the structural determination of the
individual lipid molecules. Le Quere et al. [221] have developed an online hydrogenation method
that allows selective hydrogenation of all the unsaturated species after chromatographic separa-
tion for deducing structural information such as carbon skeleton and double-bond equivalents. Le
Quere [222] has reviewed this methodology and the use of GC-MS and tandem MS for the analysis
of structural features of fatty acids. The introduction of delayed ion extraction (DE) to MALDI-
TOF-MS has dramatically improved the resolution and accuracy of the mass spectroscopy for
molecular identification. Fujiwaki et al. [223] have described DE-coupled MALDI-TOF-MS for
precise identification of lysosphingolipids and gangliosides. Recently, pyrolysis-GC-MS coupled
with solid-phase microextraction with a particular focus on nitrogen-containing compounds has
been used to evaluate the hydrothermal liquefaction of oil from Desmodesmus sp. [224].

D. ENzymatic METHODS

Higgins [225] has described an enzymatic method for determining the TAG content of samples.
This involves reaction of the TAG with lipase in order to obtain glycerol and FFAs. The glycerol so
produced is then converted to a-glycerophosphate using glycerol kinase. The a-glycerophosphate
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dehydrogenase is then used to reduce nicotinamide adenine dinucleotide (NAD) to NADH. The
resultant NADH is then measured by a colorimetric reaction.

Cholesterol oxidase is used for determining cholesterol concentration in blood plasma. PUFAs
with cis-methylene groups between their double bonds (e.g., linoleic, linolenic, and arachidonic
acids) can be quantitatively measured by reading the UV absorbance of conjugated diene hydro-
peroxides produced via lipoxygenase (lipoxidase)-catalyzed oxidation. The extinction coefficient of
diene hydroperoxides at 234 nm is the same for all PUFAs. Fatty acid esters have to be saponified
before such analysis. The phosphatidylcholine or lecithin content of foods (e.g., as a measure of the
egg content of foods) can be made by catalyzing conversion of lecithin to phosphatidic acid and
choline by lecithinase (phospholipase D) [5].

The method of stereospecific analysis of TAG described by Brockerhoff and Yurkowski [226]
uses pancreatic lipase that eventually removes fatty acids from the sn-1 and sn-3 positions of the
TAG. This procedure has recently been employed to determine the existing structural differences
of fish oils and seal oil [227]. Phospholipase A2 is used to release fatty acids at the sn-2 position
of the synthesized phosphatide during the analytical procedure. Lands [228] used a different
approach to determine steric positions of the fatty acids. TAG is hydrolyzed with lipase, and
the products are separated by TLC. The sn-3 hydroxyl of glycerol is phosphorylated with diac-
ylglycerol kinase to produce 3-phosphoryl monoacylglycerol. In the following step of analysis,
phospholipase A, is used to remove the fatty acids only from the sn-2 position. The fatty acids in
the sn-1 position can be released by saponifying the resultant 1-acyl lysophosphatidic acid. The
fatty acids in positions 1 and 2 can be identified by GC analysis. The composition of fatty acids
in position 3 can be calculated by comparing these results with those from the total fatty acid
composition determination of TAG.

E. IMMUNOCHEMICAL METHODS

Lipids are not generally very immunogenic. However, most glycolipids (except in the pure form)
possess antibodies of high activity and specificity. Therefore, glycolipids to be administered to
the animal are conjugated by covalent linking to a foreign protein (as a hapten) or using them
as a part of the bilayer of a liposome to stimulate the production of specific antibodies [93,97].
Immunochemical methods have also been developed for the assay of PLs and TAGs [93]. The
steroid hormones when conjugated with serum albumin are sufficiently immunogenic to stimulate
generation of antibodies with high activity, and this allows their detection.

Immunostaining of TLC plates for detection and assay of glycoproteins is widely done.
The TLC chromatogram containing separated glycolipids is treated with a radiolabeled specific
antibody (usually with 23T) to stain only the glycolipid antigen even in the presence of overlapping
glycolipids. Detection of '’ may be achieved using autoradiography, and the chromatographic
mobility and antibody staining serve to identify the glycolipid [132,140,229]. To overcome low
sensitivity of the immunoradiolabeled detection of glycolipids, enzyme-linked immunosorbent
assay (ELISA) was developed. For ELISA, lipid is usually bound to a solid phase and the antibody
is measured either by virtue of itself carrying enzyme or by using a second antibody that carries
an enzyme [132,229].

V. SUMMARY

Lipids are integral components and building blocks of biological materials. To understand their
constituents, chemistry, and biological functions, lipids have to be isolated and studied. Therefore,
an extensive knowledge of the extraction and analysis of lipids is essential to carry out studies on
lipids. This chapter provided comprehensive information on methods available for the extraction
and analysis of lipids from biological materials with examples when necessary. More details of a
particular topic could be obtained from the references listed.
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I. INTRODUCTION

Regio- and stereospecific distributions of fatty acids (FAs) in major neutral lipids such as triacylglyc-
erols (TAGs, Figure 6.1) affect the physical and biological properties of fats and oils. Understanding
the relationship between the texture of chocolate and the crystal structures of cacao fat, which
mainly contains palmitic acid—oleic acid—palmitic acid and stearic acid—oleic acid—stearic acid, is
the basis of the cacao fat substitute industry. Another major example of manufactured fats is oleic
acid—palmitic acid—oleic acid, which is a mimic of natural milk fat used in infant formula, has
revolutionized modern motherhood and reduced the burden on mothers. In milk fat, palmitic acid is
generally located at the sn-2 position of glycerol to remain in acylglycerol form following its diges-
tion by lipase. This is favored to avoid saponification with calcium ions and to be an efficient energy
source required for infants. Another characteristic of milk fat is that it has short-chain FAs at the
sn-3 position [1-3] and is believed to be digestive for infants.

Regio- and stereospecific analysis of the FA distribution is, of course, essential to clarify the
biosynthetic pathway of natural lipids via glycerol-3-phosphate [4,5]. Moreover, diacylglycerols
(DAGsS), which are digestive intermediates of TAG and phospholipids, have been shown to function
as secondary messengers in intracellular signaling by activating protein kinase C [6]. Thus, the
analysis of the positional distribution of FA is increasingly important in the understanding of the
biochemical function of lipids and lipidomics.

Il. CHEMICAL METHOD FOR REGIOSPECIFIC ANALYSIS OF TAG

The first method for the analysis of positional FA distributions in TAG was reported by Brockerhoff
in 1965 [7]. In principle, target TAG was partially degraded by pancreatic lipase or by a Grignard
reagent, and the resulting partial acylglycerols were fractionated by thin-layer chromatography
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FIGURE 6.2 Overview of the regio- and stereospecific analysis of TAG.

(TLC, Figure 6.2) [7,8]. A detailed review was previously given by Breckenridge [9]. According to
the original method, FA distributions are determined on the basis of the FA composition of fraction-
ated sn-1(3),2-DAG (a, -DAG) or sn-2 monoacylglycerol (B—MAG). Later, Becker et al. presented
that allyl magnesium bromide was superior than ethyl magnesium bromide as a Grignard reagent
or to pancreatic lipase in terms of the accuracy and the smaller standard deviations [10]. For the
sn-2 position, the best estimate was obtained by the direct determination of the FA composition of
2-MAG fraction and the 1(3)-position by the formula of 1.5 x TAG — 0.5 x 2-MAG.

Further on, Turon et al. argued that the regiospecific distribution of FA in TAG was most accu-
rately estimated when the FA composition at the a-position was determined on the basis of the
a-MAG directly recovered by the Grignard degradation and at the -position by calculation accord-
ing to the formula (3 x TAG) — (2 x a-MAG) [11]. It was discussed that higher accuracy was not
achieved because -MAG was contaminated by FA that migrated from the a-position and because
of the technical limitation to precisely fractionate o,3-DAG or f-MAG by TLC. The fractionation
of a-MAG was the easiest and precise as it had the lowest R, than those of other partial acylglycerol
species. The protocol was as follows (Figure 6.3).

Step 1: Grignard degradation. Pure TAG (40 mg) was dissolved in 2 mL of dry diethyl
ether. Ethyl MgBr solution (0.67 mL) was directly added using a positive displacement
pipette and shaken for 15 s. To terminate the reaction, 0.3 mL of acetic acid and 5 mL
of 0.4 M boric acid solution were consecutively added. The products were then extracted
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Step 1: TAG 40 mg
Grignard Dry diethyl ether 2 mL
degradation
4—[ C,H;MgBr solution 0.67 mL ]
Shake, 15 s
<— Acetic acid 0.3 mL
<— 0.4 M boric acid 5 mL
[ Organic phase ]
¥ <— 0.4 M boric acid:2% NaHCO; (1:1) 5 mL
[ Organic phase ]
Step 2: TLC TLC?
fractionation l Chloroform:acetone:acetic acid (85:15:1, by vol.)
1(3)-MAGP
Step 3: olat
methylation Methylation
and GC GC analysis®

FIGURE 6.3 Regiospecific analysis of TAG based on a-MAG by a chemical method. (From Brockerhoff, H.,
J. Lipid Res., 6, 10, 1965.) Notes: *Preparative TLC on precoated silicic acid impregnated with 5% boric acid in
methanol. Spots were visualized after spraying with 0.2% 2',7’-dichlorofluorescein in ethanol solution under UV
light (366 nm). °R; = 0.26. °FA composition at the B-position calculated by the formula (3 x TAG) — (2 x a-MAG).

with diethyl ether and washed with a 5 mL mixture of 0.4 M boric acid and 2% NaHCO,
(1:1, by vol.).

Step 2: TLC fractionation and methylation. The resulting products were transferred to TLC
to fractionate acylglycerol species, a-MAG, p-MAG, a,p-DAG, a,a’-DAG, tertiary alco-
hols of deacylated FA, and residual TAG. Silicic acid—precoated preparative TLC, which
was impregnated with 5% boric acid solution in methanol, was performed using a mixture
of chloroform:acetone:acetic acid (85:15:1, by vol.). Bands were visualized after spraying
with 0.2% 2',7’-dichlorofluorescein in ethanol solution under UV light (366 nm): a-MAG,
R, = 0.26; p-MAG, R, = 0.38; a, p-DAG, R, = 0.76; a, o’-DAG, R,= 0.85; and tert-alcohol
and TAG, R, = 0.95. The required spot was scraped off from the plate and added to a
solution of BF; in methanol. After heating at 100°C for 1 h, the resulting FA methyl esters
(FAMESs) were recovered and analyzed by GC. The FA composition at the p-position is
calculated according to the formula (3 x TAG) — (2 x a-MAG). The regiospecific FA dis-
tribution in tuna oil determined by the method is given in Table 6.1.

1. CHEMICAL METHOD FOR STEREOSPECIFIC ANALYSIS OF TAG

The stereospecific analysis of TAG is to determine the FA composition at sn-1, sn-2, and sn-3 posi-
tion separately. According to the original method developed by Brockerhoff [7], TAG was partially
hydrolyzed by pancreatic lipase to obtain 1,2-DAG and 2,3-DAG. They were then chemically con-
verted to 1,2-phosphatidylphenol and 2,3-phosphatidylphenol, respectively. 1,2-DAG fraction was
then hydrolyzed by phospholipase A, selectively at sn-2 position. The FA composition at sn-2 was
determined based on the released FA, whereas that at sn-1 was determined based on the resulted
1-acyl-2-hydroxy-phosphatidylphenol. The FA composition at sn-3 was estimated by calculation by
subtracting those at sn-1 and sn-2 from the total FA composition of TAG. Later, partial hydrolysis
of TAG by pancreatic lipase was substituted by Grignard degradation to avoid the negative effect of
FA selectivity of lipase [8].
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TABLE 6.1
Regio- and Stereospecific Analysis of Tuna Oil

FA Composition (mol%)

Tuna Oil Tuna Orbital Oilb
FA a-Position  B-Position  Total sn-1 sn-2 sn-3
14:0 43+0.6 6.4+0.7 4.1 35+03 58+0.6 27+04
15:0 1.9+05 09+04 1.1 1.3+0.0 1.2+0.1 0.6 +0.1
16:0 185+1.8 185+ 1.8 214 342+09 18115 11.8 + 1.1
16:1 n-7 57+0.7 5.7+09 6.4 8.0+0.2 6.1+03 50+04
16:1 n-5 0.3 03+0.0 0.3+0.0 0.2+0.0
is0-17:0 0.4 04+0.2 0.3 +0.0 04+03
16:2 n-4 1.3+0.2 2.8+0.2 1.9 0.9 +0.1 31+£02 1.8 +£0.1
17:0 1.2+0.2 03+0.0 1.1 21+00 0.5+0.0 0.6 +0.0
16:3 n-4 0.9 1.1 +£0.1 0.6 +0.0 09+0.1
18:0 73+0.1 0.1 +£0.0 44 95+0.2 1.2+0.2 2.7+0.1
18:1 n-9 202+ 04 59+04 15.0 192+ 0.5 73+03 188+0.3
18:1 n-7 32+0.5 1.0+0.1 2.7 43 +0.1 1.5+00 22+0.1
18:1 n-5 0.2 0.3+0.0 0.2+0.1 0.1 +0.0
18:2 n-6 1.6 + 0.1 14+02 2.3 2.1+£00 24 +0.1 25+0.1
18:2 n-4 0.6 0.1 +02 1.5+03 0.1+02
18:3 n-6 0.5+0.0 0.6 0.5+0.1 0.6 +0.0 0.6 +0.1
18:3n-3 0.6+0.1 0.5+0.0
18:4 n-3 0.6+0.1 09+0.1 0.8 0.4+0.0 1.2+0.1 0.8+0.0
20:1 n-11, n-13 0.2+0.1 0.3+0.0 0.5 04 +0.0 0.3+0.0 0.8+0.0
20:1 n-9 2.1+02 0.5+0.0 1.0 1.0+0.0 04 +0.0 1.6 + 0.1
20:2 n-6 0.5+0.1 0.1+0.0 0.2 0.2+0.0 0.1+0.0 03+0.0
20:3 n-6 0.1 +0.1 02+0.1
20:4 n-6 1.6+0.2 24+0.2 1.6 0.6 +0.0 2.0+0.1 22+0.1
20:4 n-3 0.4 0.5+0.0 02+00 0.5+0.0
20:5 n-3 63+0.5 89+09 5.4 24+0.1 6.0+0.1 8.1+03
22:0 04 +0.0
22:1n-11,n-13 0.6 +0.1 0.1 £0.0 0.6 04 +0.0 02+00 1.1 +0.1
22:4 n-6 0.6+0.2 03+00
22:5n-6 1.3+03 20+03 1.4 02+02 1.8 +£0.1 22+02
22:5n-3 1.5+0.1 14+03 1.0 02+02 1.3+0.1 1.6+0.2
22:6 n-3 135+19 384 +25 214 39+05 335+1.7 266+1.7
24:1n-9 0.5 0.4+0.1 03+0.2 0.6 +0.1
Others 44 1.0 2.1 1.6 2.1 2.6

2 Determined by Grignard degradation followed by fractionation of 1(3)-MAG by silicic acid and
boric acid-impregnated TLC. Mean value with SD of five replicate analyses [11].

® Determined by Grignard degradation followed by fractionation of 1(3)- and 2-MAG by boric
acid-impregnated TLC and then by the chiral separation of sn-1- and sn-3-MAG by HPLC as
DNPU derivatives. Mean value with SD of triplicate analyses [15].

The recent development in HPLC technique achieved the resolution of MAG and DAG
enantiomers. Itabashi et al. reported the chiral HPLC resolution of sn-1-MAG and sn-3-MAG
generated by Grignard degradation, after derivatization by 3,5 dinitrophenylisocyanate [12]. Resulted
dinitrophenylurethane (DNPU) derivatives of sn-1- and sn-3-MAG eluted separately on chiral
HPLC, depending solely on the position of acyl groups, but not depending on the FA comprising
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each isomer of MAG. Each of sn-1- and sn-3-MAG fractions was methylated and subjected to
GC analysis to determine the stereospecific distribution of FA in TAG [13,14]. Furthermore, the
resolution of DNPU derivatives of 1,2-DAG and 2,3-DAG was achieved by chiral HPLC [2]. The
overview of the procedure is given in Figure 6.2 and the protocol is described by Ando et al. [15],
as outlined as follows.

Step 1: Grignard degradation. TAG (0.1 g) mixed with trinonadecanoylglycerol (5 mg)
was dissolved in 3 mL of dry diethyl ether. Following the addition of 0.33 mL of 0.3 M
ethyl MgBr solution in dry diethyl ether, the solution was shaken for 1 min. Acetic acid
(0.1 mL) and 3 mL of water were added to terminate the reaction. The products were
extracted with diethyl ether, rinsed six to seven times with 2% NaHCO; solution, and
then rinsed once with water. The solution was then dried over anhydrous Na,SO,.

Step 2: TLC fractionation. The resulting 1(3)- and 2-M AG were fractionated by preparative TLC
impregnated with 10% boric acid using a mixture of chloroform:methanol (98:2, by vol.) con-
taining 0.002% butylhydroxytoluene as the developing solvent. Fractionation of 1(3)-MAG
and 2-MAG should be conducted prior to the 3,5-DNPU derivatization step to avoid con-
tamination of DNPU derivatives of 2-docosahexaenoylglycerol by DNPU derivatives of
1(3)-MAG during TLC fractionation.

Step 3: Derivatization and chiral HPLC of 1(3)-MAG. Approximately half of the 1(3)-
MAG was dissolved in 5 mL of dry toluene, followed by the addition of 15 mg of 3,5
dinitrophenylisocyanate and 0.05 mL dry pyridine, and reacted overnight at room tem-
perature. The resulting bis-DNPU derivatives of 1(3)-MAG were purified by preparative
TLC using chloroform:acetone (96:4, by vol.) for development. The resolution of 1- and
3-MAG derivatives was improved by HPLC with two connected consecutive columns of
Sumichiral OA-4100 (25 cm x 4 mm, 5 pm particles, Sumitomo Chemical Co., Osaka,
Japan) using hexane:1,2-dichloroethane:ethanol (40:12:3, by vol.) as the mobile phase at
a flow rate of 0.5 mL/min and temperature of —10°C [12,16]. Elution was monitored by
a UV detector at 254 nm.

Step 4: Methylation and GC. Each of the fractionated isomers was methylated in a mixture
of 1,2-dichloroethane (0.6 mL), methyl acetate (0.025 mL), and 1 M NaOCHj; in methanol
(0.025 mL) at room temperature overnight. After the addition of acetic acid (6 pL) and
removal of organic solvents, FAME was mixed with hexane and analyzed with GC the FA
composition.

Step 5: Derivatization and chiral HPLC of DAG [17,18]. Several milligrams of the
DAG obtained in Step 2 was dissolved with dry toluene (1 mL) and added to 3,5
dinitrophenylisocyanate (twofold to threefold to the theoretical amount) and dry pyridine
(0.03 mL). The mixture was left for several hours at room temperature. The resulting
DAG derivatives were purified by TLC on silicic acid plates containing a fluorescence
indicator (F,s,, 20 x 20 cm) using a mixture of hexane:dichloromethane:ethanol (40:10:3,
by vol.), which were also used as the mobile phase for chiral HPLC. The resolution of
the enantiomers of the DAG derivatives sn-1,2-, sn-2,3-, and sn-1,3-DAG was achieved
by chiral phase HPLC using a YMC-Pack A-KO3 column (YMC Inc., Kyoto, Japan)
and hexane:dichloromethane:ethanol (40:10:1, by vol.) as the mobile phase. Elution was
monitored by UV at 254 nm.

Step 6: Resolution of molecular species by reversed-phase HPLC. The resulting enantio-
merically pure sn-1,2-DAG or sn-2,3-DAG was collected by chiral HPLC and trans-
ferred to reversed-phase HPLC connected to a YMC C60 (250 x 4.6 mm) column using
acetonitrile:isopropanol (7:3, by vol.) as the mobile phase. Elution was monitored by a UV
detector at 254 nm to identify the molecular species. Elution was dependent on the carbon
number and the number of unsaturated bonds in the molecule.
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TABLE 6.2

Composition of Enantiomeric sn-1,2- and
sn-2,3-DAG Prepared by Partial Grignard
Degradation from Perilla Oil TAG

Original® Enantiomer (mol%)¢

Molecular Species? sn-1,2(2,3) sn-1,2 sn-2,3
18:3-18:3 37.51 29.66 43.83
18:2-18:3 14.12 12.54 16.32
18:2-18:2 4.24 4.11 4.17
18:1-18:3 17.2 15.12 19.68
18:1-18:2 491 5.38 4.78
16:0-18:3 7.06 11.28 2.58
16:0-18:2 2.44 3.33 1.03
18:1-18:1 6.58 8.94 4.4

18:0-18:3 1.90 2.71 0.78
16:0-18:1 2.72 4.44 1.57
18:0-18:2 0.51 0.69 0.28
18:1-18:1 0.81 1.12 0.58

Source: Itabashi, Y., J. Jpn. Oil Chem. Soc., 47,971, 1998.

2 FA combination was distinguished, but not sn-positions of FA.

b Mixture of sn-1,2 and 2,3-DAG prepared by partial Grignard
degradation.

¢ Resulted DAGs were derivatized by DNPU derivatization,
followed by chiral phase HPLC with YMC C60 (25 cm X
4.6 mm) column and a mixture of acetonitrile/isopropanol
(7:3, by vol.), at the flow rate of 0.5 mL/min. Elution was
monitored by UV at 254 nm.

Recently, enantiomeric DAG was resolved without derivatization using a Chiralpak IA column
(250 x 4.6 mm ID, 5 pm particles, Daicel, Tokyo, Japan) and a mixture of CH;CN:MeOH (90:10,
by vol.) at a flow rate of 0.5 mL/min at 15°C [19]. The elution was monitored by an evaporative
light scattering detector. The composition of enantiomeric sn-1,2- and sn-2,3 DAG analyzed by the
method is shown in Table 6.2 [20].

IV. ENZYMATIC METHOD FOR REGIOSPECIFIC ANALYSIS OF TAG

A. sn-1(3)-SeLecTive HYDROLYSIS BY PANCREATIC OR MICROBIAL LIPASE

Porcine pancreas lipase was the first to be applied to the enzymatic analysis of the FA distribution
of TAG [21,22]. It preferentially hydrolyzes FA at the sn-1(3) position in TAG, excluding short-chain
FA and polyunsaturated FA (PUFA). An overview of the experimental protocol is schematically
described in Figure 6.4 and outlined on the basis of the study of Luddy et al. as follows [21]:

Step 1: Enzymatic hydrolysis. To maximize the yield of MAG and achieve 50% =+ 5% hydro-
lysis, 50 mg of the target TAG, porcine pancreatin in 1 mL of 1 M trishydroxymethylami-
nomethane (Tris)-buffer (pH 8.0), 0.1 mL of 22% CacCl, solution, and 0.25 mL of 0.1%
bile salts solution were incubated at 40°C for 1.5 + 0.5 min. The reaction was stopped by
adding 0.5 mL of 6 M HCI solution. The reaction scale could be reduced to 1/10.
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Step 1: lipase TAG 50 mg
hydrolysis Tris buffer (pH7 or8) 1.0 mL
22% CaCl, soln 0.1 mL?
1 0.1% bile salts soln 0.25 mL?
2
%3 <[ Porcine pancreas or R. oryzae lipase  |b
40°C, shake, 1.5-3 min
l\’FA <+ 6MHCI®  05mL
<— diethyl ether 1.0 mL

% 2 Organic phase
v

Step2:2-MAG | TLC
fractionation lPetrolium ether:diethylether :formic acid (60:40:1.6, by vol)d
Step 3: 2-MAG
methylation methylation
and GC GC analysis

FIGURE 6.4 Regiospecific analysis of TAG without short-chain FAs and PUFAs by enzymatic hydrolysis.
Notes: *Not required for R. oryzae lipase hydrolysis. "Required amount of pancreas lipase to achieve a 50%
degree of hydrolysis in 1.5 min. Required amount of R. oryzae lipase to achieve a 30% degree of hydrolysis in
3 min. Reaction scale was doubled for R. oryzae lipase. <2 M HCl for R. oryzae lipase. ‘Petroleum ether:diethyl
ether (1:1) could be used.

Step 2: Fractionation of MAG and analysis of FA composition. Acylglycerols and FFA
were extracted with diethyl ether. The resulting MAG was fractionated by TLC using
a mixture of petroleum ether:diethyl ether (60:40, by vol.) with 1.6% formic acid as the
developing solvent. The product was methylated and the FA composition was analyzed
by GC.

Similarly, microbial lipases with a preference for sn-1(3), such as that from Rhizopus oryzae lipase,
can be applied. The protocol presented by Kosugi et al. was as follows [23]:

Step 1: Enzymatic hydrolysis. A target TAG of 50 mg, 0.1 mL hexane, 2 mL of 1 M Tris buffer
(pH 7.0), and 0.5 mL solution of >12,000 U R. oryzae lipase were added to the preincubated
solution and vigorously mixed at 40°C for 3 min. The reaction was terminated by adding
1 mL of a 2 M HCI solution. Here, the degree of hydrolysis was reported to be 30% + 5%,
and 10% =+ 4% of 2-MAG had accumulated in the reaction mixture. The yield of the acyl
migration products 1-MAG and 1,2-DAG was 0.1%-0.8%.

Step 2: Fractionation of MAG and analysis of FA composition. Lipids were extracted with
2 mL of diethyl ether from the reaction mixture and subjected to TLC to fractionate the
resulting 2-MAG using a mixture of petroleum ether:diethyl ether:acetic acid (50:50:1,
by vol.) as the developing solvent. The lipid components were visualized on a TLC plate
after spraying with 0.5% 2’,7'-dichlorofluorescein in ethanol solution. The spots of 2-MAG
were scraped off, methylated with a 0.5 M sodium methoxide in methanol solution, and
then analyzed by GC.

The hydrolytic methods using pancreatic or microbial lipase have been widely applied to vegetable
oils and animal fats. However, due to the FA selectivity of the lipases, it is not suitable for oils with
short-chain FA and PUFA such as milk fat and oils of marine sources; the release of short-chain and
PUFAs is slower compared to the release of C14—-18 FA (Figure 6.5, [24]).
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Rhizopus oryzae lipase Candida antarctica lipase B
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(A) (B) Content in glycerides fraction

FIGURE 6.5 Fatty acid specificity of R. oryzae lipase (A) and C. antarctica lipase B (B). (A) The hydrolysis
of randomly interesterified oil was conducted at 30°C for 0.5 h by 100 U R. oryzae lipase/g oil to reach the
hydrolysis degree of 12%. (From Shimada, Y. et al., J. Am. Oil Chem. Soc., 74, 1465, 1997.) The hydroly-
sis degree of each fatty acid was expressed relative to that of oleic acid. (B) The transesterification of ran-
domly interesterified TGA40 oil and ethanol (1:3, w/w) was conducted at 30°C for 1 h by 4 wt% immobilized
C. antarctica lipase. (From Shimada, Y. et al., Lipids, 38, 1281, 2003.) The content of each FA in the fraction
of FAEE was expressed relative to that in the fraction of acyl glycerols.

B. sn-1(3)-SeLeCTIVE TRANSESTERIFICATION BY CANDIDA ANTARCTICA LiPASE B, THE PRINCIPLE

Lipases generally prefer FAs located at the sn-1(3) position in TAGs. In contrast, lipase from
Pseudozyma (Candida) antarctica (fraction B, CALB) had long been considered to exhibit little
selectivity to position [24], releasing FAs at the sn-2 position similar to that at the sn-1(3) position.
Actually, transesterification of TAG in the presence of low amounts of ethanol was not selective
toward the sn-positions (Figure 6.6, ethanol amount 0.1 and 0.3); CALB produced fatty acid ethyl
esters (FAEEs) but little 2-MAG. The residual acylglycerols were mainly in the form of TAG.
Irimescu et al. reported that transesterification of TAG and ethanol (1:>3, by wt.) catalyzed by

TAG:EtOH (by wt.)
FAEE
01 O FAEE
03 TAG
01,3DAG
1 [1,2DAG
3 X 1MAG
W2MAG
10 B FFA
T T T
0% 20% 40% 60% 80%  100%

FIGURE 6.6 Effect of ethanol (EtOH) amount on regiospecificity of immobilized C. antarctica lipase in
transesterification. A mixture consisting of 1 g tuna oil and 0.1-10 g EtOH was shaken at 30°C with 4 wt%
immobilized C. antarctica lipase to total reaction mixture. The composition of the resulted reaction mixture
was expressed in mol FA% to total FA. The reaction time required to produce ca. 66 mol% FAEE were 28, 24,
7,5.5, and 3 h when EtOH amount relative to TAG was 0.1, 0.3, 1, 3, and 10 by wt., respectively.
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FIGURE 6.7 Effect of polarity on the regiospecificity of CALB. (From Watanabe, Y. et al., New Biotechnol.,
26, 23, 2009.) The index of regiospecificity (A) was defined as the ratio of 2-MAG to the sum of residual
TAG, DAG, and MAG in the reaction mixture, when 66 mol% FAEEs were produced. The higher the value,
the higher the sn-1(3) positional selectivity. The index of the polarity was calculated based on the dielectric
constant of each component and its concentration in the original reaction mixture.

CALB at 30°C was highly 1(3)-selective, producing nearly 30% 2-MAG in the reaction product
without detectable levels of 1(3)-MAG [24,25]. These observations suggested that the positional
selectivity of CALB was dependent on the amount of ethanol in the reaction mixture. Actually,
the increase in the amount of ethanol in the transesterification reaction with TAG was confirmed
to increase the positional selectivity of CALB as indicated by the ratio of the amount of 2-MAG to
that of residual acylglycerols (Figure 6.7). This value is considered as an indicator of the positional
selectivity; moreover, the higher the value, the greater the 1(3) positional selectivity. The positional
selectivity of CALB was found to be further increased with the polarity of the reaction environment,
which can be achieved by decreasing the alkyl chain length of the alcohol as well as by increasing
the concentration of the alcohol for CALB-catalyzed transesterification of TAG (Figure 6.7, [24]).
The estimated mode of transesterification by CALB is depicted in Figure 6.8; TAG is converted
to DAG, to MAG, and finally to glycerol, producing FAEE at each step (steps a, ¢, and e). The
transesterification of TAG with more than 3 weight parts of ethanol to TAG is highly 1(3)-selective
(Figure 6.8A), producing 1(3),2-DAG from TAG (step a), then 2-MAG (step ¢) from 1(3),2-DAG,

FAEE
FAEE
1,3-DAG* 1(3)-MAG*
TAG a b c d e Glycerol
! . 1,2-DAG ? 2-MAG
FAEE FAEE
(A) FAEE
FAEE

FAEE FAEE
y 1,3-DAG 4 1(3)-MAG ‘
TAG a tb c td e Glycerol

1,2-DAG ? 2-MAG
(B) FAEE FAEE

FIGURE 6.8 Estimated regioselective (A) and nonregioselective (B) pathways of TAG transesterification
with ethanol by CALB.
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and finally producing glycerol from 2-MAG (step e). Since the major intermediate of the reaction
is 2-MAG, the order of reaction velocities of steps a, c, and e was estimated to be, from fastest to
slowest, a > ¢ > e. Namely, the selectivity of lipase toward acylglycerol species could be in the order
of TAG > DAG > MAG. Furthermore, the transfer of the fatty acids from the sn-2 position to 1(3)
(steps b and d) was estimated to be suppressed under the conditions of excess amount of ethanol,
since 1-MAG and 1(3),2-DAG were hardly detected in the reaction mixture (Figure 6.6). Thus, the
accumulation of 2-MAG in the reaction mixture could be well explained.

In contrast, nonregioselective transesterification with a small amount of ethanol (Figure 6.6, EtOH
amount 0.1 and 0.3) could be explained as schematically shown in Figure 6.8B. Since 1,2-DAGs
and 1,3-DAGs were detected as intermediates when the EtOH amount was 0.1 (Figure 6.6), CALB
could directly catalyze the transesterification at the sn-2 position of TAG producing 1,3-DAG or the
acyl transfer from the sn-2 position to 1(3) to produce 1,3-DAGs (step b). Since the residual acylg-
lycerols were mainly in the form of TAG, the specificity toward acylglycerols and the velocity of
each step of the transesterification are in the order: TAG < DAG < MAG in a low-polarity environ-
ment (Figure 6.8A). Moreover, the reaction velocities in the order of MAGs, DAGs, and TAGs are
consistent with the observations regarding the transesterification of oil with 3.5 wt% of methanol
(TAG:methanol = 1:1, mol/mol) by immobilized CALB [26].

In summary, the polarity of the environment is estimated to change two aspects of CALB
properties: catalysis of the acyl transfer and the velocity toward acylglycerol species. The polar
environment suppresses acyl transfer and changes the reactivity toward acylglycerol species to
TAG > DAG > MAG. Thus, CALB might show strong 1(3)-selectivity to produce 2-MAG from
TAG without a detectable amount of 1-MAG. It was further shown that CALB had a preference for
the sn-3 position over sn-1 [27].

C. ANALysis oF FA ComposiTioN AT sn-2 BY CALB SuitasLe For TAG
WITH SHORT-CHAIN AND POLYUNSATURATED FASs

To date, CALB is known to be the least discriminatory in FA selectivity among the known lipases
from microbial and other origins. The reactivity toward common FAs is given in Figure 6.5. In the
reaction between TAG and ethanol, CALB releases arachidonic acid (C20:4), which is similar to
major FAs such as palmitic acid (C16:0), stearic acid (C18:0), and oleic acid (C18:1).

Based on the fact that CALB was highly selective to sn-1(3)-position during the transesterification
reaction and that it is least discriminatory toward FA species, CALB was applicable to the
regiospecific analysis of FA in TAG with short-chain FAs and PUFAs. This was performed by
isolating the resulting 2-MAG from the transesterification reaction by analyzing its FA composition
following the protocol as follows (Figure 6.9, [28,29]). The regiodistributions of FA in sardine oil
and in milk fat determined by the method are given in Tables 6.3 and 6.4.

Step 1: Enzymatic transesterification producing 2-MAG. The target TAG (0.5 g), ethanol
(5.0 g), and 2200 PLU of immobilized CALB lipase (Novozym 435 0.22 g, Novozymes;
Chirazyme L2 C2 0.33 g, Roche Diagnostics) were placed in a screw-capped vial. The
vial should be placed on its side and vertically shaken at 30°C for 3 h. For fats with melt-
ing points of approximately 40°C, such as milk fat, the vial containing the target oil and
ethanol should be preincubated in a 40°C water bath to liquefy the target oil before adding
immobilized CALB. For fats with melting points of approximately 50°C, the vial with the
target oil and ethanol should be preincubated in a >50°C water bath to liquefy the oil. After
the addition of CALB, the reaction was conducted at 50°C for 10 min and then held at 30°C
for 2.8 h (total, 3 h). The reaction mixture was recovered by removing immobilized CALB
by filtration with absorbent cotton and then stored at —20°C until further analysis.

Step 2: 2-MAG fractionation. Prior to normal-phase chromatography, ethanol in the reaction
mixture was removed by evaporation or under a gentle stream of nitrogen gas. The resulting
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Step 1: sn-1(3)
selective
lipase reaction

TAG 05g
EtOH 50g

a
<[ Immobilized CALB 2200U )"

30°C, shake®, 3 h (or 50°C for 10 min and 30°C for 2.8 h)d
2-2 }— CALB®
3 }—> EtOH!

Ppae

Step 2: 2-MAG | Sep-Paksilica (0.69 g),

fractionation preequilibriated with hexane:diethylether (8:2, v/v), 10 mL
<— Hexane:diethylether (8:2, v/v), 10 mL (1,3 FAEE, fr. 1)
%2 <— Hexane:diethylether (8:2, v/v), 20 mL (1,2 DAG)

<— Diethylether, 10 mL (2-MAG, fr. 2)

Step 3: 2-MAG
alkylation Methylation/propylation8

and GC GC analysish

FIGURE 6.9 Regiospecific analysis of TAG including short-chain FAs and PUFAs by CALB. Notes:
aPreincubate the target oil and ethanol mixture near the melting point until TAG liquefies. "Novozym 435
(Novozymes), 0.22 g; Chirazyme L2-C4 (Roche Diagnostics), 0.33 g. <Set the glass vials sideways on the
shaker and shake horizontally. ‘Temperature conditions for TAG with the melting point of approximately
50°C. The reaction mixture is homogeneous after 10 min. °The reaction mixture can be filtered by absorbent
cotton. The filtered mixture containing EtOH can be stored at —20°C until use. {Under vacuum or under a
gentle stream of nitrogen gas. This step should be performed immediately before Step 2. ¢Propylation for
TAG with short-chain FAs such as milk fat. "DB-23 column (J&W Scientific) is most recommended for FA
including short-chain FAs. Capillary columns designed for trans-FAs are not recommended for FA including
short-chain or PUFAs.

oil mixture (0.1 mL) was immediately charged on a Sep-Pak silica column, preequilibrated
with a mixture of hexane:diethyl ether (8:2, by vol.). The first fraction, which was eluted with
10 mL of the same mixture, contains FAEE mainly derived from the sn-1(3)-position, with
approximately 8% from the sn-2-position. The Sep-Pak silica column was further eluted
with 20 mL of the same mixture to remove DAG. MAG was then recovered by elution with
10 mL of diethyl ether. For the elution of MAG, methanol was found not to be suitable,
exhibiting larger variations in the results as determined in a collaborative study evaluating
the experimental protocol.

Step 3: Derivatization and GC analysis. After methylation of the MAG fraction and origi-
nal TAG, the FA composition at the 2-position was determined by GC analysis. The FA
composition at the p-position was calculated on a molar basis according to the formula
(3 x TAG) - (2 x a-MAG). The mole percentage of each FA was obtained by correcting
percent area obtained by GC analysis on the basis of a theoretical flame ionization detector
(FID) response factor, (active carbon number)™ x (atomic weight of carbon)~!, where the
active carbon number is one smaller number than the carbon number of FA alkyl esters.

Propylation or butylation is suitable for TAG containing short-chain FA to avoid loss of hydrophilic
short-chain FA during the experimental procedure. The stationary phase of the GC capillary col-
umn was also found to affect the FID response of short-chain FA; the theoretical FID response
factor was well fitted with the actual FID responses of C4:0—C12:0 FAs when FAs were analyzed
as propyl esters (PEs) by a DB-23 column; however, they were not well fitted when analyzed by
wax-type columns. Capillary columns designed for trans-FA analysis were not suitable for PEs or
butyl ester analysis due to the overlap of propanol and butanol with short-chain FA. Columns for
trans-FA were not suitable for PUFA analysis due to the lower or higher response against PUFA.
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TABLE 6.3
Positional Distribution of FA in Sardine Oil Determined
by CALB Method

Composition (mol%)?

FA TAG sn-2b sn-1(3)¢
12:0 0.1 0.2 0.1
14:0 73 12.0 5.0
14:1 0.3 0.4 0.2
15:0 0.6 0.8 0.5
16:0 17.6 20.5 16.2
16:1 9.4 114 8.4
16:2+17:0¢ 1.9 2.3 1.6
16:3 1.5 1.8 1.3
17:1 0.2 0.2 0.2
16:4 2.2 2.7 1.9
18:0 3.6 0.5 5.1
18:1 n-9 8.8 39 11.3
18:1 n-7 3.5 1.0 4.8
18:2 n-6 1.3 0.9 1.6
18:3n-3 0.6 0.6 0.6
18:4 n-3 3.0 2.8 3.1
20:0 0.3 nd¢ 0.4
20:1 1.1 0.3 1.5
20:2 n-6 0.2 nd® 0.3
20:3 n-6 0.2 nd® 0.3
20:4 n-6 1.1 0.7 1.3
20:4 n-3 0.8 04 1.0
20:5 n-3 174 9.6 21.3
22:0 0.6 nde® 0.9
22:1 0.6 04 0.7
22:5n-6 0.2 04 0.2
22:5n-3 1.9 34 1.1
22:6 n-3 9.7 20.4 4.3
Others 3.9 2.3 4.7

4 Mean value of area% in duplicate GC analyses was corrected to mol% by
response factor, (active carbon number)™! x (MW of atomic carbon,
12.01)

® Determined by CALB method.

¢ sn-1(3) = (3 x TAG — sn-2)/2 in mol.

4 The active carbon number was set at 16.5.

¢ Not detected.

Of the columns investigated so far, DB-23 column was most suitable for FA analysis enabling the
determination of short-chain FAs and PUFAs.

Meanwhile, the positional distribution of frans-fats in ruminant fat and partially hydrogenated
oil was successfully analyzed by the CALB method. 2-MAG was prepared by CALB and its FA
composition was analyzed as methyl esters by GC connected to the capillary columns designed
for trans-FA (Figures 6.10 and 6.11, [30]). Trans-9-C18:1, which is a major trans-C18:1 positional
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TABLE 6.4
Positional Distribution of Major FA in Milk Fat Determined by CALB Method in the
Collaborative Study of 10 Labs

FA (Area% of Propyl Esters)

Sample 40 6:0 80 10:0 12:0 14:0 16:0 16:1 18:0 18:1  18:2
Milk fat
Mean value® 3 2 1.3 29 4.5 11.2 33.1 1.6 8.8 21.8 24
Repeatability standard 0.07 0 0.03  0.05 0.06 0.13 0.18 004 0.3 0.14  0.06
deviation®
Reproducibility standard ~ 0.33  0.18 0.19 037 047 0.54 0.65 0.05 0.65 L.11  0.16
deviation®

sn-2 fraction of milk fat

Mean value? 0.3 0.4 1 2.5 5.5 17.3 35 2.2 4 17.7 3

Repeatability standard 0.04 0.05 003 0.08 0.04 0.59 043 006 023 0.73  0.15
deviation®

Reproducibility standard ~ 0.17 0.11 0.19 036  0.36 0.61 227 0.13 0.4 2.09 0.31
deviation®

Source: Yoshinaga, K. et al., J. Oleo Sci., 65, 291, 2016.

4 M =2X(a + b)/2n, where a and b are area% of duplicate analyses by each lab.
b SDr=(Z (a - b)*2n)'">.

¢ SDR = (ZL? + Sr»)'2.

isomer, was selectively located at the sn-2 position of partially hydrogenated canola oil; however,
most of trans-C18:1 was found at the sn-1(3)-position of the TAG of ruminant fat.

The MAG fraction obtained by the CALB method did not contain detectable amounts of phos-
phorus derived from the added phospholipids. Therefore, this method may be applicable for the
determination of crude oil without degumming in addition to TAGs composed of C4—C22 FA and
PUFA. Meanwhile, TAG rich in hydroxyl FAs such as castor oil could not be applied to the CALB
method. The regiodistribution of FAs in hydroxyl FA-rich oils has been analyzed by HPLC-MS, as
discussed in the following section.

V. DIRECT ANALYSIS OF REGIO- AND STEREODISTRIBUTION
OF FA IN TAG: HPLC-MS, NMR, AND CHIRAL HPLC

All the methods described earlier require multiple experimental steps including partial degradation
of TAG by any means, resolution of the resulting molecular species, and compositional analysis of
FAs. In contrast, with some limitations, direct analysis of TAGs is possible with HPLC-MS, NMR,
and chiral HPLC.

To the HPLC-MS analysis of TAG, the atmospheric pressure chemical ionization (APCI) method
or the electrospray ionization method has widely been applied. In general, TAG is ionized to pro-
duce adduct species such as protonated adduct [M + H]J*, ammonium adduct [M + NH,]*, and
sodium adduct [M + NaJ*. TAG further releases one acyl group at the ion source to form DAG ion
[M-RCOOJ*. Here, the acyl groups at sn-1,3 positions tended to be easily released. The ratio of TAG
regioisomers can be estimated based on the detected ratio of DAG isomer ions [31]. Using HPLC-MS
technique, Lin et al. identified most of the molecular species comprising castor and lesquerella oils,
which are rich in hydroxyl FA, and clarified the regiodistribution of FA in these oils [32-34].

Compared to HPLC analyses that require complicated operations and long analytical time for
each sample, nondestructive analysis by *C NMR is quick and is a suitable alternative for analyzing
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FIGURE 6.10 Regiospecific distribution of FAs at the sn-2 position of TAG (mean + SE) in canola oil (CO),
partially hydrogenated canola oil (PHCO), milk fat (MF), and beef tallow (BT). (From Yoshinaga, K. et al.,
J. Oleo Sci., 64, 617, 2015.) The dotted line at 33.3 mol/100 mol indicates the regiospecific value at which the
FA is equally distributed. A value higher than 33.3 mol/100 mol indicates the selective distribution at the sn-2
position, whereas a lower value indicates the selective distribution at the sn-1(3) position.

the regiodistribution of especially PUFA in TAG [35]. On the '3C NMR spectra, the chemical shifts
of carbonyl carbons on the glycerol backbone differ depending on the sn-1,3 position and sn-2
position. In fish oil, for example, signals appear from the high magnetic field side to the low in the
following order: docosahexaenoic acid (DHA) at the sn-2 position, DHA at the sn-1,3 positions,
eicosapentaenoic acid (EPA) at the sn-2 position, and EPA at the sn-1,3 positions. Based on the ratio
of the integral values, distribution of DHA or EPA to sn-1,3 and to sn-2 position can be calculated.
Typical spectrum of sardine oil is illustrated in Figure 6.12. The technique is well reviewed and the
chemical shifts reported in the literature are compiled in [36].

Until recently, the direct resolution of TAG enantiomers had not been reported and had long
remainedachallenge forlipid analysts. The firstreportachieved theresolution of sn-DC8C8/sn-C8C8D
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FIGURE 6.11 Regiospecific distribution of frans-octadecenoic acid (C18:1) positional isomers at the sn-2
position of TAG (mean + SE) in PHCO, MF, and BT. (From Yoshinaga, K. et al., J. Oleo Sci., 64, 617, 2015.)
For abbreviations and regiospecific value; see Figure 6.10.

—— 2-DHA

2-EPA
1(3)-DHA

/ tu\, /\\, w \\MJ wﬂw’w“w} =

/
[
173.1 173.0 172.9 172.8 172.7 172.6 172.5 172.4 172.3 172.2 172.1 172.0 ppm

N

T T T T T

220 200 180 160 140 120 100 80 50 10 20 0

ppm

FIGURE 6.12 3C NMR spectrum of sardine oil, measured by Japan Food Research Laboratories (Tokyo,
Japan) using Varian NMR System 500 (Varian, Inc., 1*C, 125 MHz). Acquisition time, 3.0 s; pulse degree 45°;
dwell time, 6.0 s; accumulation times, 1600; temperature, 25°C.

and sn-EC8C8/sn-C8C8E by normal-phase chromatography using chiral HPLC column, where C8
means caprylic acid, E means EPA, and D means DHA [37]. The HPLC technique was further
improved to achieve the direct resolution of TAG positional isomers and enantiomers in natural
oils. Lisa and HolCapek achieved resolution of all TAG enantiomers containing 1-8 double bonds
and different fatty acyl chain lengths by chiral HPLC/APCI-MS method, using two cellulose-tris-
(3,5-dimethylphenylcarbamate) columns consecutively with a gradient of hexane-2-propanol mobile
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phase [38]. By the method, the composition of TAG regioisomers and enantiomers in hazelnut oil
and human plasma samples were determined. Nagai et al. achieved resolution of the positional
isomers in natural oils by reversed-phase HPLC on an octacosyl (C28) column [3]. Resulted fraction
was further treated by chiral HPLC equipped with recycling system to resolve enantiomers of TAG
including palm oil, fish oil, and marine mammal oil. In milk fat, for example, short-chain FAs were
proven to specifically locate at the sn-3 positions (Figure 6.13, [3]).
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FIGURE 6.13 TAG enantiomer separation of bovine milk fat asymmetric TAGs comprising two palmitic
acids and one short- or middle-chain FAs. (From Nagai, T. et al., J. Oleo Sci., 64, 943, 2015.) (A) rac-PPC,,
(B) rac-PPCq, (C) rac-PPCq, (D) rac-PPC,,, and (E) rac-PPC,, are selected reaction monitoring (SRM)
chromatograms of the standard solutions, and (F) sn-PPC4, (G) sn-PPC,, (H) sn-PPCq, (I) sn-PPC,;, and
() sn-PPC,, are SRM chromatograms of BMS. Column: CHIRALCEL OD-3R (150 x 4.6 mm, 3 pm) with
a guard cartridge (CHIRALCEL OD-3R (100 x 4.6 mm, 3 pm), column temperature, 25°C; mobile phase,
methanol; flow rate, 0.5 mL/min; the number of passages through the column by the recycle HPLC system,
five passes for each TAG; ion source of MS, A APCI positive; SRM transitions, m/z 639 — 551 for PPC,; m/z
667 — 551 for PPCg; m/z 695 — 551 for PPCg; m/z 723 — 551 for PPC,; m/z 751 — 551 for PPC,,.
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I. INTRODUCTION

Most trans fatty acids found in processed food products and dietary supplements come from
industrially produced partially hydrogenated oils (PHOSs), although trans fat content can also be
detected in natural sources, such as dairy products. The major source of trans fats in the diet used
to be margarines; however, the long shelf life and solid consistency of PHOs were found to be
extremely useful for food manufacturers and fast food chains. As a result, processed foods, such as
snacks and fast foods, became more likely to be the major sources of dietary trans fats [1,2]. While
trans fat levels have been dramatically reduced since 2005, good substitutes for PHOs were difficult
to identify, and therefore, PHOs continued to be used in frosting and refrigerated dough products.
Nonetheless, based on the available scientific evidence and the findings of expert scientific panels,
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the Food and Drug Administration (FDA) made a final determination in June 2015 that there was
no longer a consensus among qualified experts that PHOs are generally recognized as safe (GRAS)
under any condition of use in human food and therefore must be considered food additives [3]. The
FDA gave time for food manufacturers until 2018 to remove PHOs from all food products. Although
food companies may petition the FDA for food additive use of PHOs as an ingredient, no PHO can
be used in human food after June 18, 2018, unless otherwise approved by the FDA.

The nutritional properties of frans fatty acids have been debated for many years, particularly
with respect to their effects on the amounts of low-density and high-density lipoprotein (LDL,
HDL) contained in human serum. Some studies have shown that zrans fatty acids elevate the levels
of serum LDL cholesterol and lower HDL cholesterol, a pattern that has been associated with poorer
cardiac outcomes [4-9]. Such results drew a great deal of attention, which eventually led to the
mandatory labeling of trans fatty acids on food products in the United States, Canada, and many
other countries [10—13]. For nutrition labeling purposes, trans fats are defined as the sum of all
unsaturated fatty acids in a food product that contain one or more isolated, nonconjugated, double
bonds with a trans double-bond geometric configuration. Importantly, certain conjugated fatty
acids, such as conjugated linoleic acid (CLA) isomers, that have a trans double bond, are excluded
from this definition of trans fats. In the United States, label declaration of zrans fats is not required
for products that contain less than 0.5 g trans fat per reference amount and per labeled serving,
provided that no claims are made for fat, fatty acids, or cholesterol. In Canada, in order to claim that
a product is trans fat-free, it must contain less than 0.2 g of trans fat per serving and per reference
amount [14]. Unlike other countries, Denmark imposed an upper limit on the amount of trans fats in
foods [15,16], specifying that oils and fats must contain fewer than 2 g of trans fatty acids per 100 g
of total fat, and trans fat—free labels are only allowed if a food product contains less than 1.0 g of
trans fat per 100 g of that fat or oil.

While consumption of trans fat has been reported as a possible risk factor for coronary heart
disease [17], some trans conjugated fatty acids in ruminant fat have been reported to have several
beneficial physiological effects in experimental animals [18]. For example, trans-vaccenic acid (trans-
11-18:1), which is the major trans fatty acid isomer present in meat and dairy products from rumi-
nants [19,20], has been shown to be converted to cis-9,trans-11-18:2, a CLA isomer [21-23], by the
action of A9 desaturase present in mammalian tissue [24,25]. The relationship of trans-18:1 fatty acid
isomers and CLA isomers has been a promising and an increasingly active area of research [26-28].

Many countries now have mandatory requirements to declare the amount of trans fat present in
food products and dietary supplements [11,29], which in turn requires validated official methods
that can rapidly, sensitively, and accurately quantify total trans fatty acids. As the legally per-
missible amounts of trans fatty acids continue to decline, these methods have needed continual
refinements. Analytical procedures used to quantify and identify fatty acids have been reviewed
[12,13,30,31], and researchers continue to improve various methodologies for determining the trans
fatty acid content of various products. This chapter discusses several of these techniques and the
latest developments in analytical methodologies, namely, infrared (IR) spectroscopy, near-infrared
(NIR) spectroscopy, gas chromatography (GC), silver ion (Ag) chromatography, as well as powerful
hyphenated, online GC-IR and GC-mass spectrometry (MS) techniques. The analysis of trans fatty
acid isomers is extremely challenging and complex. Various combinations of techniques have been
shown effective for determining the quantity and confirming the identity of individual frans and cis
isomers. However, improved methods are still needed to accurately and conveniently determine the
total frans fat content as well as specific trans fatty acid isomers in foods and dietary supplements
for regulatory compliance.

I1.  ANALYSIS USING SPECTROSCOPY

First, the traditional IR transmission methods for the determination of total trans fat will be
presented, including methods based on novel internal reflection approaches.
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A. IR SpecTROSCOPY

IR spectroscopy is a widely used technique for determining nonconjugated trans unsaturation in
both natural and processed fats and oils [12,31]. For increased accuracy, oil samples have tradition-
ally been converted to methyl esters prior to analysis. This eliminates interfering absorptions asso-
ciated with the carboxyl groups of free fatty acids and the glycerol backbone of triacylglycerols. IR
spectroscopy is not applicable to materials having functional groups with absorption bands close
to 966 cm!, which is the strong absorption band arising from the C—H deformation about a trans
double bond. This absorption band is absent in natural vegetable oils that are composed of saturated
fatty acids (SFA) and fatty acids with only cis-unsaturated double bonds.

1. Conventional IR Methods

The 1961 Official Method of the American Oil Chemists’ Society (AOCS), Cd 14-61, for the deter-
mination of trans fatty acid concentrations in fats and oils was based on comparisons of the absorp-
tion at 966 cm™! for standards and unknowns; the most recently approved version of this method was
reapproved in 2009 [32]. Test samples and standards were diluted in carbon disulfide and placed in
an absorption cell so that the transmittance or absorbance could be measured using an IR spectro-
photometer. The quantitation of the frans concentration was based on Beer’s law:

A =abc (A))

where
A is the absorbance = log(1/transmittance)
a is the absorptivity
b is the path length
c is the frans concentration

The disadvantages of using this method include (1) the need to make methyl ester derivatives at
trans levels less than 15%, (2) the use of the toxic, volatile solvent carbon disulfide, (3) the high bias
found for triacylglycerols, and (4) low accuracy obtained for trans levels less than 5%.

To overcome some of the drawbacks of the earlier procedures, a two-component calibration
curve was proposed in 1982 [33]. First, a calibration curve was developed by means of different
levels of the frans monoene, methyl elaidate, and methyl linoleate dissolved in carbon disulfide.
Then calibration standards and the test samples in carbon disulfide were scanned against a carbon
disulfide background and recorded from 1500 to 900 cm~!. After a baseline had been drawn as a
tangent from about 935 and 1020 cm™! at the peak minima, the corrected absorbance of the cali-
bration standards trans peaks, at 966 cm™', could be obtained. The baselines for spectra of the test
samples were obtained by overlaying the spectra of the calibration standards at the corresponding
concentrations. This method compensated for the low bias of earlier methods [34,35] and elimi-
nated the need for correction factors.

The introduction of Fourier transform IR spectroscopy (FTIR) instruments also facilitated more
accurate and rapid determination of frans fatty acids. An innovation in 1988 used an absorption
band-height ratio procedure with an attenuated total reflection (ATR) cell, which allowed the use
of neat samples and eliminated the need for toxic volatile solvents [36]. A further refinement of this
method used an FTIR spectrometer equipped with a thin (0.1 mm) transmission flow cell, enabling
an automated procedure for calculating the percentage of trans in fats and oils [37].

2. “Ratioing” of Single-Beam FTIR Spectra

Figure 7.1 shows that the 966 cm™! frans band is only a shoulder at low levels (near 2% of total fat).
This is due to the overlap of the trans band with other broad bands in the spectrum, producing a
highly sloped background that diminishes the accuracy of the trans analysis. Many researchers
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FTIR spectra

Trans band at 966 cm™!

/

T T T 1
1040 1020 1000 980 960 940 920 900

Wave numbers

FIGURE 7.1 Observed conventional IR absorption spectra for trans FAMEs in carbon disulfide. At low
trans levels, the trans band is reduced to a shoulder.

have proposed changes to the procedures mentioned earlier, ranging from minor refinements to
major modifications, all aimed at overcoming some of the limitations. These studies paved the way
for procedures that use spectral subtraction to increase accuracy, as well as providing methods for
analyzing neat samples in order to eliminate the use of solvents.

Mossoba et al. [38] described a rapid IR method using an FTIR spectrometer equipped with an
ATR cell for quantitating trans levels in neat fats and oils. This procedure measured the 966 cm™!
trans band as a symmetric feature on a horizontal background (Figure 7.2). The ATR cell was incor-
porated into the design to eliminate one potential source of error: the weighing of test portions and
their quantitative dilution with the volatile carbon disulfide solvent. The high bias previously found
for triacylglycerols was attributed to the overlap of the zrans infrared IR band at 966 cm™' with ester
group absorption bands [33,37]. However, by “ratioing” the FTIR single-beam spectrum of the oil
or fat being analyzed against the single-beam spectrum of a reference material (triolein, a mixture
of saturated and cis-unsaturated triacylglycerols or the corresponding un-hydrogenated oil), the
interfering absorption bands could be eliminated, and baseline-resolved trans absorption bands at

Trans band at 966 cm™!

N\

FTIR spectra

T T T T T T T 1
1040 1020 1000 980 960 940 920 900

Wave numbers

FIGURE 7.2 Observed attenuated total reflection—Fourier transform IR spectroscopy (ATR-FTIR) absorption
spectra for neat (without solvent) FAMEs. Symmetric bands were obtained because the spectrum of the trans-
free fat (methyl oleate) was subtracted from those of different concentrations of trans fats (methyl elaidate).
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966 cm™! obtained [38]. This same approach has also been applied to methyl esters [38]. Ideally,
the reference material should be a trans-free oil that is otherwise similar in composition to the test
sample being analyzed.

The simplified FTIR method just outlined allowed analyses to be carried out on neat fats
or oils that were applied directly to the ATR crystal with little or no sample preparation. This
method eliminated the interference of the ester absorptions with the 966 cm~! trans band and
the uncertainty associated with the location of the baseline. Figure 7.2 shows the symmetric
spectral bands that were obtained when different concentrations of methyl elaidate (ME) in
methyl oleate (MO) were “ratioed” against methyl oleate. A horizontal baseline was observed,
and the 966 cm™' band height and area could be readily measured. The minimum identifiable
trans level and the lower limit of quantitation were reported to be 0.2% and 1%, respectively, in
hydrogenated vegetable oils [38].

Further refinements of the “ratioing” procedure have used single-bounce, horizontally attenuated
total reflection (SB-HATR) IR spectroscopy [39]. In this procedure, only 50 uL (about 2-3 Pasteur
pipette drops) of neat oil (either triacylglycerols or methyl esters) is placed on the horizontal surface
of the zinc selenide element of the SB-HATR IR cell. The absorbance versus concentration values
of interest exhibited a linear function. The test portion of the neat oil can easily be cleaned from
the IR crystal by wiping with a lint-free tissue before the next neat sample is applied. This method
is accurate for trans concentrations greater than 1%. The SB-HATR FTIR procedure has been suc-
cessfully used to determine the ¢rans content of 18 food products [39].

This internal reflection FTIR procedure was voted an Official Method AOCS Cd 14d-99 by the
AOCS in 1999 [40] and after testing and validation in a 12-laboratory international collaborative
study became Official Method 2000.10 for AOAC International in 2000 [41]. Analytical ATR-FTIR
results exhibited high accuracy relative to the gravimetrically determined values. Comparison of
test materials with similar levels of frans fatty acids indicated that the precision of the current
ATR-FTIR official method was superior to two previously approved transmission mode IR Official
Methods: AOAC 965.34 [42] and AOAC 994.14 [43].

The ATR-FTIR method has also been evaluated for use with matrices of low zrans fat and/or low
total fat contents such as milk [44] and human adipose tissue [45]. Preliminary results indicated that
the presence of low levels (<1%) of conjugated cis/trans dienes in these matrices, with absorbance
bands near 985 and 947 cm!, interfered with the accurate determination of total isolated
(nonconjugated) trans fatty acids [44,45]. However, attempts to eliminate those interfering
absorbance peaks by using spectral subtraction techniques [44,45] were not satisfactory. In order to
overcome the effect of interferences, the ATR-FTIR method was modified to include the standard
addition technique [46]. This modified method was applied to several food products, namely, dairy
products, infant formula, and salad dressing. Using this standard addition, modification successfully
minimized the interfering conjugation absorbance bands. For example, the presence of <1% CLA
in two butter and two cheese products containing 6.8%, 7.5%, 8.5%, and 10.4% trans fatty acids
(as a percentage of total fat) would have resulted in errors of 11.6%, 10.4%, 17.6%, and 34.6%,
respectively, in trans fat measurements using the unmodified method [46].

3. Application of the Negative Second Derivative FTIR Method

Although these ATR-FTIR Official Methods [40,41,47] eliminated the baseline offset and slope,
they were only partly successful in improving accuracy. This is because finding a reference fat that
is absolutely frans-free and whose composition can closely match every unknown test sample is
impossible. This fact also had a negative impact on sensitivity.

To improve sensitivity and accuracy, another ATR-FTIR procedure that measures the height of
the negative second derivative of the frans absorption band, relative to air (Figure 7.3), was tested
[48,49]. Reference standards consisting of the frans monoene trielaidin (TE, trans-18:1) diluted in
triolein (TO, cis-18:1) were initially used to generate calibration data. The negative second derivative
procedure totally eliminated both the baseline offset and slope of the trans IR band as well as the
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FIGURE 7.3 Negative second derivative for observed ATR-FTIR absorption spectra of neat (without solvent)
triacylglycerols. The presence of weak IR bands, attributed to saturated fats and oils, could be identified by
this procedure. (From Mossoba, M.M. et al., J. Am. Oil Chem. Soc., 84(4), 339, 2007.)

requirement to use a trans-free reference fat. Using the second derivative of an absorbance spectrum
enhanced the resolution of IR bands and made it possible to notice small shifts in IR band position
and the presence of interferences.

The advantages offered by the negative second derivative ATR-FTIR procedure made it pos-
sible to improve sensitivity and resolve a discrepancy in accuracy between GC and IR at low trans
levels [49]: a hydrogenated soybean oil (HSBO) sample had found to have no trans fat by GC, but
was reported by IR to have a low, yet significant, trans level of 1.2% of total fat [48]. The negative
second derivative ATR-FTIR spectrum observed for the HSBO test sample [48] indicated that the
band position was shifted to 960 cm™' from the expected position of the trans band absorption at
966 cm™'. It was subsequently recognized that for this fully hydrogenated soybean oil, the weak
band at 960 cm~! should have been attributed to tristearin (TS, 18:0) [49], which is a saturated, rather
than a frans, fat. This result was confirmed by showing that a reference sample of TS exhibited an
identical weak band at 960 cm™!.

Another finding reported in the negative second derivative study [48] was the detection of a 0.5%
contaminant, mainly composed of TE, in the commercially available TO (as assessed by GC). It
was therefore recommended that commercially available TO should no longer be used to prepare
calibration standard mixtures. Instead, several saturated fats, in addition to TS, were screened for
possible interferences with the trans band at 966 cm™! [49]. The saturated fats trilaurin (TL, 12:0),
trimyristin (TM, 14:0), tripalmitin (TP, 16:0), and triarachidin (TA, 20:0) were measured by IR and
were all found to exhibit similar weak absorption bands with varying degrees of interferences. TP
exhibited a band at 956 cm™!, which was farthest from the trans absorption at 966 cm™'. This least
interfering saturated fat, TP, also had the lowest absorptivity, and therefore, TP was used as a sub-
stitute for TO in preparing calibration standard mixtures of TE in TP as low as approximately 0.5%
of total fat [49]. This negative second derivative procedure was subsequently validated in an inter-
national collaborative study [50] and adopted as Official Method AOCS Cd 14e-09 in 2009 [51].

For fats and oils containing high levels of saturated fats and only a trace amount (<0.1% of total
fat as determined by GC) of trans fat, such as coconut oil and cocoa butter, the weak bands observed
at energies slightly lower than 966 cm™' (Figure 7.3) must not be mistaken for, and erroneously
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reported as, trans fat bands [49]. By recognizing these potential interferences from saturated fats,
IR spectra for unknown trans fats can be interpreted correctly, thereby improving the accuracy of
the IR determinations at low trans levels (particularly <1% of total fat) and making this relatively
sensitive negative second derivative IR procedure suitable for the rapid determination of total trans
fats and the labeling of food products and dietary supplements.

4. Portable FTIR Devices for Total Trans Fat Determination

Portable FTIR devices operating in the transmission or ATR modes have been commercially
developed in recent years and successfully used to meet an increasing demand for rapid (<5 min)
and accurate determination of the total trans fat content of fat and oils as well as lipids extracted
from food matrices. The performance of two portable FTIR devices was evaluated and, as described
next, found to be as equally satisfactory as that of a benchtop ATR-FTIR spectrometer for the
determination of total trans fat content.

The first portable FTIR system, equipped with a heated nine-reflection diamond ATR crystal, was
evaluated and compared to that of a benchtop single-reflection ATR-FTIR spectrometer in 2012 [52].
This portable FTIR device (footprint 8 by 11 in.; height 5 in.) (Agilent, formerly A2 Technologies,
Danbury, CT) had a sample capacity of approximately 10 uL, and its optical bench included a Michelson
interferometer with a mechanical bearing moving mirror, a potassium bromide substrate beam splitter,
and a deuterated triglycine sulfate (DTGS) detector. To enhance the signal-to-noise ratio, 256 scans
were co-added and signal averaged. During analysis, the ATR cell was warmed to 65°C so that all neat
fats and oil test samples would remain in a melted state during measurement. By using a nine-bounce
diamond ATR crystal, the limit of quantification of frans fat, as a percentage of the total fat, was
lowered from approximately 2% to 0.34%. The data collected from accurately weighed gravimetric
standards and 28 unknown test samples ranging in frans fat contents from approximately 0.5% to
54%, as a percentage of the total fat, indicated that applying the Official AOCS Method Cdl14e-09 [51]
using this nine-bounce portable ATR-FTIR device could lead to a fivefold enhancement in sensitivity,
relative to that provided by the single-reflection system. Implementing these changes should facilitate
regulatory compliance and verification of fat and oil samples for trans fat content.

More recently, the performance of a second portable FTIR device (Cary 630, Agilent), operating
in the transmission mode, was evaluated and compared to that of a benchtop ATR-FTIR spectrometer
[53]. This FTIR device was equipped with a DialPath™ accessory, factory calibrated to three
different fixed path lengths (30, 50, and 100 um). After conversion to FAME, the concentration of
total trans FAME in the fat extracted from 19 representative fast foods was rapidly (5 min) quantified
in a single measurement. Although the amount of time required for extraction and derivatization
was significantly longer than for FTIR spectral data collection, derivatization was necessary to
convert the lipid extracts into samples that were clear and free of impurities. For all 19 extracts,
the total trans FAME concentration varied from approximately 0.5% to 11% of total FAME. The
trans fat content (mean + SD), expressed in grams per serving and calculated on the basis of total
fat content and FTIR quantification of the total frans fat content, was found to be 1.00 + 0.42 for
hamburgers, 0.67 + 0.78 for chicken tenders, 1.00 + 1.24 for French fries, and 0.27 + 0.23 for apple
pies. Determinations of total frans-unsaturated FAME were consistent with the results obtained by
using the ATR-FTIR [51] and GC [32] official methods, indicating that this portable FTIR device, in
transmission mode, was suitable for the rapid and routine quantification of total zrans fat, measured
as FAME, prepared from fats extracted from fast foods.

B. FTIR-PARTIAL LEAST SQUARES REGRESSION

Quantitative analyses of frans unsaturation have also been performed using a transmission FTIR
in conjunction with a partial least squares (PLS) procedure [54]. Compared to the conventional GC
methods described in the following text, this approach significantly reduced analysis time while
effectively assessing raw materials and food products containing a wide range of trans values [54].
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A heated SB-HATR sampling accessory was used to develop an FTIR-PLS method for the
simultaneous determination of iodine value (IV) and trans content for neat fats and oils [55]. To
develop the calibration models, PLS regression was employed and a set of nine pure triacylglycerol
test samples served as the calibration standards. Satisfactory agreement (SD < 0.35) was obtained
between the predictions from the PLS calibration model and trans determinations by the SB-HATR
FTIR method. Similar PLS analyses have been used to establish calibration models for the simulta-
neous determination of isolated and conjugated frans fatty acids in virgin olive oil using chemomet-
ric analysis of their FTIR spectra [56]. These methods use the region 1000—-650 cm™' where the CH
bending bands of the trans fatty acids and CH deformation bands of CLA isomers were observed.
Two calibration models were generated for trans and/or CLA isomers in the ranges 1%-2.5% and
0%-30% in olive oil and were cross validated before these models were then used to determine the
trans and CLA contents of unknown test samples [56].

In 2014, a rapid procedure to determine trans fatty acids at concentrations of <1% in edible fat
and oil samples (palm, peanut, soybean, and sunflower) extracted from food products was devel-
oped, using ATR-FTIR in conjunction with traditional linear regression and PLS, and used to model
the observed FTIR data [57]. The resulting calibration models of edible oils test samples showed
a coefficient-of-correlation of >0.982 and a standard error of prediction (SEP) between 0.03% and
0.06%. These ATR-FTIR results of extracted oils and fats were reportedly in good agreement
with capillary gas chromatographic data, demonstrating that using ATR-FTIR and chemometrics
together can be used to rapidly determine total trans fatty acid contents of <1% in oils and fats [57].

C. NIR SpecTtrOSCOPY

In 2000, a generalized PLS calibration model was developed for the determination of the trans
content of edible fats and oils using Fourier transform near-infrared (FT-NIR) spectroscopy [58].
The trans primary reference data, determined by using the mid-IR SB-HATR FTIR official method
(AOCS Cd 14d-99) [40], were used to develop the generalized FT-NIR calibration. The FT-NIR trans
predictions obtained using this generalized calibration were in good agreement with the SB-HATR
results. The authors concluded that FT-NIR and PLS therefore provided a viable alternative to the
SB-HATR-FTIR [58].

Advances in FT-NIR have made it possible to determine not only the total trans fatty acid content
of a fat or oil but also its fatty acid composition [59,60], without prior derivatization to volatile
derivatives as required for GC analysis (see the following text). Quantitative FT-NIR calibration
models were developed using accurate GC results (for FAME) as the primary method. The FT-NIR
spectra showed unique fingerprints for SFAs, cis and trans monounsaturated fatty acids (MUFA),
and all n-6 and n-3 polyunsaturated fatty acids (PUFA) within triacylglycerols to permit qualitative
and quantitative comparisons of fats and oils. The quantitative calibration models were developed, as
mentioned earlier, by incorporating accurate GC fatty acid composition data obtained for different
fats and oils with FT-NIR spectral data. Three calibration models were developed: one was used for
the analysis of common fats and oils with low levels of trans fatty acids (liquid oils, <2% trans fatty
acids), and the other two were used for semisolid fats and oils with intermediate (<20% trans fatty
acids) to high (<60% trans fatty acids) levels of trans fatty acids. This FT-NIR procedure exhibited
the potential to rapidly determine fatty acid composition of unknown fats and oils in their neat form
and without derivatization [60]. It should be noted that the FT-NIR methodology is matrix dependent
[59,60]; thus, it is highly dependent on factors that could influence the NIR absorption spectra.
It is therefore expected that external contaminations, such as residual solvent [61], temperature of
measurement, or native oil components, such as p-sitosterol, could alter the absorption spectrum
and ultimately distort the fatty acid analysis, unless these factors are accounted for and robust
calibration models are developed [62].

A pre-calibrated FT-NIR Standard Procedure, AOCS 14f-14 [63], based on the method
of Azizian and Kramer [60] was collaboratively studied [64] and adopted by AOCS in 2014.
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This procedure may be applied to the rapid (<5 min) determination of the total SFA, MUFA,
PUFA, and trans fatty acid contents in triacylglycerol-based vegetable oils and fats. This standard
procedure involves the measurement of neat test samples in the transmission mode in disposable
glass tubes (3 mm path length) or in the transflection mode with a fiber-optic probe (2 mm path
length) [63]. PLSI pre-calibration models (NIR Technologies Inc., Oakville, Ontario, Canada) are
then applied without any further calibration effort to determine total SFA, MUFA, PUFA, and
Trans FA content [65].

ll.  ANALYSIS USING CHROMATOGRAPHY

The chromatography of lipids involves the separation of individual components of a lipid mixture
as they pass through a medium with a stationary matrix. This matrix may be packed or bound to
a column, as in GC and high-performance liquid chromatography (HPLC), or bound to a glass
plate, as in thin-layer chromatography (TLC). The mobile phase in gas chromatography is usu-
ally an inert gas such as helium, hydrogen, or nitrogen. For HPLC or TLC, the mobile phase
may be an aqueous or organic solvent. Intact triacylglycerols or fatty acids can be separated, but
many chromatographic applications consist of separating the methyl ester or other derivatives of
individual fatty acids.

A. GAs CHROMATOGRAPHY

The most significant advance in the separation of lipids was the development of gas chromatography,
which remains the industry standard. In 1956, FAME:s, including saturates and unsaturates, were
first successfully separated using a 4 ft long column packed with Apiezon M vacuum grease [66].
These separations could be performed on the basis of chain length, degree of unsaturation, and
geometric configuration (cis or trans).

1. Separations Using Capillary Columns

The development of flexible fused silica columns in the early 1980s [67] led to the popularity of cap-
illary columns, which dramatically increased the number of effective plates, thus improving column
separation efficiencies. The number of effective plates could be raised from 40,000 to 250,000 by
increasing the column length from 15 to 100 m.

When long capillary columns became widely available [68—81], offering a variety of diameters
and stationary phases, the use of packed columns declined. As Figure 7.4 indicates, monoene and
diene FAME:s and their isomers from milk fat could only partially be separated in a single run on a
100 m capillary column [79,80]. The trans triene isomers present in partially hydrogenated soybean
oil were first separated into four peaks on a 100 m capillary GC column [69]. Fractional crystalliza-
tion and reversed-phase HPLC, followed by GC analysis of hydrazine reduction products, served to
identify and quantify these triene isomers.

Using capillary GC analysis in the separation and identification of positional and geometric iso-
mers of unsaturated fatty acids was well established by 1995 [70]. Today, most laboratories use long
capillary columns to quantify individual fatty acid isomers found in PHO. Performing GC analysis
on dairy products or partially hydrogenated fish oils is much more complex than analyzing hydro-
genated vegetable oils, due to the significantly greater number of geometrical and positional isomers
found in those animal-based products. For example, an extensive analytical study of hydrogenated
menhaden fish oil using capillary GC showed that at an iodine value of 84.5, the most unsaturated
isomers were eliminated, although 13.1% diene, 8.3% triene, and 0.4% tetraene isomers were still
present [71,72]. Further analysis of these 20-carbon isomers determined the cis and trans bond posi-
tions along the fatty acid chain: a wide range of monoene, diene, and triene cis and trans positional
isomers were identified at virtually every position of the carbon chain.
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FIGURE 7.4 Partial gas chromatography (GC) chromatogram observed for trans and cis FAME isomers
from a milk fat test sample using a 100 m fused silica capillary column. (From Kramer, J.K.G. et al., Eur. J.
Lipid Sci. Technol., 103(9), 600, 2001; Kramer, J.K.G. et al., Lipids, 37(8), 823, 2002.)

2. Official Capillary GC Methods

Capillary GC has long been the most widely used analytical method to analyze FAME [76-80].
A successful GC determination of total trans FAME composition depends on the experimental con-
ditions dictated by the method used, as well as sound judgment by the analyst to correctly identify
peaks attributed to trans FAME and their positional isomers. The most recent GC official methods
to determine trans FAME describe separations that require long capillary columns with highly
polar stationary phases [82]. Under these conditions, a separation is based on the chain length of
the fatty acid, degree of unsaturation, and the geometry and position of double bonds. The expected
elution sequence for specific fatty acids with the same chain length on highly polar columns is as
follows: saturated, monounsaturated, diunsaturated, etc. Trans positional isomers are followed by
cis positional isomers, but today there is still extensive overlap among the geometric isomers.

The improved resolution of the large number of peaks attributed to trans and cis positional
isomers obtained with polar columns has not eliminated the partial or complete overlap of many
peaks belonging to the two different groups of geometric isomers [76—81]. This is because the
retention time range for late eluting trans 18:1 positional isomers, starting at A12 (or A13 depending
on experimental conditions used), is the same as that for the cis 18:1 positional isomers, A6—A14.
In addition, cis/trans 18:2 methylene- and non-methylene-interrupted fatty acid retention time range
also overlaps with that of the cis-18:1 positional isomers.

Elimination of GC peak overlap usually requires prior separation of the cis and trans 18:1 geo-
metric isomers by silver ion (Ag)-TLC [76-81] or other methods. GC analysis of the isolated trans
and cis fractions [79,80] clearly demonstrates the extent of overlap (Figure 7.5). Most individual
18:1 isomers can be completely resolved by GC under isothermal conditions at significantly lower
temperatures [76—81].

The effect of this GC peak overlap on the accuracy of trans FAME determinations for various
matrices depends on (1) the nature of the frans fat matrix being analyzed (vegetable oil, fish oil,
milk fat) as these will exhibit vastly different isomeric distributions; (2) the GC experimental
conditions (for instance, the length and age of a column, nature of the carrier gas, and temperature
program); (3) the analyst’s experience, ability, and skill in optimizing the performance of the gas
chromatograph; and subsequently, (4) the correct identification of all the observed GC peaks in the
widely different and complex fatty acid profiles.

Since 2006, oils used by the food industry have contained significantly lower trans fat contents,
necessitating a reevaluation of GC official methods that has been used by the food industry and
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FIGURE 7.5 GC chromatograms demonstrating the overlap between trans 18:1 and cis 18:1 FAME isomeric
fractions from a milk fat test sample using a 100 m fused silica capillary column, after fractionation of the
geometric isomers by silver ion TLC. (From Kramer, J.K.G. et al., Eur. J. Lipid Sci. Technol., 103(9), 600,
2001; Kramer, J.K.G. et al., Lipids, 37(8), 823, 2002.)

regulatory agencies for the determination of total trans fat [83]. AOAC Official Method 996.06 is
the conventional analytical method used for the determination of the contents of total, saturated,
and unsaturated fat in foods [84]. Those chromatographic conditions involve the separation of
FAME on a 100 m SP-2560 column (Supelco, Bellefonte, PA, USA) using a ramped temperature
program and helium as the carrier gas. Quantification of total trans fat is calculated by summing
the peak area attributed to trans C18:1 FAME that elutes prior to cis C18:1 and the area for trans
C18:2 FAME that elutes between cis C18:1 and cis,cis C18:2 FAME [84]. However, AOAC Official
Method 996.06 is not appropriate for the separation of individual trans fatty acid isomers because
it results in the coelution of several C18:1 and C18:2 geometric FAME isomers, including trans-13/
trans-14 18:1 and cis-9 18:1, which are found in milk fat. The proposed optimization of Rozema
et al. [85] resulted in greater separation of individual cis and trans C18:1 FAME and better
resolution of the C18:2 trans isomers. Nevertheless, FDA regulations for nutrition labeling as of
2015 require only the declaration of total trans fat content and not the content of individual trans
fatty acid isomers.

AOCS Official Methods Ce 1h-05 [82] and Ce 1j-07 [86] are specifically GC-based methods,
recommended for the determination of trans fatty acids, among other components, in edible fats and
oils and extracted food lipids. These methods recommend the use of 100 m cyanopropyl polysilox-
ane columns, such as the Supelco SP-2560 or CP-Sil 88 (Chrompack, Middelburg, the Netherlands),
and the use of hydrogen as the carrier gas. At similar carrier gas flow rates, the use of hydrogen gas
reduces the separation time but maintains the degree of peak resolution that can be obtained with
helium gas [87]. AOCS Official Method Ce 1h-05 describes an isothermal separation of FAME at
180°C that is appropriate for analyzing crude, refined, partially hydrogenated, or fully hydrogenated
fats and oils from vegetable and nonruminant animal sources [82]. AOCS Official Method Ce 1j-07
is applicable to fats derived from either plants or ruminant animals (but not their mixtures) and uses
a temperature program in which the oven is maintained at 180°C for 32 min, then ramped to 215°C
and held for 31.25 min [86]. This method was amended in 2013 to include collaborative study data
for 22 different food matrices having total frans fatty acid contents ranging between 0.0% and 7.3%
of total fatty acids.

Validating an analytical method is necessary to establish its performance characteristics and
entails demonstrating the accuracy, linear range, limits of detection (LOD) and quantification
(LOQ), precision (i.e., repeatability, reproducibility), recovery, and specificity of a given method for
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one or more analytes. Specific performance criteria (such as precision) are available for these AOAC
or AOCS official methods because these have been validated through multilaboratory collaborative
studies. Notably, however, none of these methods identify a specific LOQ for trans fat.

To fill this gap, many methods-endorsing organizations now use the Horwitz ratio (“HorRat”) as
the basis for acceptance of a method’s performance [88]. The “HorRat” or Horrat value provides an
indication of method performance based on the precision of inter-laboratory validation data and has
become the accepted tool to evaluate precision for collaborative studies among many laboratories.
The Horrat value is calculated as the ratio of the reproducibility relative standard deviation (RSDg)
to the predicted RSDyg, which is determined from the mass fraction of the analyte. The empirically
acceptable range is 0.5-2.0: Horrat values >2.0 indicate a need for further method optimization or
analyst training, and values <0.5 indicate better than expected method performance or analyst skill
[88]. In collaborative studies, the lowest concentration before which the Horrat value exceeds 2.0 is
now often accepted as the LOQ [88].

Table 7.1 illustrates how validation data for the determination of trans fat in 10 edible fats and
oils, according to AOCS Official Method Ce 1h-05 [82], can be used with HorRat values to assess
method precision. For oils with a high trans fat content (11.62%—-45.01% of total fat), HorRat val-
ues ranged from 0.79 to 2.02, indicating that the method performs acceptably with these samples.
However, for oils having a low trans fat content (0.06%-1.00% of total fat), the HorRat values
exceeded 2.65, indicating that the method does not perform well at this low concentration range. It
is important to note that the original collaborative study for official method AOCS Ce 1h-05 did not
include samples with a trans fat content in the range 1.00%—-11.62% of total fat, despite the fact that
range includes many refined, bleached, and deodorized edible oils [89].

Multilaboratory collaborative data for AOCS Official Method Ce 1h-05 [82] are now available
for 22 different food matrices (Table 7.2). The Horrat values for samples of cheese powder,
tallow, and chocolate cake mix, with trans fatty acid contents varying from 0.90% to 7.27% of
total fatty acids, fell within the acceptable range, indicating that this method was appropriate for

TABLE 7.1
Determination of trans FA in Edible Fats and Oils: Multilaboratory
GC-FID Data for Validating AOCS Official Method Ce1h-05

Total trans FA

Sample (% of Total Fat) RSDg (%)? Horrat®
Vegetable shortening 45.01 4.55 2.02
Canola oil 26.55 2.45 1.00
Canola oil 26.27 2.97 1.21
Margarine oil 11.62 2.18 0.79
Hydrogenated lard 1.00 21.64 541
Lard 0.90 21.70 5.34
Sunflower oil 0.17 60.34 11.50
Coconut oil 0.11 14.80 2.65
Coconut oil 0.10 35.88 6.37
Cocoa butter 0.06 69.66 11.40

Source: Tyburczy, C. et al., Anal. Bioanal. Chem., 405(17), 5759, 2013.

Note: Horrat values are calculated from the Horwitz formula as follows: Horrat = RSDg/
PRSDy. The predicted RSDy (PRSDg) is calculated as follows: PRSDy = 2C-015,
where C is the mass fraction of the analyte.

2 RSDg, reproducibility relative standard deviation.

® Horrat values are reported in AOCS Method Ce 1h-05.
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TABLE 7.2
Determination of trans FA in Extracted Oils: Multilaboratory GC-FID Data
for Validating AOCS Method Ce 1j-07

Total Fat (3/100 g Total Trans Fat
Sample Sample) (% of Total Fat) RSDy (%)? Horrat®
Cheese powder 28.38 7.27 5.04 1.70
Tallow 95.21 7.14 4.20 141
Anhydrous milk fat 88.92 5.11 13.14 4.21
Butter 67.76 2.49 17.29 4.97
Chocolate cake mix 10.34 0.90 7.43 1.83
Encapsulated DHA/ 53.66 0.68 33.82 8.00
EPA
Whole-egg powder 38.47 0.43 12.99 2.87
Frozen cheese pizza 7.66 0.37 18.70 4.04
Evaporated milk 5.97 0.33 15.89 3.37
Yogurt 5.51 0.32 7.94 1.68
Extruded dog food 21.06 0.31 34.97 7.35
Creamy 44.16 0.24 65.50 13.25
ranch-dressing
Potato chips 34.44 0.22 62.69 12.52
DHA/EPA-fortified 27.58 0.15 78.47 14.79
infant formula
Peanut butter 51.69 0.06 75.73 12.44
Oatmeal cookie 18.33 0.05 44.84 7.17
Canned cat food 5.44 0.05 49.55 7.92
Full-fat soy flour 22.05 0.02 73.10 10.19
flakes
DHA/EPA-fortified 0.11 0.00 0.00 N/A
orange juice
Dry cereal fortified 1.82 0.00 0.00 N/A
with flax
Horse feed 3.07 0.00 0.00 N/A
Gamebird feed 2.87 0.00 0.00 N/A

Source: Tyburczy, C. et al., Anal. Bioanal. Chem., 405(17), 5759, 2013.

Note: Horrat values were calculated from the Horwitz formula as follows: Horrat = RSDy/PRSDy. The predicted
RSDy, (PRSDy) was calculated as follows: PRSDy = 2C-015, where C is the mass fraction of the analyte.

2 RSDg, reproducibility relative standard deviation.

b RSDy is reported in AOCS Official Method Ce 1j-07.

analyzing these products. In contrast, Horrat values exceeded 2.0 for samples of cookies, DHA/
EPA-fortified infant formula, potato chips, whole-egg powder, butter, anhydrous milk fat, and
other samples in the collaborative study—all having trans fat contents in the range 0.05%-5.11%
of total fat—indicating that Official Method Ce 1h-05 [82] was not suitable for determining the
levels of trans fat in such products. Because collaborative study data do not include samples of
edible fats and oils and foods with trans fatty acid contents exceeding 1% of total fatty acids,
it appears that official GC method performance limits have not been fully established and may
be higher than might be generally believed. These findings emphasize the need for additional
validation studies, using more representative samples to cover the critical lower range of trans
fat contents.
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3. lonic Liquid GC Columns and Two-Dimensional Separation of FAME

The complete and accurate analysis of complex mixtures of fats and oils usually requires multiple
GC separations, fractionation by HPLC prior to GC analysis, then identification of fatty acids and
confirmation of their identities by applying hyphenated GC-MS, GC-IR spectroscopy, and, finally,
comparison to reference standard fatty acids. We will next describe two new approaches to optimize
GC separations.

In 2011, a newly available ionic liquid capillary GC column, the SLB-IL111 (Supelco), was
shown to provide enhanced separations of unsaturated geometric and positional isomers of FAME,
relative to separations achieved using the conventional cyanopropylsiloxane (CPS) columns that
had been previously recommended for FAME separations [90]. More recently, a novel 200 m
SLB-IL111 ionic liquid column, formed by connecting two 100 m SLB-IL111 columns using a
quartz press-fit connector and operated under a combined temperature and eluent flow gradient,
was shown to successfully resolve most of the FAME from milk fat FAME in a single GC separa-
tion [91]. Separations using the 200 m SLB-IL111 column also provided a complementary elution
profile to those obtained by CPS columns, enabling a more comprehensive analysis of total milk
fat. These optimized conditions also led to the simultaneous separation of short-chain (starting from
4:0), long-chain PUFA, and most of the unsaturated FAME positional/geometric isomers. Among
the MUFA, #11-18:1 and ¢10-18:1 FAME, the two most abundant trans fatty acids found in most
dairy products, were resolved. This is significant since these trans FAME isomers reportedly have
vastly different biological activities. In addition, the SLB-IL111 column permitted the separation
of two CLA isomers commonly found in dairy products, specifically 77,c¢9-18:2 from ¢9,/11-18:2,
which otherwise coelute on CPS columns [90,91].

A study of marine oil omega-3 supplements sold in the United States, published in 2014 [92],
illustrates the use of ionic liquid columns. Specifically, the content and composition of fatty acids
in 46 commercial marine oil omega-3 supplements, including fish oils, fish oil concentrates, salmon
oils, and plant/fish oil blends, was determined by GC using the 200 m SLB-IL111 ionic liquid
column. Seventy-three FAMEs were quantified, including n-6, n-4, n-3, and n-1 PUFAs. In more
than 80% of the products analyzed, the contents of the two main long-chain omega-3 PUFAs,
namely, eicosapentaenoic acid (EPA; C20:5n-3) and docosahexaenoic acid (DHA; C22:6n-3),
were consistent with their respective label declarations. Although Srigley and Rader [92] did not
evaluate partially hydrogenated fish oils in their study, the presence of low concentrations of the
trans fatty acid isomers of EPA and DHA, primarily the mono-trans isomers, varied from 0.1%
to 1.5% of total fat, which agrees with work from Sciotto and Mjgs [93], who examined omega-3
products sold in Europe.

In 2013, a novel protocol was proposed that, for the first time, allowed the separation and
identification of all frans unsaturated fatty acids and all PUFAs in a single experiment and
eliminated the overlap between PUFAs with different chain lengths [94]. The separation of
FAME, normally achieved using the 200 m SLB-ILI11 ionic liquid capillary column, was fur-
ther optimized by a novel 2D GC x GC design. This was accomplished by chemically reducing
selected analytes prior to separation with a second GC column; specifically, a capillary tube
coated with palladium was inserted between the first column and a cryogenic modulator, thus
reducing unsaturated FAME to their corresponding saturated forms prior to separation with the
second GC column. Then the second separation was achieved by using a short 2.5 m x 0.10 mm
SLB-IL111 ionic liquid capillary column, which separated FAME based only on their carbon
chain lengths. The chromatographic elution profiles for this 2D separation could be easily inter-
preted because all the saturated FAME fell on a straight diagonal line bisecting the separation
plane, while the FAME having the same carbon skeleton, but a different number, geometric
configuration, or position of double bonds, fell on lines parallel to the first dimension’s retention
time axis [95].
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B. THIN-LAYER CHROMATOGRAPHY AND ARGENTATION METHODS

TLC has been widely used to separate classes of lipids on layers of silica gel applied to glass plates.
This method is simple to use and does not necessarily require sophisticated instrumentation. In most
cases, TLC using silica gel does not separate fractions on the basis of number or configuration of
double bonds in fatty acid mixtures [96]. The most effective TLC separation of cis and trans isomers
has been achieved by means of argentation: using layers of silica impregnated with silver nitrate.

Argentation is the general term used to describe methods based on the long-known principle
that silver ions form complexes with cis more strongly than with trans double bonds. In argentation
chromatography, the separation of cis and trans isomers depends on the relative interaction
strength of the & electrons of double bonds in each isomer with silver ions. The actual interaction
of each fatty acid isomer depends upon the geometry, number, and position of double bonds.
Since at least 1979, Ag-TLC has been used to separate unsaturated lipids on thin-layer plates
[97], and additional argentation methods, including countercurrent distribution (CCD) and silver
ion-liquid column chromatography, were in use by 1995 [98]. Several classes of fatty acid isomers
can be isolated using preparative argentation TLC. These isolated fractions can then be analyzed
further by using ozonolysis [71,72,99-101] and GC. Good resolution can be achieved for a variety
of FAME:s using 2D argentation TLC separation and reversed-phase chromatography on a single
plate [102].

In studies by Kramer and his coworkers [80,103], Ag-TLC was applied for the separation of
saturated, tfrans-monounsaturated, cis-monounsaturated, as well as cis/trans conjugated diene
fatty acids. Silica G plates (20 x 20 cm, 0.25 mm thick; Fisher Scientific) were washed with 50:50
methanol/chloroform (v/v), activated at 110°C for 1 h, impregnated with 5% silver nitrate solution in
acetonitrile (w/v), and activated again before use. These plates were developed with 90:10 hexane/
diethyl ether solution (v/v), and the bands were identified under UV light at 243 nm after spraying
with 2',7’-dichlorofluorescein (2% in methanol, v/v). The bands containing the isolated fatty acids
were scraped and collected in test tubes, and the fatty acids were extracted with organic solvent and
separated by GC.

As determined by GC, the content of trans-C16:1 in human milk usually appears to be higher
than expected, due to the overlap with peaks attributed to C17 fatty acids [73]. Using Ag-TLC fol-
lowed by GC on a highly polar 100 m capillary column was capable of more accuracy, determining
that the average content of total trans-C16:1 to be 0.15% =+ 0.04% from 39 test samples of human
milk fat [68]. The C16:1 positional isomers trans A4, AS, A6/7, A8, A9, A10, All, A12, A13, and
A14 were reportedly quantified in 15 test samples. The mean relative contents were 2.6%, 3.5%,
7.6%, 1.2%, 24.7%, 10.4%, 10.1%, 14.3%, 8.4%, and 11.3% (as a percentage of total trans-C16:1),
respectively [73]. As Figure 7.5 indicates, the trans and cis 18:1 fractions from milk fat isolated by
Ag-TLC were almost completely separated by GC on a highly polar 100 m capillary column [79,80].
Notably, this analysis also revealed the presence of A6-9 trans 18:1 positional isomers (unlabeled
peaks) in the cis fraction.

Wilson et al. [74] combined an Ag-TLC with capillary GC for the quantitative analysis of trans
monoenes derived from partially hydrogenated fish oil containing trans isomers with C-20 and
C-22 carbons. This process separated FAMEs into saturates (R-f 0.79), trans monoenes (R-f 0.4),
cis monoenes (R-f 0.27), dienes (R-f 0.10), and PUFAs with three or more double bonds remaining
at the origin. These authors reported that direct GC analysis underestimated the frans content of
margarines by at least 30%. In this study, C-20 and C-22 trans monoenes were found in relatively
large quantities averaging 13.9% and 7.5%, respectively, in margarines [74].

A similar combination of Ag-TLC and GC was used to analyze more than 2000 test samples of
European bovine milk fats to assess the frequency distributions of the CLA isomer ¢9¢11-C18:2, the
isolated or nonconjugated fatty acids trans-C18:1, trans-C18:2, ¢t11-C18:1 (vaccenic acid), and ¢11c15-
C18:2 (major mono-trans-C18:2), as well as total trans fatty acids [75]. The milk samples used were
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obtained under a variety of feeding conditions: barn feeding, pasture feeding, and feeding during
the transition periods of spring and late autumn. The average contents were (c9r11-18:2) 0.76%,
(trans-C18:1) 3.67%, (trans-C18:2) 1.12%, and (total trans fatty acids) 4.92%. High correlation coef-
ficients (r) were reported between the content of the CLA isomer ¢9¢11-18:2 and the contents of
trans-C18:1, trans-C18:2, total trans fatty acids, and C18:3 of 0.97, 0.91, 0.97, and 0.89, respectively.
This analysis also reported a probable metabolic pathway in the biohydrogenation of linolenic acid:
9c12cl5 — c9111clS — fl1lcl5 — 111 [75,104].

C. Siver IoN SoLiD-PHASE EXTRACTION CHROMATOGRAPHY

A silver ion solid-phase extraction (Ag-SPE) cartridge (Supelco, Bellefonte, PA) has become
available for the rapid fractionation of FAMEs including cis/trans geometric isomers. However,
its benefits and limitations have yet to be evaluated and compared to established procedures [105].

The application of silver ion solid-phase extraction (Ag-SPE) to the separation of FAME pre-
pared from a partially hydrogenated fish oil with a trans fatty acid content of 41% was reported
in 2014 [106]. The complex FAME mixture of partially hydrogenated fish oil was resolved into
several FAME fractions: SFAs, trans MUFAs, cis MUFASs, and several PUFA fractions, each con-
sisting of its respective geometric and positional isomers. Collected fractions were subsequently
analyzed by GC using a 100 m capillary CPS column, and this method permitted the identification
of the trans and cis MUFAs and other FAME constituents prepared from partially hydrogenated
samples [106].

D. HiGH-PERFORMANCE LIQUID CHROMATOGRAPHY

For most applications, HPLC does not exhibit the separation efficiencies offered by long capillary
GC columns. It does, however, offer several advantages. For example, the mild conditions used in
HPLC work enable heat-sensitive components to be separated, a feature that reduces the possibility
of isomerization taking place during the analysis of unsaturated fatty acids. Another advantage is
that fatty acid fractions can be collected and analyzed further using hyphenated techniques, such as
GC-FTIR and GC-MS.

A variety of detectors can be used to identify lipid solutes as they elute from HPLC columns
[107]. The most common HPLC detector has been ultraviolet-based equipment that allows one to
monitor the column effluent at about 200 nm. The sensitivity of this detection method is limited by
the lack of strong absorbing lipid chromophores, unless fatty acid derivatives that absorb strongly in
the UV range are prepared. Although refractive index (RI) detectors are also commonly used, these
cannot be paired with solvent gradients and are sensitive to temperature fluctuations. Evaporative
light-scattering detectors (ELSD) can be used with solvent gradients, are at least as sensitive as the
best RI detectors, and can be used for quantitation.

1. Reversed-Phase HPLC

In 2002, a reverse-phase HPLC procedure for the fractionation of cis-18:1 and trans-18:1 fatty acids
was proposed, utilizing two semi-preparative reverse-phase C18 columns in series prior to GC
quantitation [108]; however, the observed resolution of the cis and frans geometric isomers was
poor and further optimization was needed [109].

2. Silver lon HPLC

The many advantages of using argentation HPLC columns over TLC plates include reproducible
separation of analytes, column reusability, short run times, and high recoveries. Until the late 1990s,
a lack of stable columns with controlled silver levels limited the use of silver ion HPLC separations.
The silver ions used to bleed from the silica adsorbent cause unpredictable results, shorten the
column life, and hinder the reproducibility of the results. A more successful argentation HPLC
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FIGURE 7.6 Silver ion HPLC chromatogram showing the separation between frans 18:1 and cis 18:1 and
CLA FAME positional isomers from a milk fat test sample using three chromosphere five lipid columns in
series. (From Delmonte, P. et al., Analysis of trans-18:1 fatty acids by silver ion HPLC, in: Lipid Analysis and
Lipidomics, M.M. Mossoba, J.K. Kramer, J.T. Brenna, and R.E. McDonald, eds., AOCS, Champaign, IL, 2006.)

procedure was developed by linking the silver ions via ionic bonds to a silica—phenylsulfonic acid
matrix [110]. This column gave excellent reproducible separations for triacylglycerols, fatty acids,
and their positional and geometric isomers [111]. This column was also used for the separation,
collection, and quantification of all eight geometric isomers of linolenic acid phenacyl esters, with
a mobile phase ranging from 5% methanol in dichloromethane to a 50:50 solvent mixture [112].

Commercial silver ion HPLC columns were introduced approximately 15 years ago and have
dramatically increased the use of this technique. A commercially available argentation HPLC col-
umn (Agilent) with an acetonitrile—hexane mobile phase was used to separate the cis/trans fatty
acid isomers of methyl oleate, methyl linoleate, methyl linolenate, and 15 of the 16 cis/trans methyl
arachidonate positional isomers [113]. In other research, this column was used with a 0.15% aceto-
nitrile in hexane isocratic mobile phase to obtain four fractions from hydrogenated vegetable oil that
were subsequently analyzed by capillary GC [114].

Silver ion HPLC chromatography is a powerful technique for the separation of geometric and
positional isomers of fatty acids [115,116] and FAMEs [103,117]. In 2006, Delmonte et al. inves-
tigated the silver ion HPLC separation and quantitation of trans 18:1 fatty acid positional isomers
(from A6 to A15) (Figure 7.6) as well as their dependence on parameters such as elution temperature
[118]. The authors discussed the many limitations of this procedure and the factors that affected the
reproducibility of this separation [118].

IV.  ANALYSIS USING ONLINE HYPHENATED TECHNIQUES

Fatty acids can be misidentified in gas chromatograms, due to the lack of standards for many fatty
acids or their isomers, and problematic coelution of peaks. Work by Mazzola et al. [119] determined
that some earlier publications had misidentified frans monoene positional isomers [113,120].
Another study determined that the estimated levels of trans,trans 18:2 isomers in margarine were
an order of magnitude too high (3% instead of 0.3%) due to misidentification of GC peaks [121].
Researchers looking at historical reports should be aware that the published literature contains an
incorrect report suggesting that liquid canola shortening was contaminated with fatty acids found
in animal fat [122].

To help identify peaks more accurately, a GC column can be interfaced with another instrument
such as an IR spectrometer or a mass spectrometer. Hyphenated techniques use online detection to
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confirm the identity of peaks in a chromatogram. Griffiths [123,124] documented the performance
of interfaces between gas, supercritical fluid, and high-performance liquid chromatography and
Fourier transform spectrometry (GC-FTIR, SFC-FTIR, and HPLC-FTIR, respectively). Some of
these hyphenated techniques were first used to elucidate the structure of unusual fatty acid isomers,
including cyclic fatty acid monomers (CFAM) that often contain frans double bonds in the hydro-
carbon chain and cis double bonds in five- or six-membered rings. The formation and the biological
effects of these cyclic compounds have been reviewed [125].

A. GAs CHROMATOGRAPHY—FOURIER TRANSFORM INFRARED SPECTROSCOPY

For many GC-FTIR instruments, the effluent from the GC column flows continuously through
a light pipe (LP) gas cell [123]. LP instruments generally have detection limits of 10-50 ng for
unknown complex mixtures of FAMEs. Online IR spectra of CFAM peaks eluting from a gas chro-
matogram were obtained with an LP GC-FTIR [126]. The results were used to show which of these
CFAM contained cis and/or trans double bonds. Several minor peaks in this mixture could not be
identified because of the limited sensitivity of the method.

Although the LP GC-FTIR technique can confirm the identity of intact molecules, its detection
limits are unfortunately higher than those of other GC detectors (e.g., flame ionization). In 1984,
Bourne et al. [127,128] developed an improved GC-FTIR technique using a matrix isolation (MI)
interface that increased the sensitivity of the GC-FTIR determination by an order of magnitude.
GC-matrix isolation—FTIR is extremely useful for quantitating peak area, determining peak homo-
geneity, and obtaining structural information on a compound. Matrix isolation (MI) is a technique
in which analytes and an inert gas (argon) are rapidly frozen at cryogenic temperatures (12 K) and
then are trapped as a solid matrix on the outer rim of a moving gold-plated disk. The IR spectra of
these molecules are free from bands due to intermolecular hydrogen bonding and other band broad-
ening effects. These benefits yielded greater sensitivity that equals, for many applications, that of
GC-MS [128].

GC-MI-FTIR has been used to quantitate low levels of saturated, trans monoene [129], diene
[130,131], triene, and conjugated diene fatty acids and their isomers [131] in hydrogenated veg-
etable and/or fish oils. Figures 7.7 through 7.10 show IR spectra exhibiting the different stretching
and/or out-of-plane deformation absorption bands for cis and frans double bonds in straight chain
fatty acids (Figure 7.7), CFAM (Figure 7.8), as well as for conjugated diene geometric isomers
(Figures 7.9 and 7.10). The characteristic absorption bands shown were used to identify functional
groups and double-bond configuration. The conjugated trans, trans diene isomer had an out-of-plane
deformation absorption band at 990 cm™!, whereas, the cis, frans isomer had absorption bands at 950
and 986 cm!. The absorption band for the corresponding methylene-interrupted trans diene and the
trans monoene was at 971 cm™'. Unique absorption bands for trans and cis diene isomers were also
found in the area of the spectrum typical of the carbon—hydrogen stretch vibrations (3035/3005 cm™!
and 3018 cm™!, respectively) and in the area typical of the carbon—hydrogen out-of-plane deforma-
tion absorption bands (972 and 730 cm™!, respectively) [129-131].

GC-MI-FTIR is also effective in determining the concentration of individual FAMEs without hav-
ing to consider the relative response of the gas chromatograph’s flame ionization detector (FID). This
makes it possible to quantitate frans isomers even with partial GC peak overlap from cis isomers.
Quantitation of trans diene isomers was based on measurement of the height of the observed C—H
out-of-plane deformation band at 971 cm™! for trans groups and that of the CH, asymmetric stretch-
ing band at 2935 cm™' for the 17:0 internal standard [130]. Calibration plots of absorbance versus
nanograms injected were generated for the range of 2-33 ng. Recovery (on cryogenic disk) was based
on the determination of the internal standard. The amount of analyte present in injected aliquots was
calculated from the observed absorbance values and the corresponding calibration plot [130].

When GC-MI-FTIR was used to quantitate the frans monoene isomers in margarine, the results
showed a high bias relative to that achieved by conventional GC FID response [130,131]. Presumably,
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FIGURE 7.7 Sharp matrix isolation-FTIR spectral bands observed at 4 cm™! resolution for (a) 18:0, (b)
methylene-interrupted trans,trans-18:2, and (c) methylene-interrupted cis,cis-18:2 straight chain FAMEs after
separation by capillary GC and cryogenic trapping under vacuum. (From Mossoba, M.M. et al., J. Agric. Food
Chem., 38(1), 86, 1990.)

the higher GC-MI-FTIR values resulted from its higher specificity; the MI-FTIR determination is
based on a unique discriminatory feature (971 cm~! absorbance band) that is observed only for trans
species. The intensity of this band is not affected by cis isomers even when they chromatographi-
cally overlap. These results confirm that relying on GC peak areas for quantification can result in
underestimates of frans monoenes.

GC-FTIR analysis was used to determine the geometric configuration of FAMEs separated by
silver ion HPLC [132]. This was achieved using the more recent direct deposition (DD) interface
that condenses GC eluates on a moving zinc selenide window cooled to near the temperature of
liquid nitrogen. This DD instrumentation is even more sensitive than the matrix isolation interface
[123] because the analytes are condensed on a track that is about 100 pm wide, and microscope
objectives are used to collect and focus the IR beam. Unlike GC-MI-FTIR, during GC-DD-FTIR
operations, the analytes are not diluted in argon or any other matrix.
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FIGURE 7.8 Sharp matrix isolation-FTIR spectral bands observed at 4 cm™ resolution for methyl ester
derivatives of C18 cyclic fatty acid monomers having structures consistent with (a) a cyclopentenyl ring and
a trans double bond, (b) a cyclopentenyl ring and a cis double bond, and (c) a cyclohexenyl ring and a trans
double bond along the hydrocarbon chain. Data collected after separation by capillary GC and cryogenic trap-
ping under vacuum. (From Mossoba, M.M. et al., J. Am. Oil Chem. Soc., 72(6), 721, 1995.)

B. GC-ELecTRON IMPACT MS

MS can be a very effective tool when used in combination with GC to determine the location
of double bonds in fatty acids and their positional isomers. The major problem of analyzing
mass spectra of FAMEs is the tendency of the double bonds to migrate during electron ioniza-
tion. The mass spectra exhibit low mass ions that do not provide structural information. Two
of the methods used to overcome this problem include soft ionization and derivatization [133].
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FIGURE 7.9 Direct deposition-FTIR spectral bands observed at 4 cm™! resolution for conjugated (a) cis/trans
or transicis 18:2, (b) cis,cis-18:2, and (c) trans,trans-18:2 FAME CLA isomers after separation by capillary
GC and cryogenic trapping under vacuum. (From Mossoba, M.M. et al., Lipids, 29(12), 893, 1994.)
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FIGURE 7.10 Direct deposition-FTIR spectral bands observed at 4 cm™! resolution for conjugated (a) cis/
trans or trans/cis 18:2, (b) cis,cis-18:2, and (c) trans,trans-18:2 FAME CLA isomers after separation by capil-
lary GC and cryogenic trapping under vacuum. Expanded IR spectral range showing C—H stretching bands for
conjugated cis—trans (top spectrum) and trans—trans (bottom spectrum) 18:2 dienes. (From Mossoba, M.M.

et al.,, Lipids, 29(12), 893, 1994.)
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Chemical ionization (CI) methods for the determination of double- and triple-bond positions were
reviewed in 1985 [134]. A CI-MS procedure was used to determine the double-bond positions in
fatty acids from marine organisms [135].

One successful approach for elucidating fatty acid structures has been to derivatize the carboxyl
group to a nitrogen-containing compound. Common derivatizing agents include pyrrolidide, pico-
linyl ester, and 4,4-dimethyloxazoline (DMOX). A recent review of these derivatives indicates that
the most useful ones by far are the picolinyl ester and DMOX derivatives [136]. With these deriva-
tives, double-bond ionization and migration are minimized. Simple radical-induced cleavage occurs
at each C—C bond along the chain. Therefore, for unsaturated fatty acids containing up to several
double bonds, there is decreased abundance of low mass ions and an increase in a series of ions
resulting from carbon—carbon bond scission. Diagnostic ions occur wherever there is a functional
group in the chain that interrupts the pattern of cleavage from C—C bonds. A C=C bond or a five- or
six-membered ring might be responsible for such disruptions.

GC-EIMS analysis of picolinyl ester derivatives can identify PUFAs [137,138]. However, the
GC resolution of the picolinyl fatty acid esters was not as good as that of other derivatives (such as
DMOX). Reversed-phase HPLC fractionation of the picolinyl fatty acid esters, prior to identification
by GC-MS, was necessary to obtain acceptable results for hydrogenated samples [139]. A total
of 39 fatty acid components in cod liver oil were identified using this method. In a more recent
study, silver ion HPLC was used to fractionate CFAMs before converting them to the picolinyl ester
derivatives [140]. Some of the GC problems associated with picolinyl esters could be overcome by
using high-temperature, low-bleed, cross-linked polar columns [141].

Mossoba et al. [142] reported that 2-alkenyl-4,4-dimethyloxazoline derivatives of diunsaturated
CFAMs exhibited distinctive mass spectral fragmentation patterns that could be used to pinpoint
the positions of double bonds and of 1,2-disubstituted, unsaturated, five- and six-membered rings
along the hydrocarbon chain. One of the advantages of using the DMOX derivatives was the good
chromatographic resolution: sometimes higher than that observed for the derivatives of FAMEs
[143,144]. Most CFAMs in heated flaxseed oil were identified, and the double-bond configurations
(cis or trans) were unequivocally established by using GC-MI-FTIR (Table 7.3).

TABLE 7.3

Infrared Bands (cm~") Attributed to Unsaturation Sites in Cyclic Fatty Acid Monomers
Ring Chain Ring Chain  Chain  Chain Ring Ring Ring

GC Peak Five-Mem  Trans  Six-Mem Cis Trans  Trans  Six-Mem  Five-Mem  Six-Mem

1 3061 3035 3003 970 719

2 3061 3035 3003 970 719

3+3 3061 3005 716

4 3063 3032 3005 979 716

6 3063 3006 711

7 3063 3006 711

8 3032 3000 976 663

9 3032 3005 972 664

10 3032 3005 972 664

1 3032 3004 975 663

12 3031 723 664

13 3031 725 662

14 3025

15 3025

Source: Mossoba, M.M. et al., J. Am. Oil Chem. Soc., 72(6), 721, 1995.
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FIGURE 7.11 GC-EIMS chromatographic data for fatty acid DMOX derivatives of trans 18:1 positional
isomers using an SP-2560 100 m fused silica capillary column at 140°C. Injection volume: (a) 0.4 pL and
(b) 1.0 pL. (From Mossoba, M.M. et al., J. Am. Oil Chem. Soc., 74(2), 125, 1997.)

Mossoba et al. [132] confirmed the identity of individual ¢trans monoene fatty acid positional
isomers in partially hydrogenated soybean oil. FAMEs were fractionated by silver ion HPLC
and then analyzed by GC-DD-FTIR to determine geometric configuration and by GC-EIMS on
DMOX derivatives to determine double-bond position [132]. GC peak resolution obtained with
a 100 m capillary column was higher for the DMOX derivatives than for those of the FAMEs.
Figure 7.11 demonstrates the excellent resolution that was obtained for DMOX derivatives of trans
monoene positional isomers. The bottom GC profile, with about twice the amount of injected
sample, shows evidence of overload in the early part of the trace but enhanced response for the
A13 and Al4 positional isomers. The double-bond positions for nine individual trans monoene
positional isomers were confirmed by their unique DMOX mass spectra. Most significantly, this
was the first report of the capillary GC separation of the A13 and A14 trans monoene positional
isomers in hydrogenated vegetable oil. Figure 7.12 presents the mass spectral data that confirmed
their bond position. The identity of the trans-Al13 isomer was further confirmed by comparison
with a standard. Hence, the double-bond position and configuration could be readily established
for a complex distribution of MUFA isomers found in dietary fat by using the two hyphenated
techniques, GC-DD-FTIR and GC-EIMS.

Mass spectral methods that permit direct analysis of FAMESs are highly desirable because GC
analysis of FAMESs remains the method of choice for the determination of fatty acid composition.
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FIGURE 7.12 GC-EIMS spectra for the A13 and A14 pair of trans 18:1 DMOX positional isomers; the ions
due to allylic cleavage are at the following positions: A13: 238, 293, and 306 m/z; Al4: 252, 306, and 320 m/z.
(From Mossoba, M.M. et al., J. Am. Oil Chem. Soc., 74(2), 125, 1997.)

Since 1999, Brenna has published a series of papers demonstrating a purely mass spectrometric
technique for double-bond localization in FAME isomers that relies on gas-phase derivatization
[145-149]. He introduced the acronym CACI, Covalent-Adduct Chemical Ionization, to describe
analytical methods that rely upon an ion—molecule reaction followed by tandem mass spectral
(MS/MS) analysis. He applied the acetonitrile CACI-MS/MS technique to the analysis of nonconju-
gated and conjugated FAMEs double-bond localization. Observed highly reproducible mass spectra
were readily interpreted and used to identify double-bond position and cis/trans geometry. In addi-
tion, because FAME were analyzed directly, comparable CACI-MS/MS and GC-FID gas chromato-
grams could be achieved and used to facilitate unknown FAME peak identifications. Subsequent
studies with the CACI-MS/MS method demonstrated its utility for quantifying individual cis and
trans MUFA that otherwise coeluted on the GC column [150-152].

C. SupercrITICAL FLUID EXTRACTION—FOURIER TRANSFORM INFRARED SPECTROSCOPY

Capillary SFC is an effective tool for separating nonpolar to moderately polar complex mixtures of
natural products having molecular weights of 100—1000 Da. The SFC method uses a gas compressed
above its critical temperature and pressure to carry analytes through a chromatographic column.
Many applications of SFC to the analysis of lipids were reviewed in the 1990s [153-157]. Among the
advantages of SFC are its usefulness in separating certain compounds at lower temperatures than
those required for GC and the ability to be simultaneously interfaced with FID and FTIR detectors.
Different SFC columns can be used to separate lipids according to carbon number or degree of
unsaturation. However, capillary GC and silver ion HPLC columns give better peak resolution when
separating fatty acid derivatives from hydrogenated oils.
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SFC has also been used to obtain structural information, backed up by MS for detection [158,159].
The main limitation of early applications was the lack of suitable commercial interfaces [160].

Microscale supercritical fluid extraction (SFE) can be directly coupled to a capillary SFC col-
umn. This procedure was used to analyze the fatty acid composition of a 1 mg sample of cottonseed
kernel [157].

Combining SFC with online FTIR detection (SFC-FTIR) permits elucidation of structural
information from fatty acid isomer mixtures. Standards as well as fatty acids were separated from
coconut oil, Ivory® soap, soybean oil, and butterfat by means of a packed SFC column [161]. The
presence of unsaturated fatty acids was verified by a maximum IR absorption at 3016 cm~!. SFC-IR
spectroscopy was used to analyze triacylglycerols and free fatty acids under similar conditions
[162]. One study featured an SFC coupled to an FTIR spectrophotometer equipped with an LP flow
cell to determine the level of frans unsaturation in partially hydrogenated soybean oil [163]. The IR
absorption band at 3016 cm™! indicated the presence of linoleic acid, while the 972 cm™' absorption
band indicated the presence of trans unsaturation.

A packed microcolumn argentation SFC system was used to separate and quantitate triacylglyc-
erols in vegetable, fish, and hydrogenated oils [164]. This system gave excellent separations for these
complex samples and was as effective as HPLC.

V. TRANS ISOMERS IN COMMERCIAL PRODUCTS

Although the relationship of dietary lipids to human health is a complicated issue that has sparked
some controversy, the importance of controlling fat intake to help maintain an active and healthy
lifestyle has been recognized for many years. Consumer health concerns about the types and con-
tent of dietary fat have resulted in a great deal of research. Much of the negative publicity is due to
the effects trans fatty acids have on serum cholesterol. As a result, some food products were refor-
mulated to reduce their total fat and frans fatty acid content even before the FDA ruling regarding
the determination that PHOs are no longer GRAS [3].

A comprehensive survey of approximately 2000 food products known to contain industrially
produced trans fatty acids, performed during 2009-2010 [165], estimated the cumulative intake
of industrially produced trans fatty acids to be 1.3 g per person per day (g/p/d) at the mean for the
U.S. population, a significant decrease from the previous 2003 estimate of 4.6 g/p/d for adults [165].
This is due to the fact that some food categories (frozen potato products, frozen seafood) have been
reformulated to remove PHOs completely, and other categories already had trans fat levels below
the LOD of 0.1 g/100 g, (e.g., canned soups, cereals, peanut butter, flavored potato chips). Certain
products have been successfully reformulated such as baked goods (0-3 g/serving), frozen pizza
(0-4.5 g/serving), frozen pies (0—4.5g/serving), and microwave popcorn (07 g/serving), by some,
but not all, manufacturers. By contrast, some food categories consistently showed trans fat levels
that had not been reduced, for instance, frosting (1-2.5 g/serving) and refrigerated dough products
(1-3.5 g/serving) [165].

Dairy products are another important source of frans fats in some countries because milk fat
may contain up to 8% trans fat (as percent of total fat) [120,166]. The predominant trans fatty acid
among the #-18:1 isomers found in dairy fat is vaccenic acid (11#-18:1), and, as stated earlier, that is
a precursor of CLA.

VI. CONCLUSIONS

Even though PHOs are no longer considered GRAS by the FDA and should be out of the food sup-
ply, it is still important to have rapid, accurate, and simple methods to determine the total trans
content. In fact, precisely because PHOs should not be found in food, it is essential to have rapid,
simple, and accurate methods for confirming their presence or absence. As reviewed in this chapter,
the validated gas chromatographic and IR methodologies have been, and/or are currently being,
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further optimized to increase their accuracy and reliability for measuring low levels of trans in food
products and dietary supplements for regulatory compliance purposes.

Another important area of study is the nutritional effect(s) of many positional and/or geometric
isomers of fatty acids. Any study designed to determine the nutritional properties of various individual
cis and trans geometric and positional isomers with one or more double bonds (nonconjugated or
conjugated) must first identify and quantify those individual fatty acid isomers. The complex isomer
mixtures in various food matrices inevitably contain overlapping cis and trans GC peaks that make
identification difficult. Capillary gas chromatography on long, highly polar columns will continue
to be the industry standard for separating fatty acid isomers. However, as discussed in this chapter,
GC alone cannot separate all fatty acid isomers in PHOs or other complex food matrices. Therefore,
a combination of off-line, online, or advanced techniques, such as 2D GC separation, should be
used to separate and identify individual fatty acid isomers. The commercial availability of reliable
Ag-HPLC columns should increase their use, and silver ion chromatography will continue to be
an important chromatographic tool that can be combined with other techniques. Complementary
mass spectral analyses based on the GC-EIMS DMOX derivatives approach, or the more recent
CACI-MS procedures for methyl esters, are also expected to continue to play a critical role in the
analysis of both isolated and conjugated trans fatty acids.

The accurate determination of the total trans content and of individual trans isomers in complex
mixtures of both natural and partially hydrogenated oils and fats remains a challenging task. The
promising role of mid-IR and/or NIR spectroscopies in conjunction with chemometrics for the rapid
determination of very low levels (<1%) of total trans fat found in foods and refined edible oils will
be further pursued in our laboratory.
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I. INTRODUCTION

Fats and oils are substances with many material properties. Chief among these are their thermal
properties, solid fat content, mechanical properties, and structural features from the molecular size
range to the colloidal size range. The physical characterization of fats and oils involves the determination
of these material properties, often with a view to their functionality and stability in food systems.

As an example, the spreadability of a shortening is greatly affected by how the solid fat content of
the shortening changes over a range of temperatures. Determination of the solid fat content over this
temperature range is an indication of how appropriate the shortening would be for manufacturing
a specific baked good. Likewise, the melting of chocolate confections in the mouth is dependent
on the polymorphic form in which the fat comprising the confection is tempered into as well as
the melting point of the fat. Fat and oil processing, in general, is often conducted with an aim of
achieving a given material property. For example, interesterification of a hardstock fat with an oil is
often conducted to expand the melting range of the blend. A material with such an expanded melting
range is more functional than a simple mixture of hardstock and oil.

Fats have been studied for more than 60 years as crystalline materials. Here is a brief description
of what a crystalline material is.

A crystal is a material in the solid state where the atomic constituents (referred to as the asym-
metric unit) are arranged and packed into an orderly and regular fashion in 3D space. The asym-
metric unit is arranged relative to a space lattice, which is an abstract, 3D, infinite array of lattice
points, which serve as the scaffolding for the arrangement of asymmetric units into a crystal.
The unique arrangement of asymmetric units around a given lattice point is called the crystal
structure, which is contained in a fundamental unit called the unit cell.

A crystalline material may be monocrystalline, whereby the entirety of the material is a single, con-
tinuous, and uninterrupted crystal. Such a material is called a single crystal and is commonly observed
in minerals such as rock salt, where the single crystal can achieve dimensions in the millimeter to
centimeter range, if not greater. However, molecules with atomic structures and phase behaviors more
complicated than those of inorganic salts invariably form polycrystalline materials. Polycrystalline
materials are materials that consist of several single crystals of different sizes and orientations (called
crystallites or grains), which usually have dimensions in the micrometer to nanometer size range,
and as such, are often referred to as microcrystalline materials. A block of steel, comprising several
“grains” of iron and carbon crystals, is such a polycrystalline material. Likewise, a block of fat is a
polycrystalline material in the sense that it comprises aggregates of several single crystalline particles
(called a crystal nanoplatelet, or CNP) in the nanometer size range. Like many polymers, a block of
fat also has the distinction of being a semicrystalline material, which is a material that contains both
crystalline and amorphous phases. In the case of a block of fat, the amorphous phase is the liquid oil
that fills the interstitial space between the crystalline particles.

This chapter discusses several techniques for the determination of the material properties of
crystalline fats. These include

1. The x-ray scattering technique with applications into x-ray diffraction (XRD), small-
angle x-ray scattering (SAXS), and ultra-small angle x-ray scattering (USAXS) for the
determination of the crystal polymorphic form, bilayer dimensions, primary crystal unit
size as well as the macromolecular microstructural element sizes

2. Low-resolution pulsed nuclear magnetic resonance (pNMR) for the determination of the
solid fat content (SFC) and for the determination of the T, relaxation time in fats

3. Differential scanning calorimetry for the determination of the state transition properties
of fats, such as melting and crystallization temperatures and the associated melting and
crystallization enthalpies

4. Small-deformation and large-deformation rheology for the determination of the viscoelastic
and mechanical properties of fats
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FIGURE 8.1 Comparison of spatial length scales cover by x-rays (ultra-small angle x-ray scattering
[USAXS], small-angle x-ray scattering [SAXS], x-ray diffraction [XRD]), neutrons (ultra-small angle neutron
scattering [USANS], small-angle neutron scattering [SANS], neutron diffraction [ND]), and light dynamic
techniques.

Il. SCATTERING METHODS

Scattering is a physical phenomenon wherein a beam characterized by a definite linear momentum
is scattered from its original trajectory because of an object in its path. The beams can be constituted
of visible light, x-rays, and neutrons. The object that intercepts this beam could be electrons, atoms,
molecules, or any nanometer- to micrometer-sized structure.

For example, dynamic light scattering uses a laser in the visible light spectrum and the Brownian
motion of suspended particles to determine their sizes. X-ray scattering uses the scattering of an
x-ray beam by the electron cloud surrounding the atoms to extract information about the internal
structure of the object under study. Neutrons are also used to study the internal structure of materials
but in this case, a beam of neutrons is scattered by nuclei.

X-ray and neutron scattering are divided into three categories according to the technique used:
diffraction, small-angle scattering, and ultra-small angle scattering. The abbreviations are: x-ray
diffraction (XRD); neutron diffraction (ND); small angle x-ray scattering (SAXS); small-angle
neutron scattering (SANS); ultra small angle x-ray scattering (USAXS); and ultra-small angle
neutron scattering (USANS). The region probed is used to name the technique. X-ray diffraction
is mainly used for large angles; hence, wide-angle x-ray scattering (WAXS) is associated with this
technique. Each technique is characterized by the optics used before and after the sample as well
as the detectors.

Figure 8.1 shows the spatial length scale that is probed by each of the scattering techniques.

The focus of this section is on x-ray scattering. The popularity of x-ray scattering comes from the
fact that the sample requires little preparation, allowing an in sifu characterization.

A. Basics oF X-RAY SCATTERING

An x-ray experiment consists of directing a collimated x-ray beam onto a target or sample and
observing the outcoming x-ray beam by means of a detector positioned at the appropriate angle
and distance (Figure 8.2) so as to reveal the sample structure at the length scale of interest.
An x-ray beam is a collection of photons, which can be described by the wave vector k, which
indicates the direction of propagation. The wave number is given by the modulus of the wave
vector, k = [kl = 2n/A, where A is the x-ray wavelength. Assuming elastic scattering, the incident
k; and the scattered k, wave vectors have the same magnitude (Als-Nielsen and McMorrow, 2001).
The scattering vector q is given by

q=k, -k, (8.1)
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FIGURE 8.2 Basic schematic representation of an x-ray scattering experiment showing the direction of the
incident x-ray wave (k;) coming from the x-ray source and the direction of the scattered wave vector (k) after
the beam went through the sample. 20 is the scattered angle according to Bragg’s law. Shown are two cartoon
representations of detectors. The 2D detector will capture the scattered x-rays that form cones. A slit detector
will capture only an arc of the cones and not the whole cone. A point detector detects one point and hence
needs to be moved to collect all the necessary information.

This scattering vector identifies the direction and magnitude (inset in Figure 8.2) of what accounts
for the angle-dependent phase difference of interfering scattered waves. When an x-ray beam is
incident on the sample, the x-rays are scattered in cones.

The scattering wave vector is defined as the difference between the scattered wave vector and the
incident wave vector. It can be shown that the magnitude, or modulus, of the scattering q vector is

:4nsm9 8.2)

q:‘ks_ki N

This modulus, q, has units of length™'; hence, it is referred to as belonging to reciprocal space. q!
represents the length scale, L, of interest in the system under study which can be determined from

L= q (8.3

For example, a large value of q~' like 2 A-! indicates atomic distances, while q! = 4 x 10-5 A-!
indicates distances in the order of 10 um.

The x-ray scattering regions are typically separated according to the value of the scattering
vector g. Table 8.1 shows the scattering vector magnitudes associated with each of the different
length scales and techniques.

B. Powber X-RAy DIFFRACTION

The premise of the powder diffraction technique is that the specimen is a collection of randomly
oriented crystals. Diffraction experiments are associated with the notion that x-rays scatter in
certain preferential directions after their encounter with the scattering object. The length scale of
diffraction experiments is in the order of a few nanometers.

Bragg’s theory uses the notion of mirror reflections, where the diffraction from a crystalline
sample can be explained as a reflection of the incoming x-rays by a series of crystallographic planes,
the lattice planes. A regular 3D array of points is considered the basis of a crystal. From these
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TABLE 8.1

Spatial Length Scales Covered by the Different X-Ray Techniques
Spatial Scales in Length Scale or Technique for
the Material “d” Spacing (A) q Range (A-1) Observation
Atomic 1-10 6-0.6 WAXS
Molecular 10-100 0.6-0.06 SAXS

Nano 100-5000 0.06-0.007 SAXS/USAXS
Micro 1-20 pm 6x 1043 x 10 USAXS

WAXS, wide-angle x-ray scattering; SAXS, small-angle x-ray scattering; USAXS, ultra-small
angle x-ray scattering.

points, “crystallographic planes” can be defined according to the position of the atoms in the crystal,
considering that all parallel planes contain the same arrangement of atoms. The orientation of the
planes in the lattice is defined in terms of the notation introduced by the English crystallographer
Miller, the “Miller indices,” (hkl), where h, k, 1 denote integer numbers that identify the position of
a plane in relation to the origin (Culity and Stock, 2001). The advantage of using this system is that
there exists a family of parallel equidistant planes with a spacing d,,, between them that are paral-
lel to any (hkl) crystallographic plane. In Bragg’s approach, each crystallographic plane in the set
{hkl} is considered a scattering object. Bragg showed that diffraction from all parallel planes in a
set is only possible at certain angles. Only the outgoing diffracted in-phase x-rays will contribute to
a constructive interference manifested as a Bragg peak.

Figure 8.2 shows a geometrical description of the x-ray scattering from a set of parallel atomic
planes. Since the incident x-rays impinging onto the crystal are in phase, constructive interference
among the diffracted x-rays can only occur if the difference in path length that the incident and
scattered x-rays travel is a multiple integer of the wavelength. Figure 8.3 shows that constructive
interference will be achieved when the path length 2-2’ differs by (8 + 8) from the path length
that the x-ray 1-1’ follows. Constructive interference occurs when nA = 29, where n is an integer
number.

Bragg’s law relates the scattered angle (0) to the wavelength of the incoming x-ray (A) and
the spacing between the atomic planes (d;,,) as shown in Equation 8.4 (Cullity and Stock, 2001;
Pecharsky and Zavalij, 2009):

nA = 2dhk] sin 6 (84)
Incident x-rays with a Diffracted x-rays
wavelength of A (in phase)
1,7/ 1
\
2,/ \
’

GI/

FIGURE 8.3 Diagram representing the geometrical approach to x-ray diffraction. Shown are two incident
x-rays that are diffracted by two atomic planes, A and B, separated by a distance d.
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Two geometries can be employed in x-ray powder diffractometers: reflection or transmission. In
an apparatus configured to use the reflection geometry, x-rays are aimed to the sample at a certain
angle of incidence and the diffracted x-ray is collected on a detector positioned at a certain angle.
Of course, the phenomenon taking place is not reflection but rather diffraction. X-rays are diffracted
off in cones with the opening corresponding to the various Bragg angles. It is important to notice that
Equation 8.4 says nothing about orientation. These cones appear because of the nature of the sample:
randomly oriented crystals. The incident beam always finds a crystallite in an appropriate direction
and the cone seems continuous, but it is generated by different crystallites. Benchtop diffractometers
used typically an x-ray tube emitting only at a particular wavelength. If an x-ray copper tube is used,
then the wavelength is 0.154 nm. Some instruments are designed in a way that both the x-ray source
and the detector are mounted on a goniometer, which may permit the movement of both of them
simultaneously. In this reflection geometry, a range of angles are scanned, the exact range being
dependent on the structural features to be elucidated. Detectors use this kind of instrument might
be either a point or a slit detector. The detector will collect only a section of the scattered cone. The
intensity of the diffracted x-ray waves is recorded as a function of the Bragg angle.

When transmission geometry is used, the incident x-ray beam goes through the sample. In this
case, the source and the detectors are mounted on fix positions. Instead of “scanning” for each
angle as occurs in the reflection setup, all the angles are simultaneously “scanned.” This kind of
setup typically uses a 2D detector. This detector records the maxima generated by constructive
interference as concentric rings (called Debye—Scherrer rings), which are cross sections of the cone
of the diffracted x-rays.

XRD can be used to carry out measurements in the WAXS and SAXS regions for fats. Triacylglycerol
(TAG) molecules are the main molecules that make up what is known as fat. Thus, the study of fat focuses
mainly on understanding the packing of TAG molecules within a crystal. Table 8.2 shows the difference
between WAXS and SAXS with regard to the angle of scattering and the information obtained in fats.
The hydrocarbon chains are packed side by side in a TAG molecule. The type of lamella formed by
longitudinal TAG stacking can be observed in the SAXS region. This is sometimes called polytypism.
The lateral atomic packing of TAGs, or the polymorphism, is identified from the WAXS region.

Figure 8.4 shows the WAXS and SAXS regions of fully hydrogenated canola oil. The largest
peak in the SAXS region is considered to be the (001) Bragg reflection, while the other significant
peak is the (003) reflection. This indicates that 3 x d,y; = d,y, where d stands for the interplanar
distance as shown in Figure 8.3.

Using the concept of the unit cell, the (001) interplanar distance is identified with the scattering
on the TAG lamella denoted by d in Figure 8.5a. The TAG lamella could be formed by the length of
two hydrocarbon chains, if the chair conformation of the TAGs is followed (Figure 8.5a) or by the
length of three hydrocarbon chains, if the tuning fork configuration is present.

The subcell concept (Figure 8.5b) has been useful in understanding the x-ray scattering in the
WAXS region, as shown in Figure 8.4. The subcell is a subunit of the unit cell, which takes into
account at least four hydrocarbon chains and few atoms. Figure 8.5b displays one particular case:
the triclinic packing. Three possible sets of crystallographic planes that scatter x-rays are shown,

TABLE 8.2

Information Obtained from the Two Regions, WAXS and SAXS, of X-Ray Diffraction
Experiments Studied in Fats

Region Name Diffracted Angle Characteristic Size of Scattering Object A) Information Obtained for Fats

WAXS 6°<0<18° 2-10 Polymorphism
SAXS 0.5°<0<6° 30-300 Polytypism and crystal domain size

Note: 0 is the Bragg angle.
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FIGURE 8.4 X-ray pattern in the SAXS and WAXS region for fully hydrogenated canola oil in high oleic
sunflower oil.
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FIGURE 8.5 Hydrocarbon chains denoted as zigzag lines that make up a triacylglycerol molecule. (a) Bilayer
formed by the packing of two triacylglycerol (TAG) molecules, showing a chair conformation. (b) The subcell
concept is used to explain the crystallographic atomic planes giving rise to the x-ray scattering observed in
the WAXS region.

separated by the distances d,, d,, and d;. These three characteristic distances are the one responsible
for the three main peaks observed in Figure 8.4 in the WAXS region.

In the case of the fully hydrogenated canola oil in high oleic sunflower oil, d,, d,, and d; are
4.6,3.9, and 3.7 A, respectively, which correspond to the f polymorphic form.

Triacylglycerols display polymorphism, which means that the molecules can pack laterally into
different physical structures in the solid state. Three basic polymorphs of mono-acid TAGs have
been identified, o, ', and P, by powder x-ray diffraction, on the basis of their subcell structure
(Larsson, 1966). The a form is metastable, with hexagonal packing (H) and d, =4.15 A. The p’ form
is also metastable, displaying chains that are packed in an orthorhombic perpendicular fashion (OL)
and the characteristic d, = 4.2 and d, = 3.7, while the p form is stable, with triclinic parallel packing
(T/)and d, =4.6 A, d, =39 A, and d, = 3.7 A. Usually, a rapid cool down from a melt will cause
the formation of the metastable a form, which eventually will transform to either the  form or the
stable p form. The pathway to reach a stable polymorphic form depends on processing conditions
such as cooling rate, temperature, shear, pressure, and composition (Sato, 2001).

1. Sample Preparation

A powder diffraction pattern is achieved when there are a sufficiently large number of small
randomly oriented particles with dimensions between 10 and 50 um. If the material is not in the
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form of small particles, the particle size should be reduced. If there is no random orientation, the
cone made by the scattered x-ray at a particular angle might not be continuous.

Crystal size is not a problem with fats since they are composed of crystallites possessing a
suitable size. Randomness might be a problem if the fat was crystallized under laminar shear. In
this case, the use of a 2D detector will show the preferential orientation of the crystallites. If a
slit detector is used, it might be necessary to manually rotate the sample to be able to detect the
orientation. In a 2D detector, the orientation manifests itself with stronger signal at certain points
along the circle produced by the cone.

The thermal and processing history of a fat is partially responsible for its crystal structure. These
two factors must be taken into account when choosing the accessories to carry out the measure-
ment as well as how to mount the sample. For example, it might be necessary to carry out the x-ray
measurements at a particular temperature to prevent polymorphic transformations. In this case,
the sample should be mounted on a temperature-controlled sample holder. Another example is a
sample that was prepared under fast cooling conditions for which it might be necessary to observe
the structure immediately.

The Rigaku multiflex diffractometer uses sample holders with a well not bigger than 20 mm X
20 mm and 0.3 mm in depth. Glass and aluminum are good subtract for the sample holder, with
dimensions of 20 x 20 x 1 mm. Filling the cavity with a powderlike material is simple and only
requires a spatula. The powder should stay loose in order for the crystals to be in a random order.
For samples that are paste-like, it is important to resist the temptation to squeeze down on the
sample. Hard fat needs to be converted to powder ensuring that the friction introduced does not
affect the structure that one wants to study. Occasionally, it is desired to crystallize directly in the
sample holder. In this case, the hot liquid edible fat is poured into the cavity of the sample holder and
allowed to crystallize. Care must be taken not to overfill or underfill the sample holder. Figure 8.6
shows the powder pattern histogram of 20% fully hydrogenated soybean oil (FHSO) in soybean oil
(SO) when the cavity of the sample holder was overfilled, underfilled, and level.

Notice that in the WAXS region, overfilling samples shifts the peak to higher angles, while
underfilling samples shifts the peak to lower angles. In the SAXS region, overfilling also causes the
peak to shift to higher angles, while underfilling did not affect peak position.

2. WAXS Example

Polymorphism manifests itself in the WAXS region and is used as a key structural and functional
indicator. For example, margarines are typically assumed to possess good spreadability when they
are in the B’ polymorphic form (DeMan and Beers, 1987). Figure 8.7 shows two XRD patterns for
cocoa butter (CB) in the Py and in the o form. It is well known that B is the desired polymorphic
form when manufacturing chocolates.

SAXS WAXS
g g
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E E — FHSO overfilled
k= k= — FHSO
: . --—- FHSO underfilled

12 14 16 18 20 22 24 26
26 ()

FIGURE 8.6 Powder x-ray diffraction pattern of 20% fully hydrogenated soybean oil (FHSO) in soybean oil
(SO) showing a shift in the position of the peaks when the sample is correctly filled, underfilled, or overfilled.
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FIGURE 8.7 XRD powder pattern for cocoa butter in the p form (—) and the o (--).

The x-ray patterns shown in Figure 8.7 correspond to the beta and alpha form of cocoa butter.
The o form was achieved by a fast cooling rate from 80°C to 20°C. The B form was obtained
from the o form by storing the fast-cooled sample at 25°C for 24 hours. This is to emphasize that
processing, storage temperature, and time play a crucial role in the final atomic structure of the solid
state in fats.

The atomic structure or polymorphism does not tell the story as to which structure is better for
which functionality. It is necessary to pair up x-ray experiments to a functional experiment to make
this conclusion.

3. SAXS Example

SAXS experiments measure intensities at scattering angles not larger than 2° outside the primary
beam. A conventional SAXS machine might be able to cover smaller scattering angles compared
with a benchtop diffractometer. SAXS is used to obtain the longitudinal packing of TAGs. A typical
SAXS experiment requires a detector placed relatively far away from the sample holder. In counter-
top instruments, it might be less than 1 m away, while at synchrotron facilities, due to the flux and
energies of the x-ray, the detector can be placed as far as 5 m away. In both cases, the flight path of the
scattered beam is protected by making it travel inside a tube filled with helium to prevent scattering
by air. PinSAXS differs from the usual SAXS experiments with regard to the type and placement
of the detector. A PinSAXS point detector is placed tenths of centimeters away from the sample.
In order to have a good signal, a PinSAXS data acquisition might require longer accumulation times
compared with a regular SAXS experiment (hundredths of seconds instead of few seconds).

An example of powder diffraction results in the SAXS region is displayed in Figure 8.8. The data
were collected using a Rigaku multiflex x-ray powder diffractometer, which is neither a PinSAXS
nor a true SAXS instrument. The Rigaku multiflex uses a Bragg-Brentano configuration (Pecharsky
and Zavalij, 2009). Here, we show two patterns: tristearin (SSS) and tripalmitin (PPP). Three peaks
are observed for each sample labeled with the numbers 1, 2, and 3 and a subscript SSS or PPP to
identify each sample. Due to limitations in the equipment, values reported from the Rigaku instru-
ment are not absolute values and are not accurate for angles of 20 < 3°. This is why we tend to ignore
the reported value of peak 1 and instead use a higher reflection of the (001) to compute the true
position of peak 1.

Data points were fitted using Jade 9.0 (MDI, Livermore, CA). Values for the position of the
peak’s maximum are reported by the software after analysis. The user can choose among four dif-
ferent fitting equations: Gaussian, Pseudo-Voigt, Pearson-VII, and Lorentzian. Table 8.3 shows the
results obtained with Jade using the Pseudo-Voigt equation.

The bilayer thickness can be used to determine the longitudinal packing of the TAG molecules,
based on their fatty acid (FA) composition. Many bilayers or lamellae stack in the (001) direction



228 Food Lipids: Chemistry, Nutrition, and Biotechnology

.\
-..-‘
—_

o
=]
o

FIGURE 8.8 X-ray patterns in the SAXS region for tristearin (SSS) and tripalmitin (PPP).

TABLE 8.3
Parameters Obtained for the X-Ray Pattern from Figure 8.8 Using Jade and a Cooper
Wavelength Value of 1.54 A

Crystal Thickness—

Peak 20 (°) + 0.004 d @A) +0.2 n  FWHM (°) = 0.001 Bilayer Predicted Domain Computed
Lopp 2292 38.5 1 16 x 2.540 A =40.64 A

2ppp 4.457 19.8 2 0.310 ~26 nm

3eep 6.650 133 3

Lgss 1.780 49.6 1 18:x 2.54 A=4572 A

Qs 3.555 24.8 2 0.257 ~31 nm

3ss 5315 16.6 3

Notes: 20 is the scattered angle, d is the particular interatomic distance among crystallographic planes to consider, n is the
pertinent reflection (e.g., n = 1 indicates d, = d,,, which is the first reflection), and FWHM is the full width at half
maximum for the (002) peak. The predicted bilayer size considers a unit cell of two hydrocarbon chains in a chair
configuration. The thickness of the crystal was obtained using Equation 8.6.

2 Number of carbons in the hydrocarbon chain for this molecule.

b Distance between three carbons in the hydrocarbon chain as reported by Small (1966).

to make up the crystal thickness. A 2L longitudinal packing of TAG molecules within a bilayer
indicates that the size of the lamellae is given by the length of two fatty acid chains. When the
lamellar size corresponds to three fatty acid chains, this longitudinal packing is referred to as 3L.

The Scherrer equation, valid for crystallites with sizes smaller than 100 nm (Klug and Alexander,
1974), has been used to compute the thickness of the crystal (Acevedo and Marangoni, 2010;
Mazzanti et al., 2003), referred to as the domain size. Also, due to the limitations of the Rigaku
multiflex machine, we use the (002) peak instead of the (001) for this calculation. The position of
the Bragg peak given by 0 and its full width at half maximum (FWHM), both in radians, were used
to compute the thickness of the nanocrystallite or domain size:

Crystalline nanoplatelet thickness = _ Kh (8.5)

FWHM cos 6
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where
A is the wavelength (in nm)
K is a constant approximately equal to unity and related to the crystallite shape and to the way
that FWHM and the thickness are defined

Scherrer’s original derivation was based on the assumptions of a Gaussian line profile and small
cubic crystal of uniform size. This gave a value of K = 0.94. The derivation by Klug and Alexander
shows a value of K = 0.89 for no particular crystal shape. Here, we use K = 0.9.

This domain is formed by the epitaxial stacking of bilayers of TAGs to create a “crystallite”
or nano-crystal now referred to as a CNP. The CNP surfaces were visualized with microscopy
using different techniques of oil removal and solid fixation on different edible fats (Heertje
et al., 1997; Jewell and Meara, 1970; Poot et al., 1975). In 2010, Acevedo and Marangoni (2010)
introduced a new method of cold solvent extraction followed by cryo-TEM, which allowed for
the first characterization of CNPs in fully hydrogenated canola oil in high oleic sunflower oil.
Other authors have also used this technique in other edible fat systems (Acevedo et al., 2012;
Acevedo and Marangoni, 2014a,b, 2015; Maleky, 2012; Maleky et al., 2011; Peyronel et al.,
2013; Peyronel and Marangoni, 2014; Ramel et al., 2016) to show that in fact CNPs seem to be
the primary crystals in these materials. These authors have shown that the dimensions of the
CNPs depend on the TAG composition, the TAG proportions, and the processing conditions.

For the case shown in Figure 8.8 and Table 8.3, the thickness of the CNPs was determined to be
~26 nm for PPP and ~31 nm for SSS.

Using the d,, values for peak 2 as the bilayer length, one can compute how many bilayers make
the thickness of the CNP:

26 nm/(19.8 x 2 x 10 nm) = 6.5 bilayers making the PPP crystal
31 nm/(24.8 x 2 x 10 nm) = 6.3 bilayers making the SSS crystal.

C. ULTRA-SMALL ANGLE X-RAY SCATTERING

The technique of USAXS has gained popularity in the last decade thanks to advances in electronics
and optics. It can be used to investigate spatial length scales of up to ~15 pm.

The structures observed at the larger spatial length scales are fundamentally different from those
observed at atomic scales. USAXS looks at the nano- to microscale where matter is composed of
more complex and nonuniform building blocks. USAXS brings about another dimension in the
quest of understanding how the fat crystallites form larger structures of microscopic dimensions.

The USAXS technique uses a Bonse—Hart instrument or camera (Ilavsky et al., 2009, 2012).
This instrument takes advantage of optics before and after the sample to collimate x-rays.
The instrument used at the Advanced Photon Source (APS) in the Argonne National Laboratory
uses a photodiode detector that has a dynamic intensity range of nearly nine decades. The Bonse—
Hart instrument is paired up with a step-scanning method that uses a slit-smeared geometry. The
data collection of USAXS experiments takes less than 2 minutes per scan at the beamline 9ID at
APS. One of the unique features of the Bonse—Hart instrument is its absolute intensity calibration.

As with the other x-ray techniques, sample preparation is minimal. Grace-Bio Labs silicon
isolators (Bend, OR) sandwiched between two microscope cover slips are excellent sample holders.
Thanks to the beamline scientists, collecting data has become a routine and easy procedure. The
biggest challenge with the USAXS technique is the analysis of the data. In the case of fats, we have
used two analytical models to fit the data: the Unified Fit model (Beaucage, 1995, 1996) and the
Guinier—Porod model (Hammouda, 2010). Both models employ a nonlinear regression analysis
to find the best parameters. The analysis proceeds by identifying a number of “levels” that can
be present at different regions of q. Each level is viewed as a structural level. This is where the
challenge arises: How many levels are present? What are the physical interpretations of each of
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those levels? Are those levels the result of a hierarchical structure or are they independent from
each other?

The parameters of interest obtained from these two models were the slope, the radius of gyration,
R,, and the “s” value that identifies the shape of the scatterer (Peyronel et al., 2013, 2014c). The
average size of the scatterer (either the CNP or the microcrystal) was computed from the R, value.
The slope was used to find information about the fractal dimension of the scatterers (Peyronel et al.,
2013; Pink et al., 2013). It was concluded that in some cases, CNPs stacked to form thin long rods,
the so-called TAGwoods (Pink et al., 2013). TAG mixtures were studied assuming a maximum of
three hierarchical levels (Peyronel et al., 2014a,b). Figure 8.4 shows the possible structural levels
observed in fats containing no water and less than 20% solids. At the lowest level, or the highest q
region, the CNP morphology is given by the value of the slope. The morphology could be smooth,
rough, or fuzzy (Peyronel et al., 2014b; Quinn et al., 2014). The level identified as “TAGwood
level” is where the CNPs’ aggregation into TAGwoods or other structures could be detected. The
existence of this level depends not only on the components of the materials but most importantly
on processing conditions that can form structures according to diffusion-limited cluster—cluster
aggregation (DLCA) or reaction-limited cluster—cluster aggregation (RLCA). The size of these
meso- to microstructures is given by the R, observed at this level.

The inset in Figure 8.9 shows the x-ray pattern of the regions: WAXS, SAXS, and USAXS
plotted on a log—log scale. Notice that USAXS covers almost four decades in q compared with less
than one for WAXS and for SAXS.

To be able to explain USAXS results, one needs to appeal to a model. Our group looked at the
aggregation of CNPs by using a computer model of the CNP (Pink et al., 2013). Computer simula-
tions of the aggregation of CNPs were carried out using the Metropolis Monte Carlo technique.
Van der Waals forces as well as a binding energy were the only forces used (Pink, 2012). It was
through those simulations that TAGwoods came to life. The simulations and the USAXS experi-
ments showed that in the case of 20% SSS in OO0, CNPs aggregate into long thin cylinders, which
were named TAGwoods. These TAGwoods further aggregate to form larger fractal structures via
either DLCA or RLCA.
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FIGURE 8.9 USAXS pattern of a sample of 20% SSS in OOO showing the three regions. The inset shows
the three levels of aggregation obtained using the Unified Fit model that were corroborated by models and
computer simulations predictions.
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lll. LOW-RESOLUTION PULSED NUCLEAR MAGNETIC RESONANCE

Techniques based on nuclear magnetic resonance (NMR) are a class of nondestructive techniques
that characterize the physical and chemical properties of a material by exploiting the physical
phenomenon known as nuclear magnetic resonance. In such techniques, the material (or more
specifically, the NMR-active atoms of the material) is subjected to a static external magnetic field
to induce quantization of energy levels and then excited with electromagnetic energy, specifically
energy in the radio frequency spectrum. The relaxation of the system generates a signal (the free
induction decay, FID), which contains information about the system. Most benchtop NMR techniques
used to characterize the physical properties of fats are of the 'H-pNMR variety. These instruments
characterize the material by observing the nuclear magnetic resonance of 'H atoms. Also, in such
instruments, the system is typically excited by a radio-frequency pulse rather than a continuous
application of electromagnetic energy, hence pNMR. Pulsed NMR should be distinguished from
continuous-wave NMR (CWNMR). The CWNMR technique uses a radio frequency oscillator to
continuously irradiate the sample as a magnetic field is swept through the field region that fits the
resonance condition, causing resonance of a nuclear magnetic moment.

pPNMR instruments typically work in the time domain, as opposed to the frequency domain,
which is frequently used in chemical structure elucidation. NMR measurements made in the time
domain occur over a time span of a few seconds to not more than a few minutes. The NMR phenom-
enon itself occurs in the order of microseconds to milliseconds. As such, NMR has developed into
a standard laboratory technique because of its ability to give fast and reproducible measurements.
Readers interested in more detailed discussions of NMR are referred to Keeler (2011).

The following section explains the basics of NMR using the Bruker Minispec principles of oper-
ation, which is discussed in Section IILE.

A. Basic PRINCIPLES

The NMR phenomenon can be briefly summarized as follows:

1. The sample is subjected to a permanent external magnetic field, B,, which affects the spin
moments.

2. The spin system responds to B, generating a net magnetization M, in the equilibrium state.

3. Another oscillating magnetic field By (in the radio frequency spectrum) is applied during
a limited time, causing the net magnetization M, to change to a nonequilibrium state.

4. M, relaxes back to its original equilibrium state. The relaxation process generates a signal,
which is monitored over time to obtain information about the system. Additional pulses of
radio frequency electromagnetic radiation can be applied during relaxation.

Of the myriad nuclei that exhibit NMR, the one that will be discussed in this section is the most
abundant isotope of the hydrogen atom (‘H), which contains one proton in its nucleus and no neu-
trons. The lone proton exhibits a quantum mechanical property called spin. The proton is viewed as
a spinning positive charge, causing it to have a magnetic dipole moment. This dipole is aligned with,
and proportional to, its spin angular momentum, s, such that p = ys, where y is the gyromagnetic
ratio. The gyromagnetic ratio is the ratio of the classical magnetic moment to the classical angular
momentum. Different NMR-active nuclei will have different gyromagnetic ratios. In particular,
y =42.567 MHz/T for the nucleus of the 'H atom.

The net nuclear angular moment L is the sum of the individual spin angular momenta, L = Zs,

and the net dipole moment is defined as P = Zu = vyL of the sample, which is a vector sum of all of

the individual dipole moments p;. The dipole moment per unit volume is called the magnetization
and is given the symbol M. Assuming uniformity within a sample of volume V, then M = P/V.
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M is the sum of individual '"H magnetic moments that are randomly oriented. In the absence of an
external magnetic field, the net angular momentum will add to zero. If an external magnetic field B,
is applied, the energy levels that the various nuclear magnetic moments can occupy are quantized.
For 'H nuclei, there are two such energy levels: the low energy state (spin-up) and the high energy
state (spin-down). At thermal equilibrium, there are more spins in the spin-up state than in the spin-
down state. The ratio of the number of nuclear magnetic moments in the higher energy state N~ to
the lower energy state N* is given as

T oW (8.6)

where
k is the Boltzmann constant
AE is the transition energy between the spin-up and spin-down states

The prevalence of magnetic moments in the spin-up state results in a net equilibrium magnetization
M, (Figure 8.10) in the direction of B, which can be written as My, =Mz and M, = p(N*— N-)/V.

It can be shown mathematically (pNMR Manual, 2011) that an oscillating magnetic field can
be used to rotate the equilibrium longitudinal magnetization M, away from the z-axis so that
precessional motion will take place (Figure 8.11). When the By is applied, the magnetic moment
of each nucleus p exhibits a precession, a type of motion in which the direction of the magnetic
moment rotates around the direction of the external magnetic field B,. This type of motion is
analogous to the wobbling of a top under the influence of a gravitational field. The rotation has a
characteristic angular speed o,, called the Larmor frequency. This parameter is dependent on the
external magnetic field and gyromagnetic ratio according to the following relation:

0, = 7B, 3.7

The Larmor frequency is, in fact, the absorption frequency of a nucleus species under a given exter-
nal magnetic field. If the spin system being studied belongs to that of 'H and B, = 0.47 T (typical for
low-resolution pulsed NMR), then the Larmor frequency is 20 MHz.

Due to the precession achieved by using By tune to a particular frequency, M,, is moved out of its
equilibrium position and makes an angle with the direction of B,. M, can now be viewed as having
two Cartesian components, the transverse M, and the longitudinal magnetization M, defined as

M, = M,&+M,J (8.8)
M, =M.z 8.9)
X-axis
Sample
mm—
(-
BO X B MO
q magnetization
Coil at equilibrium
z-axis
y-axis

Byp will be applied in the x-direction

FIGURE 8.10 Explanation of the direction that the magnetization M, has in relation to the applied B, and
the coil position.
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After Byris applied, M decays by f
precessing around the z-axis B

FIGURE 8.11 Explanation of the decay of the magnetization as it precesses around the z-axis. t; indicates
the advance in time, where at t, some decay had happened until at t, M, is back in its equilibrium position in
the z-direction.

The coil (Figure 8.10) records voltage when there is a change in the transverse M, component. The
signal is independent of M, due to the location of the coil. Since the coil can only detect a signal
along the x—y plane, the premise of the NMR experiment are to make M, precess around the z-axis
in order for the signal to be conveniently detected.

When energy corresponding to AE is supplied to the system, magnetic moments in the spin-
up state transition into the spin-down state in the phenomenon known as nuclear magnetic
resonance. This AE is the energy supplied in the form of a radio frequency by the By pulse.
Introducing energy into the spin system causes a transition from the spin-up state to the spin-
down state. Changes in the ratio of the spin-up states and spin-down states result in changes to
the orientation of the net magnetization vector (the angle 0 it forms with the vector describing the
direction of the magnetic field B), according to 6 = 2nytBgg, where y is the gyromagnetic ratio,
By is the strength of the applied oscillating magnetic field, and 7 is the pulse width, the duration
B was applied.

By can be applied for different durations of time. If By is turned on long enough to bring M,, to
(1) the x—y plane, then it is said that a 90° pulse was applied; but if it brings M, to (2) the negative
z-axis such that M, becomes inverted, then it is said that a 180° pulse was applied. When By is
turned off, the net magnetization vector eventually returns to its equilibrium orientation. This pro-
cess, called relaxation, generates a signal characteristic of the spin system being studied. Typically,
the same coil used to generate By is used to detect the signal that M, generates during relaxation
via electromagnetic induction. The voltage that is induced in the coil is due to variations in the mag-
netic flux, ®, generated by M,, (more precisely, generated by M,) as it precesses to its equilibrium
position. The voltage generated, V, follows Faraday’s law of induction, the basic law of electro-
magnetism where V = —d®/dt. Having the coil x-axis oriented perpendicular to B, maximizes the
change in the magnetic flux, ®, through the coil.

The relaxation of M, to its equilibrium value is called the longifudinal or spin—lattice relaxation
and is associated with the characteristic time called T,. T, is called the spin—lattice relaxation time in
reference to NMR in solids where the constituents of the lattice (nuclei and electrons) provide for the
exchange of energy. To explain what is happening here, one needs to have in mind that the magnitude
of M, is obtained by a population of spins in a higher energy state than the other. As soon as M, is
moved from its equilibrium, these populated states are influenced by the environment, the lattice. The
spins can exchange energy with electrons and other nuclei in the sample resulting in a fast approach to
the equilibrium state.
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The relaxation of the M, component is related to the spread of the Larmor frequencies due to the
proton’s spin moments that are not moving in unison. This is a product of having inhomogeneities
in B, which causes different moments to precess at different rates. The effect of having spins that
“fan out” as they precess is also influenced by random fluctuations of other magnetic fields, like
the dipole field of one proton moving past another. The decay of M, happens at another time scale
compared with M,. The characteristic time for this process is called T,, the spin—spin or transverse
relaxation time.

B. Free INDucTION DECAY

The signal that the coil detects as M, goes back to its original equilibrium state is called the FID
and is associated with the M, component only as this is the only component that can be detected.
This is due to the experimental setup.

For example, the FID after a 90° pulse is a voltage signal that oscillates between positive and
negative values at the Larmor frequency as seen in Figure 8.11 and Figure 8.12a. The oscillations
diminish over time, indicating that M, is getting smaller while M, grows until the initial value of
M, is reached, at which point M, = 0. It is to note that the FID comes only from the transverse
magnetization, M,. The envelope of the FID is typically reported as an exponential decay curve
characteristic of the relaxation process (Figure 8.12b).

The FID is in the time domain and, as mentioned before, due to the position of the coil, only M,
is recorded, which is often modeled by an exponential

M, (t) = M;e V™ (8.10)

where Tj is the transverse relaxation time.
Typically, T, is modeled as

b (8.11)
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FIGURE 8.12 Nuclear magnetic resonance (NMR) signal showing the free induction decay (FID) obtained
as M, relaxes (a) NMR signal showing the FID envelope (b).
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where
T, describes the relaxation of the transverse components M,
T, describes the loss of phase coherence due to field inhomogeneities

1/T,; = yYAB,, which is equal to a spread in Larmor frequencies Aw, due to field inhomogeneities
which would cause spin—spin dephasing with a characteristic time of T, ;. Other formulations of T,
include a third diffusion term, which characterizes the loss of phase coherence due to diffusion.
Diffusion is only a concern when the time scales of the experiment are long enough to allow diffu-
sion to occur.

The following two sections explain how the transverse magnetization and the longitudinal mag-
netization are originated and how the relaxation time for each of them can be measured. This is not
a trivial exercise due to how the instrument carries out the measurement.

C. INVERSION Recovery: T,

Recall that the transverse T, relaxation time is not measured by the coil as it lays in the z-direction
where the coil does not measure. To overcome this, a sequence of pulses is applied in order to
obtain T,. If the initial perturbed longitudinal magnetization is taken as M;, M, (t) would be the
exponential

M, (1) = M +(M; - M, )e™" (8.12)

The sequence of pulses uses first a 180° pulse in order to invert the longitudinal magnetization equi-
librium value M, so that it ends up pointing in the negative z-axis: M, = —M,,. Over time, M, will
change values going from —M, to 0 to M,,. This way of inversion does not generate a signal on the
x—y plane, which means that the coil does not pick up any signal, as there is no transverse magneti-
zation to produce an FID. To observe the changing M, (t), which is assumed to follow an exponential
decay, the magnetization needs to be made to precess around the z-axis. This is achieved by apply-
ing a second pulse, this time a 90° pulse, at a desired observation time. The FID will decay with
the T, time constant, but the initial amplitude of the signal will be proportional or almost equal to
M,. Typically, the value of T, is obtained after making measurements at different observation times
tau or t, called inversion time.
This inversion recovery involves the following steps:

tg —180° pulse —t—90° pulse —FID detection (8.13)

t, is the time needed for recovering the system to its original M, value. t, is used for multiple FID
detections. The inversion time T can be set between 0.04 and 100 ps. At least two measurements
need to be made with different inversion times in order to have sufficient equations to solve for the
many unknowns (M, T ).

When two different values of T are used, two amplitudes M, and M, can be obtained. Since
relaxation is a first-order process, the decay from M, or M, is governed by the same characteristic
time T,. Experiments have shown that the value of T should be >5 x T, in order for the system to
completely recover.

D. SeiN EcHoO: T,

The spin echo technique is used to obtain the T,, the spin—spin relaxation time. The spin echo
is a phenomenon that cancels the effect of field inhomogeneities and makes measurements of T,
possible. There are different methods to measure this time constant.



236 Food Lipids: Chemistry, Nutrition, and Biotechnology

t=0; after 90° pulse

(©) t<2t

FIGURE 8.13 Hahn spin-echo sequence where the z-axis is coming towards the reader. (a) a 90° pulse
rotates M, from the z-axis towards the xy plane. (b) de-phasing of M, starts to take place (c) after a 180°
pulse is applied, the frequencies are inverted 180 degrees and rotate in the opposite direction from which they
started (d) the direction of M, is now opposite from (a) and it’s magnitude smaller. This is the echo.

The simple case is called Hahn spin-echo sequence. Where the sequence of event is

90, — FID detection — t — 180, —t — FID detection (8.14)

After the 90° pulse is applied, the transverse magnetization M, appears on the x—y plane (Figure 8.13a).
The protons start to precess and the de-phasing of the spins moment starts to take place (Figure 8.13b)
where the proton moving with a frequency ®, is ahead of the one with frequency .

After time t = T, which is in the order of ms, a 180° pulse is applied with the effect that the pro-
tons on the x—y planes are now moving in a different order. The proton with frequency o, is ahead
of the one with frequency ,. This is to say that the protons that were slow before 180° pulse are now
ahead of the previous fast ones (Figure 8.13c). The time duration of the 180° pulse is short (of the
order of ps) as compared to the time T and hence can be neglected but is important when designing
the experimental apparatus and when choosing 7. Recall that the same coil is used to generate the
pulse and to collect the FID, so a dead time is always present when the electronic is reset.

After the 180° pulse, the protons continue to precess clockwise for another time interval t, after
which the protons are all in phase again. At this time, the magnetization M, has been regenerated
(Figure 8.13d) and the echo takes place. As no pulse is introduced at this time, the coil can be col-
lecting data with no interruptions.

Figure 8.14 shows the NMR signal detected by the coil under the Hahn spin-echo sequence.

Problems can appear when using a large t value. For example, the position of the protons before
the 180° pulse could be misaligned due to molecular diffusion and a loss of coherent could be the
result when trying to regenerate M,. To compensate for this, a longer sequence of pulses is used.

The Carr—Purcell-Meiboom—Gill (CPMG) spin-echo sequence is used to compensate for the
deviations in the time decay associated with the deviation from the required Larmor frequency as
well as problems associated with the duration of the By Not using the optimal value for the By
pulse can lead to rotations of the individual magnetic moments in less than or greater than the time
expected, making the timing of the 180° pulse incorrect. This sequence is as follows:

tg =90, — (1180, — t — FID detection), (8.13)

where the sequence t— 180; — 1 is applied n numbers of times and the amplitude of the echo is used
to generate a T, decay.
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FIGURE 8.14 FIDs obtained after the 90° and the 180° pulse are applied in the Hahn spin-echo sequence.
T =10 ms. (Adapted from Schicker, R., F61/F62, Manual 2.0: Nuclear Magnetic Resonance, Advanced Physics,
Laboratory Experiment, Physics Institute, Heidelberg University, Heidelberg, Germany, 2010.)

The CPMG starts with a 90° pulse to generate a transverse magnetization M.. When a certain
time 7 elapses, a 180° pulse is applied. At time t = 27, the system will be phase coherent and the
echo appears as explained before. As M, continues decaying, the systems lose their coherence and a
second 180° pulse is applied, at time t = 3t. This causes the system to be again in a coherent phase
at time t = 4t. This pattern of phase coherence at even multiples of T and generation of 180° pulses
at odd multiples repeat to large times as shown in Figure 8.15.

This way of working with spin echoes makes use only of the FID amplitude at the “echo” point.
The number of echoes recorded needs to be large enough to generate a line, which resembles a
decay. This is the T, decay signal (Figure 8.15b) and is not the FID envelope as before, but rather a
collection of individual points that represents the magnitude of the M, component measured at the
time defined as “echo.”

In many experiments, the data are not sampled at each echo, but rather a “dummy echo” is used
where no sampling point is collected. The use of an odd number of dummy echoes (e.g., 1, 3, 5, ...)
in the minispec causes the program to sample at every, for example, second, fourth, and sixth echo.
As only a limited number of data points can be acquired, this provides a way of extending the time
scale to ensure the entire relaxation event is recorded.

E. THE MINISPEC BRUKER INSTRUMENT

The focus of this discussion is on the benchtop NMR instruments with the Bruker Minispec MQ20
being used as an example. This instrument operates with a B, of 0.47 T such that the proton Larmor
frequency is 20 MHz. In the work of the authors, this instrument has been extensively used to mea-
sure (1) the SFC and (2) T, relaxation times of fats.

The magnet that generates B, is strictly kept at 40.0°C to avoid variations in the external magnetic
field. A calibration ensures that day-to-day variations in the external magnetic field are kept to a
minimum. In practice, the instrument requires a calibration every 24 hours. This calibration routine
requires three standard polymer solutions that correspond to certified SFC values. It is during this cali-
bration that the correction factor (F) and digital offset factor (D) are calculated (see the following text).

In order to avoid heat transfer from the probe head chamber to the sample tube, the measurement
is usually performed with four scans, resulting in a total measurement time of 6 seconds. As with
any reference technique where a calibration is required, the analytical results will only be as good as
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FIGURE 8.15 (a) NMR signal obtained with the Carr—Purcell-Meiboom-Gill (CPMG) sequence for
7 = 10 ms showing the pulses application as well as when the echoes appear. (Adapted from Schicker, R., F61/
F62, Manual 2.0: Nuclear Magnetic Resonance, Advanced Physics, Laboratory Experiment, Physics Institute,
Heidelberg University, Heidelberg, Germany, 2010.) (b) Typical representation of the NMR signal, showing
the FID envelope of each M, decay between echoes, shown in an exaggerated way, as the pulse is in the order
of us, while the separation between pulses is in ms. Also shown in (b) is the T, decay envelope to be fit-
ted. Each point in this envelope comes from the largest M, amplitude detected at each echo. Notice that the
real T, corresponds to the first FID, right after the 90° pulse.

the calibration they are obtained from. Using up-to-date standards is of prime importance. Another
aspect is to understand the “error limits” inherent to the technique. For example, an accuracy of
+0.1% cannot be obtained with a standard for which the value is known to be +0.5%. Due to the
low number of scans set in the SFC measurement, a measurement error of +£0.5% solid fat (absolute)
is worldwide accepted.

As soon as the NMR sample tube is inserted into the minispec chamber, the permanent mag-
netic field B, generated by the two large magnets shown in Figure 8.16, quantizes the energy levels
accessible to the magnetic dipole moments of all NMR-active nuclei. Notice that B, is generated
between the two magnets and points horizontally. By is generated perpendicular to B, since the coil
wraps around the sample holder chamber.

F. Souip FAT CONTENT

1. Direct Method

To obtain SFC using the direct method as given by the American Oil Chemists’ Society’s official
methods (AOCS Cd 16b-93), a 90° By pulse is applied to the fat under study for ~3 us (van Putte
and can den Ende, 1974). The system is allowed to relax and the FID is recorded. The envelope of
the FID is taken and particular points from the envelope are used to compute the SFC. Usually,
four SFCs are determined from four collected FIDs. The reported SFC is obtained as an average
of the four. The delay between successive scans is called the “recycle delay time” and needs to be
5-10 times longer than the longest T, expected in the system to ensure the net magnetization vector
is in the equilibrium position.
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()

FIGURE 8.16 Minispec sample holder chamber. The two magnets with the numbers 70 generate B, (a, ¢). By
is generated by the coil that surrounds the sample as seen from the top view in (a) and displayed on (b).

To calculate the SFC, two points on the envelope are taken: (1) S, , the signal intensity 11 ps
after the receiver was turned on, and (2) S, the signal intensity 70 ps after the receiver was turned
on. The signal intensity obtained at 11 ps corresponds to the total amount of all relaxing protons,
those in the solid and liquid state, while the signal intensity at 70 ps corresponds to those protons in
the liquid state, assuming the protons in the solid state had already relaxed. The solid/liquid ratio
is calculated as

(Sses =SL) F
SL +(Sss. —=SL) F+D

SFC =

(8.16)

where
F is an empirical correction factor (established during calibration) to account for the receiver
dead time. This correction factor is dependent on the T, value for the proton in the solid fat
(van Putte, 1995)
D is the digital offset factor (also established during calibration)

Figure 8.17 shows that the envelope of the FID for a fat is the sum of two decay curves.

2. Indirect Method

The American Oil Chemists’ Society’s official methods (AOCS Cd 16-81) is used in this case.
To obtain the SFC indirectly, only the signal intensity corresponding to the liquid protons (S;) is
utilized. This value is the one measured after 70 us from the time that the RF pulse ceased. Seventy
microseconds was chosen by Bruker as a compromise between the T, value and the B, inhomogene-
ities. Only ~0.1% of the initial signal has decayed in 70 pus without interferences from the inhomoge-
neities that manifest in the order of ms (Van Putte, 1995). SFC is calculated by comparing the signal
of a completely melted sample with the signal of the same material after subjecting the sample to
a tempering protocol (as described in the AOCS method) to achieve solidification. The tempering
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FIGURE 8.17 NMR envelope of FID used for the solid fat content determination. Notice the time at which
S, and Sg g are measured.

protocol guarantees that all samples are treated the same way. To account for the effect that the tem-
perature might have, the method requires measuring a known standard oil that is completely liquid
at both temperatures of interest. The indirect method is more accurate as the instrument offset is
removed by using the oil measurement. The equation to use for this case is

(8.17)

%SFC =100 | Olleo_Sampler 1,
Sampleg, Oily

Subscript indicates the temperature at which the FID is obtained, either at 60°C (subscript 60) or
the desired temperature T. The user needs to compute the %SFC using Equation 8.18 once the four
numbers are measured. This calculation is based on the assumption that both the standard oil and
the sample are completely liquid at 60°C and that the standard is completely liquid at the final mea-
surement temperature. Although these assumptions are probably justified in many cases, they may
not always be correct, particularly when making measurements at low temperatures. In the case of
fats that melt above 60°C, the official method gives no provisions, but common sense indicates that
the sample and oil temperature at which the reference measurement is performed (Oilg,, Sample,)
needs to be adjusted accordingly.

G. SampLE CONDITION AND AMOUNT

Details about sample conditioning for the direct or indirect method can be found in either the AOCS
or the International Union of Pure and Applied Chemistry (IUPAC) methods. Slight variations in
the sample conditioning are necessary when one is dealing with fat materials that require tempering.

The amount of sample introduced in the NMR tube and the position of the tube in the measur-
ing cell are very important, especially when working with relaxation measurements. A sample
that is not properly located within the coil will give an erroneous result. See the Bruker Minispec
Relaxation Time Manual for exact positioning of the sample (Bruker, 1989).

Care must be taken to center the sample properly within the coil, having in mind that the coil
is 1.5 cm in height. The user should check with the manufacturer where the center of the coil is in
relation to either the bottom or top of the measuring cell.

Depending on the scope of the experiment, an already crystallized fat or a melted one might need
to be deposited inside the NMR tube. Introducing a crystallized fat into the bottom of an NMR tube
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is not easy, if not impossible. Different strategies have been used, such as filling up another reservoir
that gets dropped into the NMR tube. The back of a glass pipette, a clear glass shell vial, and a short
Teflon tube have been successfully used for this purpose. Bruker commercializes small vials with
plastic lids, 3 cm in height that easily slide inside the standard glass NMR tubes.

Once the fat is inside the NMR tube and properly positioned in the Bruker measurement cell,
specific protocols must be followed before an NMR measurement is performed. The protocol
depends on the type of fat under study and the kind of experiment to be performed. The measuring
cell in the NMR must stay dry and clean while performing the measurement. Care must be taken
to dry the NMR tubes if they were kept in a water bath to prevent hardware damage. Also, rubber
or plastic stoppers are recommended to prevent the entry of water, dust, or any other liquid into the
NMR tube.

H. SFC MEASUREMENT: APPLICATION

SFEC of fats is usually measured as a function of temperature or as a function of time. Examples
of each are shown in Figure 8.18. These figures show the SFC for mixtures of fully hydrogenated
soybean oil (FHSO) in soybean oil (SO). Figure 8.18a shows the melting profile of the samples dis-
played as SFC versus temperature. Samples were conditioned according to the AOCS Cd 16b-93
method. A glass disposable vial insert was used. It was estimated that the extra glass layer intro-
duced by the vial contributes to an additional 0.5%—1.5% to the SFC, which was not corrected for.
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FIGURE 8.18 (a) Melting profile of four samples made with different ratios of FHSO:SO shown as the solid
fat content (SFC) as a function of temperature. (b) Crystallization profile of four samples made with different
ratios of FHSO:SO shown as the SFC as a function of time.
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Figure 8.18b shows the crystallization profile of the SFC as a function of time. Samples inside
the vial inserted in the NMR tubes were melted at 80°C for 15 minutes and transported to a water
bath kept at 30°C. SFC was measured every 30 seconds for about 6 minutes and a final measurement
was taken after 20 minutes.

A kinetic theory of phase changes was developed by Avrami (1939, 1940, 1941). This theory
has been modified for fats and the volume converted to solid fat content (Marangoni and Wesdorp,
2012). The crystallization data are typically analyzed using the Avrami model of crystal growth,
which includes terms describing the crystal growth rate as well as the growth mechanism:

SFCO) _, v
SFCos

(8.18)

where
SFC(t) is the solid fat content at time t
SFC,,., is the maximum solid fat content
k is the Avrami constant (units of t™) and is the growth rate constant
n is the Avrami exponent (dimensionless), which defines the crystal growth mechanism

It is important to note here that this is an isothermal treatment. Table 8.4 explains the possible values
of n and their significance.

Using Equation 8.18, values for k and n of the samples shown in Figure 8.18b are displayed in
Table 8.5.

A parameter that can be calculated using k and n is the half-time (t,,,) of crystallization

1/n
In2
t]/2 = (kj (819)

According to Avrami’s interpretation of the exponent n, 40%, 80%, and 100% FHSO in SO
displayed rodlike growth formed nuclei that were instantaneously formed (Table 8.5). The nucle-
ation for the 20% FHSO sample could be 1D sporadic or 2D instantaneous. The k values indicate
that the sample made with 20% FHSO had the slowest crystallization rate, while the half-time
crystallization shows that the sample with only 20% had crystallized half of its material in the
longest time.

TABLE 8.4

Explanation of the Avrami Exponent n

Avrami Exponent (n) Various Types of Growth and Nucleation
1+0=1 1D growth from instantaneous nuclei
1+1=2 1D growth from sporadic nuclei
24+0=2 2D growth from instantaneous nuclei
2+1=3 2D growth from sporadic nuclei
3+0=3 3D growth from instantaneous nuclei
3+1=4 3D growth form sporadic nuclei

Source: Adapted from Sharples, A., Introduction to Polymer Crystallization,
Edward Arnold Ltd., London, U.K., 1966, pp. 44-59.
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TABLE 8.5

Avrami Parameters, n, k, and t,,, Obtained
Fitting the Avrami Equation to the Data
from the Samples Displayed in Figure 8.17

Parameter 20% 40% 80% 100%
k 0.4 0.8 0.6 0.7
n 2.0 1.2 0.9 1.1
tin 1.3 0.9 1.2 0.9

I. T, RELAXATION FOR PEANUT O1L WiTH 1% CANDELILLA WAX

The CPMG sequence (Section II1.D) was used to obtain the T, relaxation time in a sample made
with a commercial peanut oil and 1% candelilla wax. The t2-cp-mb application from Bruker was
used, which is the CPMG sequence. “Instrument settings” were acquired with a similar sample to
the one to study in order to set the gain and the 90° and 180° pulse correctly. Instrument settings
is an application in the software that is used for calibration when dealing with T, measurements.

Once the t2-cp-mb application is run, the T, decay signal is collected and is ready for analysis (as
explained in Section II1.D). This T, decay signal is the sum of exponential decays given by the differ-
ent environments in which the protons are found. In order to obtain the decay rate of each exponential,
Bruker provides their own software, namely, CONTIN (Provencher, 1982). It carries out an inverse
Laplace transform of the T, decay signal to extract the desired information. Notice that CONTIN (ppt,
2001) does not work on the FID but rather on the T, decay signal as explained in Section II1.D.

The Laplace transform is typically used for transient signal analysis while the Fourier transform
is used for steady-state signal analysis. The inverse Laplace transform takes a function of a complex
variable s (often frequency) and yields a function of a real variable t (time).

Both the Laplace and Fourier transforms can be viewed as a continuous summation of a power series of
a complex exponential, which are represented with an integral, rather than a sum. The limits of integration
for the Laplace integral are 0 and infinity (co), while for the Fourier integral the limits are —co and +oo.

The Laplace equation for a function f(t) is given by

F(s) = je“f(t)ét (8.20)
0

where t is time to indicate that f(t) is in the time domain, while the variable s is in, for example,
the frequency domain. An inverse Laplace transform will be an equation in which {(t) is represented
as an integral of F(s).

The CONTIN software uses the T, decay signal. The s value is now R = 1/T,, the decay rate
constant. CONTIN models the decay as a sum of exponential decays

S(t) :Z:Ai "R (8.21)
or in an integral form as
S(t) = J-f(R)e"RdR (8.22)
0

where CONTIN defines (R) = «(R)R. a(R) is described as the fraction of nuclei relaxing with a rate
constant between R and R + dR.
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FIGURE 8.19 T, valuesobtained after using CONTIN on a T, decay signal of peanut oil with 1% candelilla.
The T, decay signal was obtained using a CPMG sequence.

In order to find (R), an inverse Laplace transform must be applied.

CONTIN uses the Laplace principle of transforming from one variable to another. Instead of
making a transformation from the time domain to the frequency domain, CONTIN transforms
from the time domain to the rate constant domain. The result of a CONTIN calculation is a series
of peaks, each at one time constant. Each peak is a distribution of the T, values that could give
rise to the decay. The T, associated with the maximum height, h;, of the Gaussian peak is the
most likely value to be used as the time constant T, for each decay or species of protons present
in the sample. Narrow peaks indicate more accuracy in the obtained T, value. The amplitude A;
in Equation 8.21 is proportional to the peak area divided by the time constant T,, (CONTIN ppt,
2001) and given by

A, =h, 2P (8.23)
T,

The FWHM of the peak is the standard deviation of the T, value. Figure 8.19 shows the results after
applying CONTIN to T, decay signal of peanut oil with candelilla wax.

The two peaks in Figure 8.19 indicate that there are two proton species, one which is less
mobile than the other. The peak that gives T, ~ 44 ms is probably due to the protons in the candel-
illa material, which remains solid at room temperature (~22°C); hence, its protons are less mobile.
T, ~ 134 ms might correspond to the protons belonging to the liquid peanut oil molecules, which
are more mobile.

IV. CALORIMETRY

A. PRINCIPLES OF THE TECHNIQUE

Calorimetry, broadly defined, is the study of the transfer of energy to and from a system in the form
of heat. The melting of a fat is an endothermic event, wherein the fat sample absorbs energy from
the environment in the form of heat, while crystallization is an exothermic process, one in which
heat is given off. One of the techniques used to study fats is called differential scanning calorimetry.
This technique measures the change in the difference in heat flow (hence differential) between two
materials as a function of a time—temperature program (hence scanning). The two materials include
the sample material being studied and a reference, which is usually air. One instrument to carry out
calorimetric measurements is called differential scanning calorimeter (DSC). DSCs are separated
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into two categories: heat-flux DSC and power compensation DSC. These calorimeters differ in the
design and measuring principles, but they have in common that the measured signal is proportional
to the heat flow rate ¢.

B. MeasurING CELL

A DSC apparatus usually consists of the following components: a cell, a cell controller, an exter-
nal cooling system, and a purge system. The cell is the heart of the instrument and is where all of
the calorimetry is performed. The cell contains furnaces, which heat up the sample and reference
pans as well as thermocouples to measure the temperature of the sample and reference pans. An
external cooling system provides cooling capacity, while the purge system purges the cell using an
inert gas (such as N,) in order to prevent water condensation or frost formation during the course of
an experiment as well as maintain a clean environment. Over the course of a DSC experiment, the
sample and reference pans are heated or cooled at a predetermined rate and are thus maintained at
identical temperatures.

Pans can be made from materials such as gold, copper, aluminum, graphite, and platinum
or alodine-aluminum (TA Instrument, 2001). The pans are closed with lids that can either be
hermetic (i.e., provide a complete seal) or be perforated to allow the release of built-up pressure,
usually from the evaporation of water at temperatures greater than 100°C. Fat samples have been
successfully analyzed using either aluminum pans or alodine-aluminum pans containing no
more than 10 mg of sample that are hermetically sealed before the study is carried out.

C. DSC INSTRUMENTS

There are two general types of DSC instruments: the heat-flux DSC and the power-compensation
DSC or heat flow DSC. Most instruments in use today are of the heat-flux variety. However, a
brief discussion of power-compensation instruments is included. In a power-compensation (or
double-furnace) DSC, the sample and the reference pans are mounted on two identical but inde-
pendent/separate furnaces housed inside a thermostated chamber. A control circuit increases or
decreases the amount of heat supplied by these furnaces. A reduction in the supplied heat allows
the temperature to remain unchanged or to decrease when an endothermic reaction is taking
place. When a phase transition, such as melting of a fat, occurs over the course of the time—tem-
perature program, a temperature difference between the sample and the reference is developed.
As melting is an endothermic process, an amount of heat equivalent to the transition enthalpy
(the “latent” heat of melting) must be absorbed in order for the transition to take place. While this
transition is taking place, the sample temperature remains constant and as such, a temperature
differential, relative to the reference, is developed. Likewise, when the fat is crystallizing, addi-
tional heat energy is given off, resulting in an increase of the sample temperature, relative to the
reference material.

The temperature difference is measured as the difference between the temperatures of the
sample and reference pans as measured by the independent sensors. In a power-compensation
DSC, the temperature difference is the measurement signal as well as the input of a second
control circuit. The second control circuit compensates for the additional heat being absorbed or
liberated by either increasing or reducing, respectively, the heating power supplied to the sample
furnace. The sample temperature is thus adjusted (by increasing or decreasing the heat supplied
by the furnace to the sample pan) such that its temperature is maintained identical to that of the
reference.

In a heat-flux DSC, both the sample and reference pans are mounted on raised thermoelectric
platforms on a low-resistance thermoelectric disk (Figure 8.20) using only one furnace for both pans.
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FIGURE 8.20 The constantan sensor showing the two platforms located on the silver base at the bottom
of the cell enclosure, holding both the reference and the sample pans. The three detector wires used in the
calorimeter are also shown. (From Peyronel, F. et al., Methods used in the study of the physical properties of
fats, in: Marangoni, A.G. (ed.), Structure-Function Analysis of Edible Fats, AOCS Press, Urbana, IL, 2012,
pp. 231-294.)

On these raised platforms are mounted thermocouples (detectors in Figure 8.20) that measure the
temperature of the sample and reference pans. As the temperature of the DSC cell changes, heat is
transferred from the silver base of the sensor body to the pans. A third set of sensors measures the
temperature of the sensor base. The thermoelectric disk, typically made of constantan, is attached
to a resistive heating block, typically made of silver. The thermoelectric disk, having high thermal
conductivity, ensures that the sample and reference pans are in adequate thermal contact with each
other. This is necessary as excess or required heat that must be removed or supplied during an
exothermic or endothermic event is done so between the sample and reference pans. A temperature
difference between the two pans will result in heat flowing to the sample pan through the constantan
disk such that both pans are maintained at identical temperatures.

Interested readers can find more details about the different DSCs in the book Differential
Scanning Calorimetry (Hohne et al., 2003).

D. Heat FLow

As it was mentioned, the magnitude of this heat flow is proportional to the temperature difference
between the sample and the reference. The temperature differential is the primary signal of interest
and is used to calculate the “measured” differential heat flow rate @ according to the following
equation:

d,, =-k'-AT (8.24)
where

-k’ is a factory-installed calibration
AT is the measured temperature difference
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In reality, this temperature difference is a voltage difference due to the use of thermocou-
ple sensors in determining the temperature. The heat flow rate depends on the differential
heat capacity between the sample pan and the empty reference pan as well as the heating
rate. The measured heat flow is composed of three heat flow rates as shown in Equation 8.18
(Danley, 2001, 2003):

D,,(T,t) = Oy (T) + D, (T) + O (T,1) (8.25)

where
@, is the heat flow rate due to the temperature difference between the sample and the reference
@, is the heat flow rate due to the heat capacity difference between the sample and the
reference
@, is the heat flow rate arising compensations for exothermic and endothermic events

The first and second terms define the baseline while the third term results in the appearance of
peaks, which are displayed in the thermogram. In the absence of any exothermic or endothermic
phenomena, the difference between the heat flow rate through the sample and reference form the
baseline of the thermogram. A change in the difference between the baseline signals (due to a
phase transition or the evolution of heat energy from a chemical reaction) leads to the appearance
of a peak, the position of which describes the temperature at which the phenomena takes while
the magnitude of this peak describes the extent of the phenomena. The area under the peak can be
integrated to determine transition properties such as the enthalpy of the transition. In the study of
fat materials, the melting/crystallization temperatures, as well as enthalpies, can be determined in
this manner.

A DSC trace arising from an endothermic event is called an endotherm while such a DSC trace
arising from an exothermic event is called an exotherm. Typical thermograms display the heat flow
difference on the y-axis, while the temperature or time is plotted on the x-axis. According to the
International Confederation of Thermal Analysis and Calorimetry (ICTAC, 2014), the directions
in which the exotherms and endotherms in a thermogram must point will depend on the type of
DSC instrument used to obtain the thermogram. In a power-compensation DSC, an exotherm is
registered as a negative signal (a dip/trough) as the instrument must reduce the power supplied to
the furnace to minimize the temperature difference between the sample and reference pans. Similar
logic explains why an endotherm obtained using a power-compensation DSC is registered as a posi-
tive signal (a spike/crest). The convention for a power-compensation DSC is thus notated as endo”,
to indicate the endotherm points in the upward direction. In a heat-flux DSC, the ICTAC convention
states that an exothermic process (such as crystallization) is registered as a positive signal (a spike/
crest), while an endothermic process is registered as a negative signal (a dip/trough). The convention
for a heat-flux DSC is therefore notated as exo”. Modern thermal analysis software allows the user
to choose the direction each signal points to, however, the convention for a heat-flux DSC will be
used throughout this section.

Parameters commonly obtained from DSC thermograms of fats include the peak crystallization
temperature T, the peak melting temperature T, the onset crystallization temperatures T,
the onset melting temperature T, the crystallization enthalpy AH., and the melting enthalpy
AH,, (Figure 8.21). Peaks in the melting endotherm may also arise from solid—solid polymorphic
transformations.

The peak temperatures at which the thermogram displays the highest or lowest rate of heat flow
are the temperatures at which at least half of the lipid species have gone through the respective
phase transition. Associated with these peaks are onset temperatures (T, or Ty), defined as the
temperature at which the observed transition first takes place. The onset is observed as a deviation
from the baseline and is usually determined as the temperature at which a line tangent to the peak
of interest intersects the baseline.
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FIGURE 8.21 Schematic diagram of a thermogram, plotting heat flow as a function of temperature, showing
the parameters typically measured for fats. (From Peyronel, F. et al., Methods used in the study of the physi-
cal properties of fats, in: Marangoni, A.G. (ed.), Structure-Function Analysis of Edible Fats, AOCS Press,
Urbana, IL, 2012, pp. 231-294.)

The area under the peak corresponds to the enthalpy of the phase transition AH. The enthalpy
of a system is equal to the energy transferred to the system as heat, only if the system is under
constant pressure and when the only work done on the system is due to an expansion caused by
heating alone. Under these circumstances, the enthalpy is equal to the heat, Q, supplied by the
system so that AH = Q. The units are typically Joules (J) or J/g when specific enthalpy is reported.

E. MEASURING THE THERMAL PROPERTIES OF FATS

The two phase transitions often studied in fats using a DSC include crystallization and melting.
The melting properties of a crystallized fat are investigated by heating the sample inside a DSC
pan at a controlled rate until the fat is completely melted. The thermal history of the sample will
influence the melting profile. These include the crystallization conditions of the fat, the storage
temperature, and the storage time. These variables, together with the heating rate, will affect
the characteristics of the melting endotherm. In the routine analysis of a fat using DSC, a fat is
typically crystallized according to a set time—temperature prior to determining its melting endo-
therm. To crystallize the fat, the fat is typically melted completely to erase the so-called crystal
memory, which is the result of existing fat crystals acting as a nucleation template for crystalliz-
ing triglycerides.

An example of a simple crystallization/melting procedure for fats is given in Table 8.6. This
procedure first examines the melting transitions of a fat that is crystallized and prepared outside
of a DSC. Note that the insertion temperature is 10°C. This is to prevent any melting of the sample
before analysis. After melting the fat completely at 80°C, the sample is crystallized under controlled
conditions (non-isothermal crystallization to 10°C at a rate of 5°C/min) in the DSC to characterize
the crystallization behavior of the fat under these conditions. The experiment ends after this step.
Additional steps to measure the melting properties of the fat crystallized under the conditions men-
tioned earlier can also be introduced. This illustrates the utility and versatility of the DSC apparatus
to crystallize fats according to a defined set of crystallization conditions and then studying the melt-
ing properties afterward.
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TABLE 8.6
Example of a Protocol to Study the Melting Behavior
Step Software Instruction Action
Initial temperature 10°C The cell is brought to 10°C, after which the sample pan is introduced into the cell.
2 Ramp 5°C/min to 80°C The temperature is increased from 10°C (temperature at the previous step) to a
final temperature of 80°C at a rate of 5°C/min.
3 Isothermal for 15 minutes ~ The temperature is maintained at 80°C for 15 minutes.
Ramp 5°C/min to 10°C The temperature is decreased from 80°C to a final temperature of 10°C at a rate of
5°C/min.
5 Isothermal for 15 minutes  The temperature is maintained at 10°C for 15 minutes. This is to ensure complete
crystallization.
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FIGURE 8.22 Melting and crystallization profile of FHSO obtained at three different ramps: 1°C/min,
5°C/min, and 10°C/min. (From Peyronel, F. et al., Methods used in the study of the physical properties of
fats, in: Marangoni, A.G. (ed.), Structure-Function Analysis of Edible Fats, AOCS Press, Urbana, IL, 2012,
pp. 231-294.)

F. RATE OF MELTING/CRYSTALLIZATION

An important consideration in the operation of a DSC instrument is the melting or crystallization
rate. Figure 8.22 shows that the peak melting and crystallization temperatures change when the
heating/cooling rate is changed. The higher the heating rate, the higher the peak melting tempera-
ture. Some workers prefer to use the onset temperature instead of the peak temperatures as these are
not affected by the heating/cooling rate. Simulations of melting behavior (Hohne et al., 2003) have
indeed shown that the onset temperatures are relatively independent of experimental parameters.

There are reports (Cassel) that an error of about 1°C-2°C in the position of the crystallization
peak is typically incurred, compared to the position of the melting peak (Menczel, 1997; Menczel
and Leslie, 1990). This can be avoided by performing a multiple rate calibration. It is important to
understand that the maximum of the peak is not necessarily the melting point of the material, that
is, the material is not completely melted at the peak temperature. The sample is completely melted
only when the baseline is reached again, that is, the endset melting temperature.

G. PoLYMORPHIC TRANSFORMATION

Recrystallization can occur when a fat undergoes a polymorphic transformation with increasing
temperatures. It is manifested as three consecutives peaks: an endotherm, followed by an exotherm,
followed immediately by a second endotherm. The exothermic peak indicates recrystallization,
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FIGURE 8.23 Melting of FHSO showing a polymorphic transformation. (From Peyronel, F. et al., Methods
used in the study of the physical properties of fats, in: Marangoni, A.G. (ed.), Structure-Function Analysis of
Edible Fats, AOCS Press, Urbana, IL, 2012, pp. 231-294.)

typically due to the formation of a new crystal. For example, the first endothermic peak can indicate
the melting of a metastable crystalline form, like the a form. This is only an educated guess, as
the polymorph can only be definitively established by x-ray diffraction. After the melting of this a
form, the fat recrystallizes into a higher-melting polymorph, such as the p’ form, as evidenced by the
exothermic peak. As the temperature continues to increase, this ' form is melted, as evidenced by
the second endothermic peak. The fact that a second endotherm was observed does not imply that
this particular polymorph was not initially present.

The presence of two endotherms could also indicate the melting of two different triglyceride
species. However, a polymorphic transformation is more likely to be the case when an exotherm is
observed between the two endotherms. Figure 8.23 illustrates a typical thermogram for a polymor-
phic transformation.

V. RHEOLOGY

Rheology is the study of the deformation of materials. Central to the study of rheology is the appli-
cation of a force on a material and the resulting response (deformation) to the applied force. The
force may be applied in different modes, that is, compressive, elongative, or shearing. The applied
force is typically normalized per unit area (stress) over which the force is applied while the resulting
deformation is likewise normalized over the characteristic dimension(s) over which the deforma-
tion develops. As such, stress typically has units of pressure (Pascals) while strains are typically
dimensionless and are expressed as a percentage. Edible fats exhibit a wide variety of rheological
behaviors. In general, fats behave either as plastic solids or as viscoelastic materials. Both classes of
materials can be discussed as iterations of more simple materials such as ideal solids and Newtonian
(or non-Newtonian) fluids. Such complex rheological behavior is not surprising in a semicrystalline
material such as edible fat, which consists of both a solid phase (which is presumably elastic) and a
liquid phase (which is presumably fluid).
What follows discusses the emperical application of rheology for the study of edible fats.

A. ELASTIC MATERIAL OR IDEAL SoLID

A material that exhibits ideal elastic behavior is referred to as a Hookean solid. An ideal solid can be
visualized as a spring that is fully elastic as given by Hooke’s law: F = kAL, where F is an applied
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force, AL is the resulting elongation, and k is a constant of proportionality. An ideal solid is one that
stores all of the energy of deformation. This energy is released upon removal of the applied stress.
The proportionality constant between the deformation and the force is given by the relation

Stress = Elastic modulus * Strain

Most elastic materials obey Hooke’s law only at small deformations. For an isotropic and homo-
geneous solid, there are three major types of deformation that are important: simple shear, simple
compression (or elongation), and bulk compression. Depending on what stress is applied and how
the strain is measured, different moduli can be determined.

The tendency of a sample to be deformed is a measure of its elastic modulus, which is defined as
the slope of its strain—stress curve in the linear (elastic) region.

For example, when the shear stress 7 is applied, the shear strain y and the shear modulus G are
defined:

Gg==1 8.26
v (8.26)

For tensile and compressive stresses, 6, Young’s modulus of elasticity, E, is defined as
E=3 (8.27)

where s is the linear deformation.
The bulk modulus, K, is used when there is a change in the volume of the sample upon the appli-
cation of a 3D stress:

c AP
AVIV,

(8.28)

where
AP is the change in pressure
AV/V, is the relative change in volume of the solid

Under all modes of deformation, a solid can maintain ideal rheological behavior only within a cer-
tain range of deformations, called the elastic region. The upper limit of this region is the so-called
elastic limit. Within this region, the material is elastic, that is, all deformations are fully reversible
when the applied stress is removed with the material recovering its original shape. When the mate-
rial is deformed such that the deformation is above the elastic limit, the material no longer behaves
as an ideal solid and may exhibit irreversible deformation, that is, the material does not fully recover
its original shape upon removal of the stress. When the deformation is great enough, the material
will eventually fail and result in breakage. Solid materials can deform considerably before breakage
or may break shortly after exceeding the elastic limit. This is the distinction between plastic solids
and brittle solids, which will be discussed later in this section.

B. IpeaL Viscous LiQuib orR NEWTONIAN LiQuIDS

Materials that flow and do not have a constant shape are commonly called fluids. Of the three states
of matter, two (gases and liquids) are traditionally considered fluids. A liquid can deform (that is,
it flows) upon the application of an external force. However, fluids, by definition, cannot revert to
an original shape unlike elastic solids. As such, the relation between an applied stress and strain is
meaningless in the discussion of fluids, particularly because a fluid has no shape. More appropriate
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to the discussion of fluid deformation is the rate of deformation (as characterized by a shear strain
rate or, more simply, the shear rate y) rather than the extent of actual deformation. Rheological
characterization of ideal liquids show that it is the shear rate y (rather than the shear strain) that is
proportional to the applied shear stress .

Fluid flow can be envisioned as a stack of “fluid” cards, which may represent streamlines.
The application of a shear stress T on the top card of this stack of cards results in a dislocation
of this top card relative to a fixed bottom card. Due to attractive intermolecular forces between
two adjacent cards, the second card immediately below the top card is also dislocated, albeit
the deformation is retarded due to frictional forces that resist the tendency of the fluid to flow.
The same behavior is likewise repeated between the second card and the third card. Thus, a
deformation gradient is developed between the dislocated top card and the immovable bottom
card. Considering the time over which this deformation process takes place, a velocity gradient
described by the shear rate y is developed between the top card and the bottom card. The shear
rate can be shown to be related to the magnitude of the applied shear stress ¢ according to the
following formulation:

T=1 (8.29)

where 1) is the coefficient of viscosity, a parameter of the fluid that characterizes its resistance to
flow. The shear stress T has units of Pascals (N/m?) while the shear rate has units of reciprocal time
(1/s). As such, viscosity is commonly reported in units of Pa-s.

In an ideal, Newtonian fluid, the coefficient of viscosity 1 is independent of the magnitude of the
shear rate y. Thus, a Newtonian fluid exhibits the same resistance to flow at all values of y. The plot
describing the relation between t and y is therefore linear, with the slope being 1. In non-Newtonian
fluids, 1 is dependent on the value of y. Thus, the resistance to flow in a non-Newtonian fluid varies
with the shear rate. In such cases, the viscosity is often referred to as an apparent viscosity.

Non-Newtonian fluids are generally categorized into (1) shear-thinning fluids, where the appar-
ent viscosity decreases with increasing shear, or (2) shear-thickening fluids, where the apparent
viscosity increases with increasing shear. Shear-thinning fluids are typically called pseudoplastic
fluids. When such shear-thinning behavior is observed to be time dependent, the fluid is called
a thixotropic fluid. Shear-thickening fluids are typically called dilatant fluids. When such shear-
thickening behavior is exhibited over time, the fluid is called a rheopectic fluid.

For these non-Newtonian liquids, the plots describing the relation between t and ¥ are nonlinear
and can be modeled using a power law. Hence, these fluids are sometimes called power-law fluids.
Power-law behavior is commonly found in biopolymer solutions as well as colloidal suspensions.
In liquid oils, such behavior is rarely, if at all, observed and as such, extensive discussion of non-
Newtonian fluids is beyond the scope of this section.

C. No IpeaL SoLips AND LiQuips: PLASTIC MATERIALS

Traditionally, fluids are defined to be either liquid or gaseous materials. However, a solid can also
be treated as a “fluid” when it undergoes irreversible deformation such that recovery of its origi-
nal shape is not possible. In such a case, the solid does not store all of the energy imparted by the
deformation but rather dissipates some of it in the form of viscous flow. Naturally, such a solid is a
nonideal solid and can be more appropriately described using fluid models. An apparent modulus
can be defined for such nonideal solids. The apparent modulus is simply the modulus for the nonlin-
ear region beyond the limit of elasticity. Even though the material can no longer be characterized as
Hookean, it can partially recover its original shape upon removal of the applied stress.

As already discussed, a solid will “flow” when the applied deformation is above the limit of
elasticity. The applied stress necessary to exit the elastic region and induce flow in a solid is called
the yield stress. As such, the yield stress is the minimum amount of stress that needs to be applied
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before a solid can flow. A solid that cannot be deformed extensively in the inelastic region before

breaking is described as brittle. A solid that deforms considerably in the inelastic region prior to

failure is called a plastic material. The strain at which the material fails is called the breaking point.
The flow of a material can be modeled using the Herschel-Bulkley power law:

T=10+K()" (8.30)

where
7T is the applied shear stress
K is the consistency index (which is identical to the apparent viscosity)
v is the shear rate
T, is the yield stress
n is the flow behavior index, which characterizes the ideality of the flow behavior

For Newtonian fluids, T, = 0 and n = 1. Incidentally, the Herschel-Bulkley power law is also well
suited to the description of non-Newtonian fluids. For non-Newtonian fluids, t,=0 and n # 1.

The ideal plastic material is referred to as a Bingham and it needs two equations to define the
rheological properties—one valid for the region below the yield stress and the second one valid for
the region above the yield stress point:

1=Gy fort>r1
(8.31)

-1 =n% for T< 1,

where
G is the shear modulus
1 is the viscosity
T, is the yield stress

In effect, a Bingham plastic behaves like an elastic solid below the yield stress and behaves like a
Newtonian fluid above the yield stress.

A Casson plastic is similar to a Bingham plastic, except that a Casson plastic behaves as a pseu-
doplastic (shear-thinning) fluid above the yield stress. A Casson plastic is well suited for describing
the deformation of fats above the yield stress. The ease of deforming most fats increases as the shear
stress is increased, presumably because the higher rate of deformation results in the destruction of
microstructures that impart hardness to a fat. The Casson model is also typically used in the study
of chocolate rheology.

D. VISCOELASTIC MATERIALS

While plastic materials exhibit elastic behavior below the yield stress and viscous behavior above
the yield stress, a viscoelastic material exhibits both behaviors simultaneously. Recall that as a
shear stress is applied on an ideal solid, it experiences a deformation, storing the energy supplied
during the deformation in the material. Upon removal of the stress, the material recovers its original
shape completely and dissipates the energy stored in the material. When a shear stress is applied
on a Newtonian liquid, the liquid experiences deformation (occurring at a rate described by the
shear rate) which is fully maintained even after the stress is removed. The liquid cannot recover its
original shape since all of the energy introduced into the material is dissipated as heat. A visco-
elastic material is a material that simultaneously behaves as a liquid and as a solid. When a stress
is applied on a viscoelastic material, it can simultaneously store and dissipate the energy supplied.
Viscoelastic materials, having a viscous component, typically exhibit rheological behavior that is
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time dependent. Viscoelastic materials are often characterized using methods where the time scale
of the deformation is an important consideration.

The viscoelastic properties of a fat can be characterized using transient or dynamic methods.
Two common transient methods include the creep-recovery experiment and the stress-relaxation
experiment. A creep-recovery experiment is conducted under constant stress conditions while a
stress-relaxation experiment is conducted using constant strain conditions.

A creep experiment consists of two phases: creep phase and a recovery phase. In the creep phase,
a constant stress is applied to the material. The strain response as a function of time (also called
the creep) is monitored. After a certain time has elapsed, the applied stress is removed. This is the
recovery phase, where the material can partially or wholly recover its original shape. The strain in
the recovery phase is measured to determine how quickly the material recovers from the deforma-
tion as well as determining the permanent deformation incurred during the experiment. The result
of a creep experiment is a creep compliance function, which has units of inverse modulus.

A stress-relaxation experiment is similar to a creep experiment in that the time-dependent
deformation and recovery of a material are characterized. In a stress-relaxation procedure, the
material is deformed to a constant strain. An initial high stress is required to achieve the set
deformation. However, due to the permanent deformation of the viscoelastic material brought
about by the viscous component, the stress required to maintain the deformation decreases (or
“relaxes”) over time. The rate at which this stress relaxes is indicative of the viscoelastic character
of the material.

Transient techniques are rarely utilized in studying the viscoelastic properties of fat materi-
als. As such, a more detailed discussion of viscoelastic materials modeled using the Kelvin—Voigt,
Maxwell, and Burger models is beyond the scope of this chapter. More commonly, dynamic techniques
are utilized to determine the viscoelastic properties of fat. The mode of deformation in dynamic tech-
niques is usually shear deformation. This usually involves testing a disk of material where one face of
the disk is sheared in an oscillatory fashion relative to a fixed immovable face. Dynamic techniques
have traditionally been in a small-angle regime, in a technique known as small-amplitude oscillatory
shear (SAOS). Recently, large-amplitude oscillatory shear (LAOS) has been gaining in popularity.

1. Dynamic Experiments

To measure the viscoelastic properties dynamically, an oscillatory stress or strain input is applied
to the test material. Whether a stress or strain is the input would depend on whether the method
or instrument is stress controlled or strain controlled. After the input of the oscillatory stress or
strain, the resulting oscillatory strain or stress response is then measured. The input stress or strain
is usually applied at a certain frequency. The strain or stress response is sinusoidal in nature with
the same frequency. The phase lag or phase shift (8) between the sinusoidal input and the sinusoidal
output is used to characterize the viscoelastic nature of the material. A material where the sinusoi-
dal input is in phase with the sinusoidal output is a purely elastic material, whereas a material where
the sinusoidal input is out of phase with the sinusoidal output by 90° is a purely viscous material.

Plotting the stress as a function of the strain generates the so-called Lissajous plots, which are
elliptic plots of a system of parametric equations that describe complex harmonic motion. The
Lissajous plot is circular when the phase shift between the sinusoidal input and the sinusoidal output
is £90°, as is the case for a fully viscous material. Likewise, the Lissajous plot is linear when the
phase shift between the input and the output is 0° or 180°, which is the case for a fully elastic mate-
rial. A Lissajous plot for a viscoelastic material with a phase shift between 0° and 90° is character-
ized by an elliptical figure. Figure 8.24 shows such a Lissajous plot.

The amplitude of the input stress or strain must be in the linear viscoelastic region (LVR) for
the collected data to be meaningful. Within the LVR, the deformation is reversible and the internal
structure of the material that gives rise to its viscoelastic properties is kept intact. If the input stress
or strain is such that the LVR is exited, a deformed ellipse is obtained as in the case of Figure 8.25.
It is beyond the scope of this section to discuss material behavior outside the LVR.
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FIGURE 8.25 Deformed ellipse as a consequence of measuring outside of the linear viscoelastic region (LVR).

Extra care must be taken when studying systems outside the LVR region. The test conditions

must be set properly to make sure that one is looking at the nonlinear conditions or there could be
misinterpretations of results (Ewoldt et al., 2015).

The sinusoidal strain input can be described by the following equation:
¥ = Yosin(ot) (8.32)

where
Yo is the maximum amplitude of the strain

o is the oscillation frequency expressed in rad/s (in units of Hertz, o/2x Hz)
tis the time

If nonlinear processes are ignored so that the system is represented by a differential equation involv-
ing a simple harmonic oscillator (energy storage) and a frictional (energy dissipation) term that is

linear in velocity, then the oscillatory strain produces a shear stress, T, acting on a surface in contact
with the material:

T = T, sin(ot + J) (8.33)

where
T, is the maximum amplitude of the shear stress
0 is the phase shift of the stress response with respect to the strain input
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These two equations can be rewritten using trigonometric identities into the following form:

T =1, sin(mt) cos(d) + T, sin(d) cos(wt) (8.34)
which can also be rewritten as

T=1Y, |:[TOCOS(5)j sin(mt) + (Tosin(S)j cos((ot)} (8.35)
Yo Yo

This equation allows the definition of the storage (G’) and loss (G”) moduli:

G =" cos(d) (8.36)
Yo

G" = sin(5) (8.37)
Yo

G’ describes the elastic component of the material, while G” describes the viscous component of the
material. This equation can be simplified into

T =7v,G sin(ot) + 7,G" cos(mt) (8.38)

G’ and G” are the main parameters determined in a dynamic rheological experiment. A purely elas-
tic material has G” = 0 for which 8 = 0°, while a purely viscous material has G’ = 0 for which 6 =90°.
The complex modulus G* is formulated as follows:

2 2
G =JG?+G"™ = (“oosaj +[T“sin8j =T (8.39)
Yo Yo Yo

The ratio of loss modulus G” to the storage modulus G’ is formulated as tan d:

n

tand = (8.40)

’

2. LVR Region

The LVR can be determined using a stress or strain sweep, where the viscoelastic storage modu-
lus (G') is determined for a range of stresses and strains at a constant frequency of oscillation.
Arbitrarily, the LVR is considered to be exited if the G’ deviates by more than 10% from a constant
plateau value.

After the LVR is determined, the nature of the viscoelastic material is typically characterized using
a frequency sweep, which determines the loss and storage moduli at a fixed stress/strain at varying
frequencies. The result is the mechanical spectra of the material, which describes the nature of the
material. A true solid is one in which the G’ and G” do not intersect in the mechanical spectra and are
thus independent of the frequency throughout the whole range of frequencies sampled. A pseudo-solid
is one where the tan d changes with frequency. This implies that the G’ and G” change with frequency
and intersect at a particular frequency. Typically, the G’ increases and the G” decreases with increas-
ing frequency, suggesting the material behaves more like an elastic solid the shorter the deformation
time scale. Such behavior is commonly observed in some gels and polymer solutions, which exhibit
solid-like behavior when the rate of deformation is relatively high. Fats are more typically described
as true solids in that the G’ and G” are invariant with respect to the frequency.
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3. SAOS Example

Examples of SAOS studies of fats are given in the following text. Two fat samples were studied: a
hardstock consisting entirely of FHSO and a blended fat consisting of a 70:30 mix of FHSO and SO.
A stress sweep measurement was carried out from 1 to 10,000 Pa at a frequency of 1 Hz. The fre-
quency was chosen after performing a frequency sweep as shown in Figure 18.27. Technically, any of
the frequencies in which G’ shows linearity could be chosen. Results of the stress sweep are displayed
in Figure 8.26. The breaking point can be observed as the point where the G’ and G” intersect at a par-
ticular applied stress. At this point, the material has a higher loss component than storage component
and can be thought of as “flowing.” The mechanical spectra in Figure 8.27 show that the fats behave
as solids as the G’ and G” are invariant with respect to frequency.

Experimentally, the samples were prepared by crystallizing the melt of the respective fats in a
PVC mold to make fat “disks” 20 mm in diameter and 3.2 mm in height. The fats were crystallized
at 20°C and were measured immediately after solidification (approximately 1 hour). The geometry
employed in the measurement was parallel-plate geometry, consisting of a single fixed plate (the
bottom plate) and a rotating plate, with the sample introduced in between. The rotating plate shears
the sample held between the two plates. The rotating plate was “clamped” on the sample using a
normal force of 4 N in order to hold the sample in place. Sandpaper was glued onto the plate sur-
faces in contact with the fat sample to enhance the grip on the sample and minimize the occurrence
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FIGURE 8.26 Behavior of G’, G”, and & in the LVR region for stress sweeps for two samples of FHSO.
(@ 100% FHSO, (b) 70% FHSO and 30% canola oil. (From Peyronel, F. et al., Methods used in the study of
the physical properties of fats, in: Marangoni, A.G. (ed.), Structure-Function Analysis of Edible Fats, AOCS
Press, Urbana, IL, 2012, pp. 231-294.)
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FIGURE 8.27 Results of G’ and G” for two samples using a controlled-stress rheometer. The samples were
100% FHSO and 70% FHSO mixed with 30% canola oil. (From Peyronel, F. et al., Methods used in the study
of the physical properties of fats, in: Marangoni, A.G. (ed.), Structure-Function Analysis of Edible Fats,
AOCS Press, Urbana, IL, 2012, pp. 231-294.)

of sample slip, whereby the sample disk is dislocated from the gap between the parallel plates by
the shearing action. As edible fats have a greasy texture, sample slip is a very common occurrence.
The use of serrated parallel plates can also avoid sample slip.

The results are surprising in that the G’ and G” are higher for the sample consisting of a mix of
70:30 FHSO to SO compared to the one that contains only FHSO. Likewise, the stress at which the
70:30 mixture of FHSO and SO breaks is much higher than that for pure FHSO. The presence of oil
should decrease the elastic modulus and breaking point of the sample since this sample contains a
lower solids volume fraction. However, powder x-ray diffraction studies showed that 100% FHSO
sample is in the alpha polymorphic form while 70% FHSO sample is in the beta polymorphic form,
which may explain the differences in the mechanical properties. The fact that 100% FHSO is in the
alpha polymorphic form is not surprising given that the material was characterized only one hour
after crystallization.
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I. INTRODUCTION

Deep fat frying is defined as the process of cooking foods by immersing them in edible fat or oil at
a temperature above the boiling point of water, typically 150°C-200°C. It is one of the oldest means
of preparing food known to man. For instance, Egyptian wall paintings show dough being fried in
oil, indicating that Europe and North Africa were using frying as a method of food preparation well
before the new era. Although it is an ancient food preparation technique, frying has grown expo-
nentially over the last 50 years, and the consumption of fried food is hardly abated despite various
media campaigns against dietary fat consumption. For instance, more than 600,000 institutional
and commercial restaurants are involved in deep fat frying in the United States alone and the num-
ber continues to grow.
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Although the art of deep fat frying is relatively simple, the science is rather complex. The thermally
driven interactions involving the food components, the frying oil, and the dissolved oxygen often lead
to a progressive breakdown in the oil structure. Although a small amount of oxidative deterioration of
the frying oil is needed to develop the golden color and the delicious deep-fried flavor characteristic of
fried foods, extensive oil deterioration will compromise the nutritional quality and safety of the fried
food. In order to protect frying oils against extensive deterioration, an excellent understanding of the
various physical and chemical reactions occurring during the frying process is imperative. This chap-
ter will review the physical and chemical changes in oils during frying, including updated knowledge
on available techniques for moderating such reactions. Established methods for measuring oil deterio-
ration will also be discussed in terms of their significance, advantages, and limitations.

Il. THE FRYING PROCESS

A. PHysicAL CHANGES

Fritsch [1] outlined the principal events and the mechanisms of the frying process (Figure 9.1).
Basically, heat is transferred from the heat source to the food through the frying oil. Heat transfer from
frying oil to the surface of the food involves convective heat transfer while conductive heat transfer
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FIGURE 9.1 Principal events occurring during frying. (Adapted from Fritsch, CW., J. Am. Oil Chem. Soc.,
58,272, 1981.)
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occurs within the food being fried [2]. The heat transfer usually instigates extensive mass transfer
between the food and the frying oil. Primarily, water in the interior of the food is heated and pumped
from the food to the surrounding oil where it is transferred into steam; then, there is extraction and
leaching of components from the food to the frying oil; and the frying oil and all the components dis-
solved in it are also absorbed/adsorbed into the fried food. Ultimately, reactions between the frying oil
and the food components are promoted. The leaching of food components into the oil, the breakdown
of the oil, and oxygen absorption at the oil-air interface all contribute to changes in the makeup of
the oil from almost pure triacylglycerols (>96%) to a mixture of literally hundreds of compounds [3].

Immediately after introducing fresh food into the hot oil, traces of free water at the food surface
evaporate quite rapidly resulting in a violent bubbling and drying of the food surface. This initial
superficial evaporation and the subsequent in-depth vaporization create a porous, dried, and over-
heated region generally referred to as the “crust” [4], and depending on the food type, water content,
and the frying oil’s temperature, the pores can be small voids, molecular interstices, or large caverns
filled with water and air [4]. Due to the continuous migration of water from the frying food and the
relatively high internal pressure, oil can hardly penetrate into the products during the frying process.
Upon removal of the fried products, however, oil that adhered to the surface can penetrate into the
pores when the product cools down, highlighting the importance of the dimension and interconnec-
tivity of the pores generated during the frying process to the nutritional quality of the fried products.

The intimate contact between the food and the oil, competently described by the popular
Blumenthal’s surfactant theory of frying [3], makes frying a more efficient process than the dry oven
or wet steam method. Absorption/adsorption of oil, surface dehydration of food with the consequent
crust formation, development of surface color, and generation of flavor cumulatively account for the
universally desirable taste of fried food [2]. Majority of the physical changes observed during frying
(color, flavor, foaming, viscosity/density, and smoking) are consequences of the infinite chemical
reactions occurring during the frying process and are discussed next.

B. CHemicaL CHANGES

During repeated frying, such as is happening in institutional/restaurant frying operations, the oil is
continuously and repeatedly used at elevated temperature, often topped up with fresh oil regularly.
The high temperature, continuous exposure to oxygen, coupled with the presence of water from the
food result in a series of chemical reactions leading to the degradation of the frying oil and the food
components. More than 500 different chemical compounds have been detected as a result of the
complex reactions occurring during frying [5].

The major chemical reactions occurring during frying can be primarily classified into three
groups, namely, hydrolytic, oxidative, and oligomerization reactions. The various chemical com-
pounds arising from these reactions are responsible for the unique flavor, color, texture, taste, and of
course off-flavor of frying oil and food.

1. Hydrolytic Reaction

The main components of edible oils are esters of fatty acids with glycerol. During deep fat fry-
ing, water and steam hydrolyze triacylglycerols producing free fatty acids (FFAs), diacylglycerol
(DAG), monoacylglycerol (MAG), and eventually glycerol. A typical hydrolytic reaction is shown in
Figure 9.2. At the high temperature employed during frying, glycerol and FFAs will partially evapo-
rate and the reaction equilibrium is shifted in favor of other hydrolysis products. Because short and
unsaturated fatty acids are more soluble in water than long and saturated fatty acids, they become
more accessible to water from food [6]. Consequently, oils with short and unsaturated fatty acids are
more susceptible to hydrolytic reactions. It has been reported that frequent top-up of frying oil with
fresh oil during frying slows down the prevalence of the hydrolytic reaction [7], while the presence of
alkali used for cleaning the fryer increases the hydrolysis of oil [8]. Being an ionic reaction, hydroly-
sis can also be accelerated by cations and anions present in both the frying oil and the fried food [9].
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FIGURE 9.2 Hydrolytic reaction and products formed during frying.

Products from hydrolytic reactions seem to have no positive contribution to either the stability of
the frying oil or the desirability of the fried food. FFAs and their oxidized compounds produce off-
flavor in both the oil and food fried in it. They can catalyze further oxidation of oils by solubilization
and activation of metal catalysts [10]. Additionally, as a surface-active substance, FFA lowers the
surface tension of the oil thereby increasing oxygen accessibility during frying, promoting oxidative
degradation of oil [8,11]. The products from hydrolytic reactions are lower in molecular weight but
higher in polarity than the original triacylglycerol [12]. The level of the FFA in the oil is often taken
as a measure of the degree of hydrolytic reaction. However, FFAs can also be generated as products
of advanced oxidative degradation of frying oils as described in the next section.

From a nutritional or physiological point of view, the products from a hydrolytic reaction are
of no consequence as they are also produced in the small intestine by pancreatic lipases prior to
absorption [12].

2. Okxidative Reaction

The elevated temperature used during frying accelerates the reactions between atmospheric oxy-
gen and the frying oil resulting in the formation of various degradation products [13,14]. Thermo-
oxidation (thermally driven oxidation), like autoxidation (oxidation at ambient temperatures),
proceeds by a free radical mechanism, which can be described in terms of initiation, propagation,
and termination processes. These processes often consist of a complex series of reactions [10].

At the initiation step, the hydrogen atom from the fatty acid is removed and a lipid alkyl radical
is produced. The initiation step is usually catalyzed by an energy carrier, such as temperature and
light, and by metal catalysis [15,16]. The energy required to remove hydrogen atoms from fatty acids
and initiate radical formation depends on the position of the hydrogen on the molecule. For instance,
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the energy required to abstract the bis-allylic hydrogen at C11 of linoleic acid is 50 kcal/mol while
75 kcal/mol is required to remove the hydrogen at C8 or C14 of the same fatty acid. On the other
hand, the homolytic dissociation energy between a carbon and hydrogen bond on the saturated
carbon such as C17 or C18 of linoleic acid is about 100 kcal/mol [17]. Thus, an oil’s propensity for
oxidative reaction depends on how easy it is to initiate the formation of free radicals.

In the propagation step, a lipid radical reacts with triplet oxygen to produce peroxy radicals,
which in turn abstract hydrogen from another lipid molecule to form hydroperoxide and next lipid
radical [11]. Thus, a chain reaction occurs at this stage when free radicals are continually produced.
Oxidation reaction is terminated when free radicals react to form nonradical products. Lipid hydro-
peroxides are the primary products of the oxidative degradation. However, due to their instability,
lipid hydroperoxides rapidly decompose at frying temperature into secondary products, such as
aldehydes, ketones, alcohols, esters, lactones, acids, and hydrocarbons (Figure 9.1). Many of the
secondary oxidation products are volatile and evaporate from the oil mainly by steam distillation,
while others accumulate in the oil and are absorbed in the fried food. A typical example depicting
each of these three steps in frying oil is presented in Figure 9.3.

Volatile oxidation products contribute significantly to the flavor of the oil and the fried food. For
example, unsaturated aldehydes, such as 2,4-decadienal, 2,4-nonadienal, 2,4-octadienal, 2-heptenal,
or 2-octenal, contribute to the desirable, characteristic deep-fried flavor in oils and fried products
[18]. On the other hand, many saturated and unsaturated aldehydes are known to produce distinctive
off-flavor in the frying oil. For instance, the grass-like off-flavor in oxidized soybean oil has been
attributed to the presence of 27-hexenal while 2¢,4¢,7t-decatrienal and 1-octen-3-one are responsible
for its fish-like off-flavor [19]. A list of common volatile oxidation products and the corresponding
characteristic flavor impacted on oxidized frying oil and fried food is presented in Table 9.1 [20].

Besides affecting the flavor, color, and nutritive value of frying oil and fried food, many oxidation
products have also been reported to possess detrimental health effects [21-24]. For instance, Shiozawa
etal. [25] evaluated the cytotoxicity of several volatile oxidation products against two Chinese hamster
cell lines (CHL/IU and CHO-KI) and two human cell lines (HeL.a and MCF-7). The volatile oxidation
products were added to the culture medium at a final ethanol concentration of 1%, and cytotoxicity
was evaluated using the Pre-Mix WST-1 cell proliferation assay system. Although no significant cyto-
toxic activity was observed for the saturated alcohol and carboxylic acids (pentanol, pentanoic acid,
hexanoic acid) and the saturated aldehydes (pentanal, hexanal, octanal, nonanal, decanal), significant
cytotoxicities toward all the tested cell lines were reported for the unsaturated aldehydes (2-heptenal,
2-octenal, 2-decenal, 2-undecenal, and 2,4-decadienal). Kimura et al. [26] reported the cytotoxicity of
oil fumes against rat hepatocytes. The oil fumes generated during a model frying by a blend of soybean
and canola oils were trapped, and the cytotoxicity was evaluated by the MTT (3-(4,5-dimethyl-thiazol-
2-yl)-2,5-diphenyl tetrazolium bromide) assay. The researchers further analyzed the composition of
the oil fumes using TLC and high-performance liquid chromatography (HPLC) and ascribed the
observed cytotoxicity to the volatile carbonyl compounds, primarily 2,4-decadienal.

Recent epidemiological studies revealed a positive relationship between lung cancer and exposure
to cooking fumes [27-30]. In 2006, based on available evidence in both humans and experimental
animals, emissions from frying were classified as Group 2A carcinogens (“probably carcinogenic to
human”) by a working committee of the International Agency for Research on Cancer (IARC) [31].
While further studies are required to establish the toxicity and carcinogenicity of volatile oxidation
products to humans, the available data indicate that the development of methods to reduce their
formation during frying is warranted.

3. Oligomerization Reaction

The initiation and propagation stages of an oxidative reaction can generate several alkyl radicals as
previously noted. The alkyl radical, formed during the initiation reaction, the alkylperoxy radicals
formed by the addition of oxygen, and the alkoxy radicals formed by the decomposition of hydro-
peroxides are precursors of dimers and oligomers produced at the termination stage [12].
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TABLE 9.1
Characteristics of Individual Volatiles Formed from Oxidative Degradation of Oils

Reported Odor

Volatile Threshold in Oil (mg/kg) Reported Odor Descriptors

Pentane 340 —

Hexane — —

Butanal 0.025 —

Pentanal 0.070 Painty, herbal

Hexanal 0.120 Fatty, green, fruity, cut grass, herbal, rancid, painty, crushed weeds
Heptanal 0.055 Weeds, green, sour, sweaty, herbal, painty, rancid

Octanal 1.50 Lime, grassy, citrus, sharp, heavy, candle-like, crushed weeds
Nonanal 1.00 Green, soapy, rubbery, beany

Decanal —_ Fruity, candle-like

2-pentenal 1.00 —

3-Hexenal 0.003 Green, apple-like

2-Heptenal 1.50 —

2-Nonenal 0.15 Green, fatty, tallow

2-Decenal 2.10 Metallic

2,4-Hexadienal — —

2,4-Heptadienal 0.04 Fatty, nutty

2,4-Octadienal 2.40 —

2,4-Decadienal 0.135 Waxy, fatty, green

Source: Adapted from Malcolmson, L.J. et al., J. Am. Oil Chem. Soc., 73, 1153, 1996.

At the high temperature employed during frying, the solubility of oxygen decreases dramati-
cally. At this reduced amount of oxygen, the initiation reaction becomes more important where the
ratio between alkyl radicals (R") and alkylperoxy radicals (ROO) increases. Accordingly, oligomers
are formed through reactions involving mainly alkyl and alkoxy radicals [32]. Dimers are formed
between two fatty acids, either between or within triacylglycerols, and oligomers with high molecu-
lar weight are obtained as these molecules continue to cross-link.

Oligomers can be polar or nonpolar depending on whether the monomers are connected by a
—C-C—, —C-0-C or a -C-0-0-C linkage. Formation of polar oligomers during deep frying is
primarily a free radical reaction (Figure 9.4). Nonpolar oligomers, on the other hand, can be formed
by both a free radical mechanism and Diels—Alder reactions as shown in Figures 9.4 and 9.5 [12,33].
Although Diels—Alder reactions are well-accepted reaction mechanisms for the formation of oligo-
mers in frying oils, a recent study by Hwang et al. [34] did not find any evidence for Diels—Alder
reaction products in thermo-oxidized soybean oil by NMR study.

Analysis of dimers isolated from frying fats indicated that they are mainly linked by C—C bond
rather than the more polar C—O-C bond, which would be expected to be more abundant if oxidative
radical mechanism was the major pathway to oligomerization during frying [35]. Consequently, a
nonradical acid—catalyzed reaction mechanism for the dimerization and cyclization of triacylglycer-
ols was proposed [36,37]. As depicted in Figure 9.6, the initial reaction involves the transformation of
polyunsaturated fatty acids (PUFAs) to the more reactive conjugated fatty acids [36]. Acid catalysis
generates the intermediate cationic reaction products that are effectively stabilized by mesomeric
effects to undergo further reactions producing non-oxygen-linked dimers. Although the dimerization
of triacylglycerols is expected to take place at temperatures of 220°C and above, acidic components
in the frying medium can effectively catalyze these reactions at temperatures as low as 140°C [37].

The amount and type of oligomers formed during frying depends mainly on the type of oil, con-
centration of oxygen, frying temperature, and number of frying cycles [11]. For instance, oil rich in
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linoleic acid oligomerizes more easily during deep frying than oil rich in oleic acid [38—40]. Most of
the physical changes observed in the frying oil during prolonged frying are related to the formation
and accumulation of oligomers. For instance, increase in the amount of oligomers increases viscos-
ity, darkening, and foaming of frying oil. Since amounts of oligomers steadily increase in the frying
oil due to their nonvolatility, they have become reliable indicators of the fat abuse [41].

The nutritional and physiological effects of thermo-oxidized oils have been reviewed by Billek [42]
and Dobarganes and Marquez-Ruiz [12]. In a more recent study, Leong et al. [43] associated the
elevated blood pressure and impaired vasorelaxation in experimental rats to the consumption of
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Nonpolar dimer

FIGURE 9.6 Formation of nonpolar dimers by cationic mechanism. (Adapted from Briitting, R. and
Spiteller, G., Fat Sci. Technol., 96, 445, 1994.)

soybean oil heated to 180°C and up to 10 batches of potatoes intermittently fried in it. Sprague-
Dawley rats were fed with commercial rat chow supplemented with the thermo-oxidized oil for
6 months. The researchers observed a significant elevation in blood pressure in all the rats fed with
the thermo-oxidized oil compared to rats fed with fresh soybean oil. Similar results were reported
earlier using heated palm oil [44,45]. A study by David et al. [46] demonstrated that the ingestion
of thermally oxidized sunflower oil by rats resulted in a significant increase of intestinal oxidative
stress. The observed effect was attributed to the increased amounts of nonvolatile degradation prod-
ucts formed in the oil during frying.

Shuid et al. [47] indicated that the level of toxicity observed in thermo-oxidized oils is dependent
on the inherent stability of the oils. Palm oil and soybean oil were subjected to the same frying
conditions. A mixture of the thermo-oxidized oils and rat chow (15:100, w/w) were fed to ovariecto-
mized rats for 6 months, and the effects on the bone histomorphometric parameters were assessed.
The researchers observed that while no effect was seen in rats fed with thermo-oxidized palm oil,
those that consumed the less-stable soybean oil showed significantly deteriorated histomorphomet-
ric parameters. Indeed, the susceptibility of polyunsaturated oils to the various thermo-oxidative
reactions discussed earlier explains why they are considered unsatisfactory for extended frying
operation.
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Ill. FACTORS AFFECTING FRYING STABILITY OF OIL

The stability of frying oil is a measure of its resistance to several of the degradative reactions occur-
ring during frying. The various factors influencing the stability and performance of a frying oil can
be categorized into external and internal factors depending on whether they are oil dependent or
operator dependent.

A. EXTERNAL FACTORS

As mentioned earlier, external factors are operator dependent and are independent of the inherent
quality of the frying oil. These factors include frying temperature; accessibility to oxygen; dura-
tion of frying; size, dimension, and composition of food; design of fryer (shape, size relative to
production requirements, surface-to-volume ratio, responsiveness of heating element, and accuracy
of temperature controllers); type of frying operations (continuous or discontinuous/intermittent
frying); and frying management (debris removal and oil replenishment). These factors are variously
discussed in the literature [48—52]; however, the influence of oxygen accessibility, frying tempera-
ture, frying time, food preparation, and frying management are quite significant and will be dis-
cussed in more depth.

1. Oxygen

Lipid oxidation is arguably the single most important factor affecting the life of edible oil.
As previously stated, the alkyl radical formed at the initiation step of oxidation reacts very rapidly
with molecular oxygen to form peroxy radical. At oxygen pressures greater than 100 mm Hg, such
as usually present in fats and oils at room temperature, the rate of oxidation is independent of the
oxygen concentration [10]. However, during deep frying, when the oxygen supply is limited due to
its poor solubility at high temperature, and a steam blanketing, the rate of oxidation becomes highly
oxygen dependent [10,53].

Oxidation of oil increased with the amount of dissolved oxygen in the oil [54]. Przybylski and
Eskin [55] reported that the amount of oxygen dissolved in oil is sufficient to provide a perox-
ide value of 10 meq/kg. According to Fujisaki et al. [56], the total amount of volatile aldehydes
emitted during thermal treatment of high-oleic safflower oil increased with increased oxygen
concentration in the oil. Besides oxidative degradation, concentration of oxygen also dictates the
nature of degradation products formed during frying. For example, at 2% oxygen, acetaldehyde
was reportedly the main volatile carbonyl compound while hexanal and nonanal predominated at
20% oxygen [56]. Because individual volatile carbonyl compounds possess characteristic flavor
and threshold values (Table 9.1), the concentration of oxygen during deep frying will invariably
affect the flavor of fried food.

Although poor solubility in the frying oil and the release of steam, blanketing the oil’s surface,
are known to limit oxygen concentration during frying, several factors have also been reported to
increase oxygen level in the frying medium. For instance, introduction of fresh food to the frying
medium increases this level; thermal agitation accompanying boiling during frying of food breaks
the oil surface and enhances accessibility of atmospheric oxygen by enlarging the surface area;
and surface-active compound naturally occurring in oil or formed during frying can also enhance
access of atmospheric oxygen during frying. According to Mistry and Min [57], FFAs decrease the
surface tension of oil, thereby increasing the diffusion rate of oxygen into the oil to accelerate oil
oxidation. A frying system with a large surface-to-volume ratio also increases the oxygen avail-
ability during frying.

In a recent study by Totani et al. [58], oxygen lost at frying temperature due to poor solubility
or direct involvement in thermo-oxidative reactions is slowly restored during cooling and stand-
ing until room temperature (between 25°C and 120°C). Thus, the reduced solubility of oxygen
at frying temperature may not limit its influence on the performance of the frying oil, especially
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during intermittent frying. For this reason, a vital recommendation from the Seventh International
Symposium on Deep-Fat Frying is to avoid holding oils at temperatures between 60°C and 130°C
during downtimes when the oil is not in use for frying [59].

Methods to reduce availability of oxygen during frying have been reported in an effort to protect
frying oil from thermo-oxidative degradation. Przybylski and Eskin [55] evaluated the efficacy
of nitrogen and carbon dioxide flushing to prevent canola oil oxidation under frying conditions.
The oil samples were heated at 195°C in a variety of containers where the flow of nitrogen and
carbon dioxide was regulated. The authors observed that oils heated without prior nitrogen or car-
bon dioxide flushing underwent more rapid oxidation compared to oils with prior nitrogen or carbon
dioxide flushing. Based on their findings, they suggested that to prevent thermo-oxidative degrada-
tion of frying oils, the following should be considered: (1) flush oil with carbon dioxide rather than
nitrogen, (2) the oil should be flushed with nitrogen for 15 min or carbon dioxide for 5 min prior to
heating to eliminate any dissolved oxygen, (3) the linear flow of gas in the container should be at
50 cm/min, and (4) the vessel should not be filled to more than 70% of its height. Higher density and
greater solubility in oil reportedly accounted for the superior protection offered by carbon dioxide
compared to nitrogen in the frying model described by the authors [55]. Although this study indi-
cated that frying under inert gases has potential in limiting thermo-oxidative degradation of oils,
their effectiveness during actual deep frying was not verified until two decades later [60].

Shyu et al. [61] reduced the content of oxygen by conducting the frying under vacuum. For 6
consecutive days, carrot slices were fried in palm oil, lard, and soybean oil at 105°C for 20 min each
hour in an 8 h shift. The authors concluded that vacuum frying imparted a lower thermo-oxidative
degradation on the oils than the typical atmospheric frying. Although the better stability of the oils
during vacuum frying was attributed to the lower content of oxygen, the lower frying temperature in
the study (105°C) makes comparison with typical frying (temperature ~180°C) unrealistic. According
to Aladedunye and Przybylski [62], frying under CO, blanket reduced the amount of total polar com-
pounds by 54%, while 76% reduction was observed during vacuum frying compared to standard
frying conditions. Similarly, lower oxidative degradation was observed when measured by anisidine
value (AV). At the end of frying period, the reduction in unsaturated fatty acid content was 3.8%, 1.9%,
and 12.7% when frying under CO, blanketing, vacuum, and standard frying conditions, respectively.
The rate of tocopherols degradation was 3 and 12 times slower in vacuum frying when compared to
CO, blanketing and standard frying conditions, respectively. Evidently, oxygen concentration has a
huge impact on the performance of oils even at frying temperature, despite the poor solubility.

Silicone, particularly dimethylpolysiloxane (DMPS), is often added to frying oils as an antifoaming
agent [63,64]. Although a number of mechanisms have been proposed for DMPS’s activity in delay-
ing thermo-oxidative degradation of frying oils, the most prominent is related to its low fat solubility
(<1 ppm) and therefore its ability to accumulate at the oil surface where it forms a physical barrier
against oxygen [63,65]. Consequently, the minimum concentration of DMPS that exerts a protective
action corresponds to that forming a monolayer on the oil surface. This concentration depends on
the surface-to-oil-volume ratio and has been reported to be between 0.05 and 0.06 ug/cm? oil-to-air
surface [63]. Because DMPS’s primary mechanism is surface action, a major disturbance to the oil’s
surface such as during continuous frying of food will be expected to limit its effectiveness; thus,
DMPS addition would be of benefit only in discontinuous or intermittent frying operations such as
in catering services, fast food outlets, or restaurants where the fryers usually remain without food
for a significant period of time [64].

2. Temperature

The various reactions threatening the oxidative stability of oils require some level of energy to
proceed. For instance, 50 kcal/mol of energy is required to break the carbon—hydrogen bond on
the carbon 11 of linoleic acid and to initiate free radical formation [17]. The oxygen—oxygen bond
of alkyl hydroperoxide requires 44 kcal/mol to break it [66]. This energy requirement is more
than fulfilled at typical frying temperatures (150°C-200°C). Nawar [67] reported a peroxide value
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of 1777 meq/kg when ethyl linolenate was heated at 70°C for 6 h; but only 13.3% of this value
remained when the same oil was heated at 180°C for 5 h. At 250°C, significant degradation of
hydroperoxide occurred and only 2.5% of the peroxide value was left after 3 h of heating. Therefore,
elevated temperature enhances both the initiation step of oxidative degradation and thermal degra-
dation of alkylhydroperoxides, the primary oxidation product. Consequently, oxidative degradation
proceeds more rapidly during deep frying than at room temperature [48,68,69].

Increase in frying temperature increases thermal oxidation and oligomerization reactions not
only of the fatty acids or triacylglycerol molecules but also of the unsaponifiable minor components.
Thus, antioxidant minor components in oil are either thermally inactivated during frying or have
their levels severely reduced [70—73]. For instance, while tocopherol in rice bran oil heated to 100°C
in the absence of air showed a reduction by 29% at the end of 432 h of heating, its reduction was
100% when the oil was heated at 180°C for 240 h [74]. Oxidation and polymerization of phytoster-
ols, consequent to increase in temperature, have also been studied, and the formation of oligomers
arising from thermo-oxidation of phytosterols has been reported [75-77].

The effect of temperature on isomerization reactions has also been reported. Tyagi and Vasishtha
[69] reported an increase in trans fatty acids from 1.7% to 2.6% in soybean oil when the frying tem-
perature was increased from 170°C to 190°C. Tsuzuki et al. [78] compared to the amounts of trans
isomers formed when canola oil was heated at different temperatures (160°C, 180°C, and 200°C).
They reported a statistically significant increase in the isomerization rate of linolenic acid when the
heating temperature was increased from 180°C to 200°C. In a similar experiment, 10 batches of
potatoes were fried in canola oil every 10 min, and the amounts of trans fatty acids formed at the
end of the frying period (100 min) were analyzed by gas chromatography. It was observed that at all
tested temperatures, the amounts of trans isomers were higher in oils used for deep frying than the
heated samples [78]. Aladedunye and Przybylski [62] concluded that “zero-trans” claims for fried
food could be invalidated by frying at temperatures higher than the optimum, either due to a faulty
temperature controller or deliberately, to increase turnover at the peak hours.

3. Frying Period/Time

Although deep frying is a fast method of food preparation and the contact time between food and
oil is relatively short, the length of time spent using the frying oil is usually long, especially during
continuous and repeated frying such as in industrial and institutional operations. All things being
equal, thermo-oxidative degradation increases with increase in length of time for which the oil is
used [14,79-81]. In a study by Bansal et al. [82], three different frying oils, palm olein, sunflower oil,
and a blend of palm olein, sesame, and peanut oils, were used to prepare French fries. The oils were
heated for 6 h daily for 4 days and 10 batches of French fries were fried each day without oil replen-
ishment. The extents of isomerization of the fatty acids were quantified by gas chromatography
and infrared spectroscopy. Irrespective of the type of oil and the quantification method, the authors
reported a direct relationship between the extent of isomerization and the number of frying cycles.

The contact time between the food and the frying oil, defined as Dwell Time, is also critical and
must be balanced with the frying temperature. Generally, the presence of food reduces deterioration
of frying oils, compared to heating without food. This can be attributed to the release of water from
the fresh food (immediately after the food is added) that lowers the effective frying temperature,
coupled with the blanketing effect of the ensuing steam against oxygen during the frying. However,
extending the dwell time beyond the optimum can nullify any advantages from steam blanketing
and the reduced effective temperature from the fresh food due to (1) the continuous migration and
expression of prooxidant metals and decomposition products from the food to the frying oil and
(2) the continuous presence of food (after the loss of the initial moisture/steam) that would increase
oxygen penetration into the oil by opening the oil surface.

To leverage the effect of frying time, replenishing the oil with fresh oil is a very crucial oil
management program; however, this exercise is futile and unhealthy once the oil reaches the
“degrading” and “runaway” stages shown in Figure 9.7 [83].
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FIGURE9.7 Blumenthal’s frying oil quality curve describing five stages of oil degradation—break-in, fresh,
optimum, degrading, and runaway. (Adapted from Stier, R.F., Eur. J. Lipid Sci. Technol., 106, 715, 2004.)

4. Food Preparation

It is generally acknowledged that the presence of food slows down thermo-oxidative degradation of
oils when compared to heating the oil without any food being fried. Nevertheless, the type, composi-
tion, and size of the food can significantly affect the frying stability of the oil. For instance, fatty food
items containing highly unsaturated oils could compromise the integrity of the frying oil by increasing
the overall level of the intrinsically unstable PUFA in the frying oil through mass exchange between
the food and the frying oil [84]. Proteins, peptides, and amino acids in foods can also react with
lipid free radicals or lipid degradation products, primarily carbonyl-containing oxidation products,
thus inhibiting thermo-oxidation during frying [85]. Starch, on the other hand, reportedly increases
thermo-oxidative degradation of frying oils [48]. According to Artz et al. [86,87], transition metals
such as iron in meat products can progressively accumulate in the oil during frying, accelerating
thermo-oxidative degradation. Iron bonds in myoglobin or hemoglobin are easily released under con-
ditions of frying meat or fish [85]. A direct positive correlation has been reported between the mois-
ture contents of the food being fried and the thermo-hydrolytic and thermo-oxidative degradation in
the frying oils [88]. The oxidative status of the food is also important because leaching of preformed
hydroperoxides from the food material into the frying oil could result in accelerated degradation of
the frying oil. Regardless of the food type and composition, increased cross-sectional area of the fry-
ing food (thin-cut strips compared to thick cut, the presence of cracks and rough surfaces compared
to smooth surface) often lead to increased thermo-oxidative degradation of the frying oils. This may
be related to increased removal of frying oil by the frying food with increased surface area, resulting
in reduced volume of the frying oil, thereby increasing oxygen pressure in the fryer. Further, with
increased surface area of the frying foods, the opportunity and rate of mass exchange between the
food (moisture, prooxidant metals, coloring matters, etc.) and the frying oil is enhanced.

One of the ways to moderate the unwanted mass exchange between foods and the frying oils is by
using edible coatings. Various materials have been used for the development of edible coatings, including
hydrocolloids based on proteins of animal or plant sources (e.g., whey, soy, corn, legumes), polysaccha-
rides (e.g., cellulose derivatives, alginates, or starches), and even (semi)synthetic polymers (e.g., polyvinyl
acetate, hydroxypropylmethylcellulose) [89]. However, interactions between these often multicomponent
coatings and the frying oil can result in an enhancement or depression of the stability of the frying oil.
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For instance, according to Holownia et al. [90], a decrease in degradation of peanut oil was observed
when the fried food (marinated chicken strips) was coated with food grade hydroxypropylmethylcellu-
lose prior to frying. This protection was attributed to the ability of the coating to inhibit moisture migra-
tion from the food into the frying oil thereby limiting thermal hydrolytic reaction, and by extension,
thermo-oxidative deterioration of the frying oil. On the other hand, Lazarick et al. [91] observed that
using whey protein as a base for battering resulted in significant color changes and degradation of the
frying oil with the changes being more pronounced in the presence of preformed lipid hydroperoxides.
Glucose and glycine are two minor ingredients that also contributed to color formation in oil. Breading
materials were prone to cause a more significant amount of oil deterioration when compared to battering
ingredients most likely due to excess loose breading particles falling into the oil during frying [91]. In a
study by Guerra-Hernandez et al. [92], battering of zucchini with rice or corn flour-based batter signifi-
cantly increased the amount of acrylamide formed during frying in sunflower oil at 190°C, compared
to wheat and chickpea flours. Breaded products showed lower amounts of acrylamide than battered
products during the frying process [92]. According to Xue and Ngadi [93], the type of batter system can
significantly influence thermal properties of the food products. For example, rice- and corn-based batters
require more energy for gelatinization [93], indicating that food coated with batters based on these items
may require relatively longer frying period with negative influence on the stability of the frying oil.

5. Oil Management
Oil management involves a comprehensive quality control measures carried out by the frying opera-
tors to keep the oil at the peak of its performance. Besides optimizing the processing parameters
(temperature, time, surface-to-volume ratio, etc.), critical oil management process involves replen-
ishing the portion of the oil adsorbed/absorbed by the fried food with fresh oil and removal of food
debris from the frying medium. Replenishment of frying oil with fresh oil will ensure (1) that the
optimum surface-to-volume ratio is maintained thereby limiting inadvertent increase in oxygen
pressure and (2) the introduction of fresh endogenous antioxidants into the medium for improved
stability. However, as mentioned earlier, oil replenishment is of no use once the oil has reached the
“degrading” and “runaway” stages indicated in the Blumenthal’s stylized graphics (Figure 9.7).
Food debris, especially when breaded food items are fried, are known to significantly increase
the degradation of the frying oil both by increasing the level of dissolved oxygen and through
uncontrolled leaching of prooxidative degradation products into the frying oil. Regular oil filtra-
tion with the use of passive and active filters can help limit the extent of deteriorations. Passive fil-
ters, including metal screens, paper filters, paper cones, plastic cloths, and plate and frame systems
with possible augmentation by inert filter aids such as diatomaceous earth, simply remove solid
particles from the oil. Active filter, on the other hand, can remove specific oil-soluble degradation
compounds from the frying oil, thereby “purifying” the oil for an extended operation. It must be
stressed, however, that abused oil cannot be restored to its original status by any filtration system.

B. INTERNAL FACTORS

Unlike the external factors affecting the stability of frying oils, internal factors arise from the
inherent composition of the frying oil. Edible oils are composed of triacylglycerols (>95%) and
endogenous minor components (Table 9.2). It is generally agreed that the inherent composition of
edible oils exerts significant influence on their frying stability [94-97]. These internal factors are
discussed in the following text:

1. Fatty Acid Composition and Distribution

The influence of fatty acid composition of oils on stability has been the subject of studies by many
researchers [98—100]. In general, unsaturated oils oxidize more readily than less unsaturated ones.
In other words, as the double bonds in the fatty acid increase, both the rate and the amount of
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TABLE 9.2

Classes of Minor Components and Examples

Class of Compounds Examples

Hydrocarbons Squalene

Phytosterols B-Sitosterol, stigmasterol

Tocochromanols o-, B-, y-, d-tocopherol/tocotrienols
Ubiquinones Ubiquinone 9, ubiquinone 10

Phenolic compounds Phenolic acids, flavonoids, and isoflavonoids
Carotenoids Carotenes, xanthophylls

Phospholipids Phosphatidylcholine, phosphatidylethanolamine

Source: Adapted from Shahidi, F., Oxidative stability of edible oil as affected by
their fatty acid composition and minor constituents, in: Freshness and
Shelf Life Foods, ACS Symposium Series 836, American Chemical
Society, Washington, DC, 2003.

primary oxidation products at the end of the frying period increase. This observation correlates with
the relative rate of the fatty acid alkyl radical formation [10]. On the basis of oxygen uptake, linole-
ate was 40 times more reactive than oleate, linolenate was 2.4 times more reactive than linoleate,
and arachidonate was 2 times more reactive than linolenate [19,101]. The oxidizability of linoleic
(18:2), linolenic (18:3), arachidonic (20:4), and cervonic (22:6) acids increased with the number of
bis-allylic bonds present in the fatty acid ester [102].

Thus, the search for stable oils has led to several modifications to the fatty acid composition of
edible oils, such as decreasing the linoleic and linolenic acids and increasing oleic acid [103—105].
Almost all conventional oils now have counterparts with modified fatty acid compositions. Various
high-oleic sunflower oils containing from 75% to 90% oleic acid are now on the market. The amount
of linolenic acid in conventional canola and soybean oils has been significantly reduced in low
linolenic canola and soybean oils. Soybeans containing increased levels of oleic acid with reduced
linoleic and linolenic acid levels have been developed or are being developed for commercialization
[106]. High-oleic canola oil is currently used extensively in North America for commercial frying
and in food manufacturing. Both canola and soybean oils are particularly high in tocopherols that
enhance the stability of the corresponding high-oleic oils [107].

Established methods for lowering unsaturation in oils include fractionation, hydrogenation,
interesterification (chemical and enzymatic), conventional seed breeding, and genetic engineering.
Several reviews covering some aspects of these methods are available [108—113]. The review by
Dijkstra [108] covered available modifications to the hydrogenation process that were geared toward
reducing the formation of trans fat. The oxidative stability of vegetable oils with a modified fatty
acid composition by interesterification, technically called structured lipids, compared to conven-
tional oils was reviewed by Martin et al. [113].

Blending of polyunsaturated oils with a more saturated or monounsaturated oils is also being
used as a cost-effective way of reducing the amounts of linoleic and linolenic acids [114—120]. This
technique is indeed gaining wide acceptance and the literature on the subject is on the increase with
applications extending to the nonconventional edible oils [80,116,121-123].

Although frying stabilities of vegetable oil blends are generally reported to be higher than the
stabilities of the individual oils used in the blending, the observed increase may not be entirely due
to changes in fatty acid composition and endogenous minor components from the constituent oils
and other subtle factors may play significant roles. For instance, according to Mezouari and Eichner
[124], raising the amount of rice bran oil from 10% to 50% in a sunflower/rice bran oil blend will
change the triacylglycerol compositions by increasing OLO, OLP, PPL, OOO, OPO, and decreasing
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LLL and LLO contents to a level that can significantly influence thermo-oxidative stability (O, oleic;
L, linoleic; P, palmitic). Changes in the triacylglycerol composition have been reported to exert a
strong influence on the stability of frying oils [125-127]. Indeed, according to Kim et al. [125], the
influence of changes in triacylglycerol composition on foaming of oils during frying exceeded that
of the fatty acid composition.

Some of the methods currently used to modify fatty acid compositions of oils are also known to
negatively affect the nutritional and functional properties and stability of the oils [128,129]. Hamam
and Shahidi [129] reported a significant reduction in tocopherol content during the synthesis of
structured lipids by interesterification. Consequently, the modified oils were less stable than their
unmodified counterparts despite an increase in the degree of saturation in the products. Their obser-
vations agreed with several other studies [130-133].

Apart from reducing the availability of essential fatty acids (linoleic and linolenic), the use of
genetic engineering for modifying edible oil is still plagued by suspicious attitudes of consumers
toward genetically modified organism (GMO) products [134]. Consequently, researchers are still
looking for other ways to improve frying stability without changing the fatty acid composition and
distribution in the oils.

2. Endogenous Minor Components

The minor components (e.g., tocopherols, tocotrienols, sterols, carotenes, phenolic acids, waxes,
squalene, and oryzanols), also referred to as unsaponifiable matters, are the nontriacylglycerol con-
stituents of the oil and constitute up to 5% of the total lipid composition.

The composition of edible oil minor components is of great importance to the chemistry and
stability of the frying oil; however, individual edible oil is naturally endowed with its own unique
composition of minor components. For instance, soybean oil is rich in y- and 8-tocopherol; sun-
flower oil contains predominantly a-tocopherol; palm oil is rich in tocotrienols and -carotene; rice
bran oil and sesame oil uniquely contain y-oryzanol (a group of steryl ferulates) and lignans (sesa-
min and sesamolin), respectively. However, the stability-enhancing capacity of minor components
differs from one another. Accordingly, research is being carried out to study the performance of
some minor components in oils in which they are naturally absent [135].

The effect of endogenous minor components on oil decomposition and performance during fry-
ing has been thoroughly reviewed [73,135-138]. General conclusions can be summarized as follows:
(1) endogenous minor components (tocochromanols, phytosterols, y-oryzanol, and related com-
pounds, sesamins and related compounds, hydroxytyrosol and related compounds, carotenoids, and
the phenolics) do exert significant influence on the stability of frying oils; (2) there are optimal con-
centrations above which some of these endogenous antioxidant compounds become prooxidative,
accelerating the decomposition of the frying oil; (3) the effectiveness of antioxidative endogenous
minor components also depends on the chemical group and the isomeric composition; (4) depending
on the oil and the relative concentrations, there is possibility of both synergistic and antagonistic
interactions among these antioxidants and other minor components in the frying oils; and (5) the
effect of these components under ambient and storage conditions can be quite different from that
during frying, principally because of the more stringent conditions applied during frying. Thus,
there may be the need to fortify the endogenous minor components for enhanced performance of the
frying oils, and a number of synthetic, natural, and semisynthetic (modified natural) antioxidants
have been approved for such application (Table 9.3).

IV. ASSESSING THERMO-OXIDATIVE DETERIORATION OF FRYING OILS

Traditionally, the frying operator employs experience to decide when to halt frying and
change oil and often it is based on physical changes such as color, odor, excessive foaming,
and smoking. Assessing oil degradation using visual indicators, however, is inadequate and
often unreliable due to its subjective nature. A number of reliable analytical methods based on
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TABLE 9.3

Approved Antioxidants Most Commonly Used in Food
Antioxidants E Number
L-Ascorbic acid E300
Sodium L-ascorbate E301
Calcium L-ascorbate E302
Potassium L-ascorbate E303
Ascorbyl palmitate, ascorbyl stearate E304
Mixed tocopherol concentrate (natural) E306
Alpha-tocopherol (synthetic) E307
Gamma-tocopherol (synthetic) E308
Delta-tocopherol E309
Propyl gallate E310
Octyl gallate E311
Dodecyl gallate E312
Erythorbic acid E315
tert-Butylhydroquinone (TBHQ) E319
Butylated hydroxyanisole (BHA) E320
Butylated hydroxytoluene (BHT) E321
Lecithins E322
Citric acid E330
L-Tartaric acid E334

Source: Adapted from Torres, P. et al., Open Food Sci. J., 2, 1, 2008.
2 E numbers are number codes for food additives that have been assessed
for use within the European Union.

quantification of a specific group of degradation products have been developed to provide objec-
tive indication of level of decomposition of frying oils.

Standard methods based on quantification of primary oxidation products such as peroxide value,
FFA content, and conjugated dienes are usually unreliable because products measured are ther-
mally unstable with unstructured fluctuations over the course of the frying operation [1,140]. It must
be stressed, however, that while the amounts of these unstable primary thermo-oxidation products
may not directly correlate with oil abuse or length of use, their levels in the oil (and eventually, the
food) can significantly affect sensory acceptance.

Generally, methods based on nonvolatile degradation products are more reliable and depend-
able indicators of oil degradation than those based on volatile or unstable degradation products.
Common analytical methods for assessing the levels of degradation of frying oils including their
limitations are discussed next.

A. TotaL PoLAR COMPONENTS

As previously mentioned, chemical reactions occurring during frying generate several groups of
compounds with higher polarity than the original triacylglycerols. Polar compounds formed in oils
during frying include oxidized and oligomerized triacylglycerols, FFAs, MAGs and DAGs, oxi-
dized and oligomerized sterols, and degradation compounds of antioxidants and other constituents
of oil and food. These compounds are nonvolatile and their amounts in oil usually increase as frying
progresses.

The analysis of total polar components (TPC) provides the best indicator of frying oil degrada-
tion because it measures directly all the degraded products present in the oil. Thus, many European
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countries have set a maximum permissible level for TPC in frying oil as a way of regulating the level
of abuse in commercial and institutional frying operations [141]. There are differences among the
European countries, however, in the discarding level of TPC as follows: Austria at 27%; Belgium,
France, and Spain at 25%; and Germany allowing not more than 24% of TPC [141]. According to
Gertz [142], the value of 24%-25% of TPC should be taken as borderline in the assessment of the
quality of frying oils. Presently, there is no specific regulation in Canada or the United States defin-
ing maximum level of TPC.

Official methods for assessing TPC involve a gravimetric procedure that utilizes chromato-
graphic separation of polar and nonpolar components on silica gel with adjusted water content to
5% [143,144]. TPC represents the components remaining on the column after elution of unaltered
triacylglycerols and is expressed in weight percent of the starting sample.

Collaborative tests conducted by IUPAC and AOCS showed that the method is exact and repro-
ducible, with a coefficient of variation lower than 5% [143,144]. For rapid analysis and to reduce
the consumption of solvents and silica gel, the use of miniaturized columns requiring a small sam-
ple size has been proposed [145,146]. However, the level of accuracy and precision is expected to
decrease for such small sample amounts, especially in samples with low levels of TPC. Zainal
and Isengard [147] suggested the use of an automated accelerated solvent extraction to replace the
manual chromatographic step for quicker analysis and to reduce experimental effort.

To eliminate the use of chemicals, the determination of TPC by Fourier transform nuclear mag-
netic spectroscopy (FT-NMR), Fourier transform infrared spectroscopy (FT-IR), and differential
scanning calorimetry (DSC) has been proposed as a substitute for the adsorption chromatographic
method [148-151]. Hein et al. [149] evaluated TPC in thermo-oxidized soybean, peanut, and
palm oils using a Fourier transform near-infrared (FT-NIR) spectroscopic method. The authors
reported correlation coefficients from 0.990 to 0.998 between TPC determined by adsorption chro-
matography and the values obtained by NIR spectroscopy at the wavenumber range specific for
hydroxyl and carbonyl groups (4700—4940 cm™). Sun and Moreira [148] reported a correlation
coefficient of 0.985 for TPC determined by adsorption chromatography and NMR proton relax-
ation time of thermo-oxidized soybean oils. Similarly, TPC obtained by DSC linearly correlated
at r> = 0.956-0.999 to values obtained using an adsorption chromatographic method for fresh and
thermo-oxidized corn oil, palm olein, and soybean oil [150]. Due to its versatility, FT-NIR has
become particularly important for a quick, nondestructive analysis of frying oils and FT-NIR-
based procedure has been recognized as the German Standard Method, DGF C-VI-21 [152], for
the analysis of TPC, polymerized triacylglycerols, and AVs (discussed in subsequent sections).
Although instrumental methods offer some advantages, it is unlikely that they will replace the
adsorption chromatographic method for routine laboratory analysis of TPC because of its simplic-
ity and the affordability of materials required for adsorption chromatography readily available in
most laboratories.

As shown in Table 9.4, several of the observed changes in physical parameters occurring in oils
during frying, including increase in conductivity, viscosity, specific heat, and decrease in surface
tension and dielectric coefficient are caused by the formation of polar compounds [140]. The direct
relationship between these physical changes and the amounts of TPC is explored in a number of the
available commercial quick test kits and equipment used for monitoring thermo-oxidative degrada-
tion (Table 9.5).

B. ComposITION OF POLAR MATERIALS

Although percent of TPC is an excellent indicator of oil degradation, it only determines the total
level of polar materials without distinguishing specific compounds. A measure of the specific group
of degradation products is, however, important as it provides information about the types and level
of reaction occurring in the frying oil and its potential toxicity. For example, although fatty acid
MAGs and DAGs (products of thermo-hydrolysis) significantly contribute to the level of TPC, from
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TABLE 9.4

Changes in Physical and Chemical Parameters during Deep Frying, Main Causes,

and Correlation with Oil Deterioration

Changes during

Correlation with

Parameter Deep Frying Mainly Causes Oil Deterioration
uv Increases Conjugated fatty acids Yes
Refractive index Increases Polar compounds Yes
Density Increases Polymerized TAG Yes
Dielectric coefficient Decreases Polar-oxidized components—affected by Yes
FFA and water
Color Becomes more Maillard reaction products of amino acids, Yes
intensive and darker protein, sugar, and carbonyl compounds
Conductivity Increases Polar compounds Yes
Surface tension Decreases Polar compounds Yes
Smoke point Decreases Volatile oxidized products Yes
Specific heat Increases Polar compounds Yes
Viscosity Increases Polymerized TAG Yes
Anisidine value Increases Nonvolatile aldehydes Yes
Iodine value Decreases Formation of oxidized fat Yes
Peroxide value Fluctuates Hydroperoxides No
TPC Increases Oxidized and polymerized degradation Yes
products
Polymerized TAG Increases Oxidized and not oxidized polymerized TAG Yes
Free fatty acid/acid value ~ Fluctuates Hydrolysis and oxidation products with free No
carboxyl groups
Petroleum ether-insoluble  Increases Oxidized polymerization products Yes

oxidized fatty acids

Source: Adapted from Gertz, C. and Matthdus, B., Optimum Deep-Frying, Recommendations by the German Society for
Fat Science (DGF, Deutsche gesellschaft fiir Fettwissenschafte.V.), DGF, Deutsche gesellschaft fiir Fettwissenschaft
e.V., Germany, 2008, p. 6.

a nutritional and physiological point of view, they are not as important as polar components arising
from thermo-oxidative and oligomerization reactions [12].

High-performance size-exclusion chromatography (HPSEC) is usually used to separate and
quantify molecules by their molecular weight [154]. HPSEC method can be applied directly to used
oil or the polar fractions isolated from the gravimetric analysis of TPC mentioned earlier. Polar
materials are separated into several groups of compounds such as oligomers, oxidized monomeric
triacylglycerols, DAGs, and FFAs. HPSEC is an invaluable technique and complements the TPC
method. Lending credence to the importance of TPC and CPM analyses, the delegates at the Third
International Symposium on Deep Fat Frying recommended these analyses as the best indicators of
oil degradation [155]. Regulators in European countries required that the total amount of oligomeric
triacylglycerols be less than 10% [141].

C. p-ANISIDINE VALUE (AV)

Thermal decomposition of hydroperoxides during frying generates a number of secondary oxida-
tion products, with carbonyl compounds being the most prominent. Although some of the alde-
hydes produced are volatile and lost by evaporation during frying, a significant amount remains
and is assessed by AV. p-Anisidine value is defined by convention as 100 times the optical density
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TABLE 9.5

Commercial Test Providing High Correlations with Total Polar Components

Test Kit Principle Manufacturers Specifications
Fri-check® Viscosity Measurement time: 5 min

Operating temperature: 20°C—180°C
Capsens5000 (FOS) Dielectric constant Accuracy: +1.4%
Resolution: 1%
Range of TPC: 0%-35%
Operating temperature: 50°C
Food Oil Monitor (FOM 310)  Dielectric constant Accuracy: +2%
Resolution: 0.5%
Range of TPC: 0%-40%
Measurement time: <2 min
Operating temperature: 50°C-200°C
Testo 265 Dielectric constant Accuracy: +2%
Resolution: 0.5%
Range of TPC: 0.5%—40%
Measurement time: <10 min
Operating temperature: 40°C-200°C
TPM Very Fry Patented gel reacts with the polar compounds to Range of TPC: 3%-30%
give specific color Measurement time: 1015 s
Operating temperature: 65°C

Source: Adapted from Bansal, G. et al., Crit. Rev. Food Sci. Nutr., 50, 503, 2010.

measured at 350 nm in a 1 cm cuvette of a solution containing 1.00 g of the oil in 100 mL of a
mixture of solvent and reagent [144]. Official procedures for determining AV utilize the reaction
between aldehydes, principally 2-alkenals and 2,4-dienal, and p-anisidine reagent in glacial acetic
acid solution (ISO 6885; AOCS Cd 18-90; IUPAC 2.502) [156—158]. The resulting Schiff bases
possess a characteristic UV absorption at 350 nm, and the absorbance increases with the amount
of relevant nonvolatile carbonyl compounds retained in the oil [159]. The contribution of carbonyl
compounds is expressed as absorbance units per 1 g of fat and is arbitrary.

The use of FTIR for the determination of AV was described by Dubois et al. [160]. Using a
partial least square calibration (PLS) as the chemometric method, the authors reported a strong cor-
relation (12 = 0.998) between the AV values for thermo-oxidized canola oil determined by FTIR and
the official chemical method. Szabd et al. [161] reported a very good correlation (r> = 0.912) between
AV values determined for thermo-oxidized lard by the chemical method and the values obtained
by NIR spectroscopy using a wave number range from 4000 to 5000 cm'. These spectroscopic
analytical methods offer the possibility for a rapid, automated, and solvent-free alternative to the
current official chemical method.

D. CHANGES IN FATTY Acib COMPOSITION

PUFAs such as linoleic and linolenic are the main components affected by the various chemical
reactions occurring during frying [18]. The observed changes in the amount and configuration of
the fatty acids increase with the temperature and length of frying. Thus, assessment of changes
in fatty acid composition can be used to monitor thermo-oxidative degradation occurring during
deep frying. Official methods for analyzing fatty acid composition involve transforming the fatty
acids into the methyl esters, followed by separation and quantification using gas chromatography
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(AOCS methods Ce 1-62, Ce 1f-96, Ce 2-66 [144]; AOAC Method 963.22 [162]; ISO method 5509
[156]; and ITUPAC method 2.301 [163]). Methods for preparing the methyl ester derivatives have
been reviewed by Liu [164], Eder [165], Seppanen-Laakso et al. [166], and Dijkstra et al. [167].

For routine analysis, the gas chromatogram peak area is normally used to calculate the con-
tent of each fatty acid [168]. However, the gas chromatograms must be interpreted with caution
since they only refer to standard fatty acids and exclude degradation products such as oxidized and
oligomerized fatty acids. In addition, because in GC analysis the total fatty acid content is set by
default to 100%, any decrease in the PUFAs by thermo-oxidation is automatically counterbalanced
by an increase in the more stable monounsaturated and saturated fatty acids to maintain the sum
despite the fact that some materials are not eluted. Thus, the increase in oleic, palmitic, and stearic
acid contents often reported by some authors during deep frying gives an erroneous impression
that these fatty acids are formed during thermal treatment of the oil. By using an internal standard
(e.g., C17:1) the misconception can be overcome, and it becomes evident that the saturated fatty acid
content does not increase and that the sum indeed falls below 100%. Also, analysis of fatty acid for
monitoring thermo-oxidation is not quite responsive and, depending on the oil, significant changes
may not be observed by GC even at significantly high PV, FFA, AV, and TPC.

The observed loss in fatty acids during frying is due to formation of several oxidized and oligo-
merized degradation products. Hydroxy, keto, and epoxy are the major functional groups identi-
fied in oxidized fatty acids of frying oils; GC methods for analyzing them have been reported by
Schawrtz et al. [168], Berdeaux et al. [169], Velasco et al. [170], and Marmesat et al. [171]. Generally,
methyl ester derivatives of the fatty acids (FAMEs) are obtained by base-catalyzed transmethylation
of the triacylglycerols; the isolated FAMEs are then fractionated by adsorption chromatography
on silica gel to separate the nonpolar FAMEs from the polar FAMESs containing fatty acids with
at least one extra oxygen; polar FAMESs are subsequently subjected to GC analysis. Hydrogenation
is often applied to the polar FAMEs in order to achieve a better GC separation of the keto- and
hydroxyl-FAME [170]. For the analysis of the various groups of thermo-oxidatively altered fatty
acids, Marquez-Ruiz et al. [172] utilized HPSEC to separate the nonpolar FAMESs into monomers
and dimers; the polar FAMEs were further separated into oxidized fatty acid polymers, oxidized
fatty acid dimers, and the oxidized fatty acid monomers.

E. CoLOR ANALYSIS

In actual practice, the color of the oil becomes unacceptable first, well before the flavor and odor
of the oil become objectionable [173]. According to Orthoefer [174], the color of the frying oil is
one of the major parameters of acceptance to be evaluated on a daily basis. Indeed, regulations in
many countries stipulate that color must be one of the criteria for discarding frying oils [153]. For
instance, the “Manufacturing Process Inspection” document, published by the U.S. Department
of Agriculture, stipulates that the darkening of oil is evidence of unsuitability of a frying oil and
requires rejection of the oil [175].

Many products arising from thermo-oxidative alteration of oil components contribute to color
change during frying. The color intensity of a frying oil increases as the amount of polymeric mate-
rials increases [68,176]. Leaching of pigments from the food into the frying oil, and the presence
of Maillard reaction products, formed during frying by the reaction of carbohydrates and some
lipid oxidation products with amines, amino acids, and proteins also affects the color development
[177-179]. Furthermore, particles from food being fried can become caramelized and release some
fat-soluble pigments into the oil [180]. According to Min et al. [181], products with a molecular
weight 300-551 Da and containing double bonds, carboxyl, ester, peroxide, or hydroxyl functions
contribute to the darkening of oil during frying.

Wesson (AOCS method Cc 13b-45), Lovibond (AOCS method Cc 13e-92), and spectrophotomet-
ric (AOCS method Cc-13¢-50) procedures are official methods recognized for the measurement of
color in frying oils [144]. The Wesson and Lovibond are colorimetric methods that determine the
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color of the oil by comparison with colored glasses of known characteristics. In the spectrophoto-
metric method, the absorbance of the oil is measured at 460, 550, 620, and 670 nm, and the pho-
tometric color index (PCI) is computed according to the equation: PCI = 1.29(A,4,) + 69.7(As5,) +
41.2(Agz0) — 56.4(Ag70), Where Ao, Assos Agag, and A, are absorbance at 460, 550, 620, and 670 nm,
respectively.

In a study on the spectrophotometric method for the assessment of frying oils, Xu et al. [182]
reported that the highest correlation was observed between the absorbance measured at 490 nm and
the TPC value (r = 0.953). The results of a recent study by Bansal et al. [82], however, showed that
any wavelength in the range of 400—500 nm could be utilized to provide a good correlation between
TPC and the spectrophotometric absorbance. Irrespective of the methods used, results obtained on
color formation during frying must be interpreted with caution as the rate of color development dif-
fers from oil to oil and also depends on the initial color of the oil and the type of the food fried in
it [142]. Furthermore, oil components, such as tocotrienols and phenolics, cause faster darkening of
oil due to chemical changes in the molecules and by oligomerization.

1. Volatile Carbonyls

A number of excellent reviews on the formation of volatile compounds have been published by
Schieberle and Grosch [183], Przybylski and Eskin [184], Frankel [10], Kiritsakis [185], and Valet
et al. [186]. It is known that variety and different amounts of volatile compounds are generated dur-
ing thermo-oxidative degradation of oil components and they relate to the nature and stability of
the fatty acids involved and to the frying conditions applied [20,184—-185,187,188]. Thus, the amount
and rate of formation of volatile compounds during frying can be used as an indicator of an oil’s
performance. Among the volatile compounds formed during thermo-oxidative degradation of oils,
the carbonyls are the major component and account for more than 60% of total volatiles depending
on the conditions applied [184].

Gas chromatography is the most common method for analyzing volatile compounds formed dur-
ing thermal alteration of oils. The volatile samples are often introduced into the gas chromatograph
by static headspace (SHS) analysis, dynamic headspace (DHS) analysis, or direct injection. These
methods are thoroughly reviewed by Przybylski and Eskin [184] and Frankel [10]. In the direct
injection method, the oil is injected directly into a GC injector special glass liner. The injector is
maintained at a high temperature (>200°C) and a carrier gas purges the generated volatile com-
pounds to the column. SHS analysis consists of analyzing an aliquot of the vapors in equilibrium
with the sample heated in a hermetically sealed vial. Although this method is relatively simple, the
sensitivity is rather poor [189]. However, Snyder and Mounts [190] reported improved sensitivity
and reproducibility by using a multiple headspace extraction (MHE) technique. The headspace
over oil heated at 90°C was sampled three times, and each sample was injected consecutively onto
the gas chromatograph. Furthermore, solid-phase microextraction (SPME) also presents a more
sensitive and convenient alternative to traditional SHS analysis [191]. However, the SPME method
has limitations, including difficulties in interfiber comparisons and diagnosis of fiber performance
[192]. DHS analysis has been the most used concentration technique for GC analysis and consists
of sweeping the volatile compounds from the headspace sample with an inert gas; the volatile com-
pounds are then trapped on a solid absorbent such as activated charcoal, tenax, poparak, chromo-
sorb, or amberlite [189,192].

The combination of GC and mass spectrometry (GC-MS) is also a versatile technique for analyz-
ing volatile degradation products formed during frying. Snyder et al. [193] evaluated the oxidative
and thermal stability of soybean oil by measuring the amounts of volatile compounds with static
headspace—gas chromatography-mass spectrometry (SHS-GC-MS). Carbonyl compounds gener-
ated during thermal treatment of canola and olive oils at 180°C and 240°C for up to 15 h were
adsorbed unto tenax and analyzed by GC-MS after thermal desorption [187]. In a similar study,
Katragadda et al. [188] evaluated the variety and the amounts of volatile compounds formed during
heating of coconut, extra-virgin olive, safflower, and canola oils at 180°C, 210°C, 240°C, and 270°C
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for 6 h by DHS-GC-MS. In a more recent study, Uriarte and Gullén [194] evaluated the formation
of volatile alkylbenzenes in extra-virgin olive, sunflower, and virgin linseed oils heated at 190°C
for 8 h by SPME-GC-MS. Jelen et al. [195] evaluated the efficiency of different types of fibers for
their capacity to absorb the headspace volatile compounds generated during accelerated storage
of canola oil at 60°C for 10 days. Divinylbenzene/carboxene/poly(dimethylsiloxane) (DVB/CAR/
PDMS) offered the best performance compared to other tested fibers, namely, polyacrylate (PA),
poly(dimethylsiloxane) (PDMS), and carbowax/divinylbenzene (CW/DVB).

As previously mentioned, carbonyls constitute the major group of volatile compounds formed
during frying and are the most important, qualitatively [184]. For instance, while the reported
odor threshold value of pentane in oil was 340 pg/g, the threshold value for pentanal and the cor-
responding aldehyde was 0.07 pg/g (Table 9.1). For the analysis of volatile carbonyl compounds,
reversed-phase HPLC is a viable alternative to GC analysis. The major advantage of HPLC
compared to GC is that it operates at ambient temperatures, thus limiting the risk of artefact
formation [196]. Typically, the volatile carbonyl compounds are trapped on a silica cartridge
impregnated with 2,4-dinitrophenylhydrazine, after which the 2,4-dinitrophenylhydrazones of
carbonyls are eluted and quantified by HPLC-UV at 360 nm [197,198]. In a recent study, Bastos
and Pereira [199] utilized HPLC-MS for the quantification of the 2,4-dinitrophenylhydrazones
obtained after derivatization of the volatile aldehydes generated during thermal treatment of
canola oil at 180°C for 8 h.

2. Changes in Antioxidants

Under thermo-oxidative conditions, endogenous or applied antioxidants are lost, either through
direct antioxidant activity, evaporation or by thermal oxidation and polymerization of the antioxi-
dants. It is well known that the observed decrease in antioxidant concentration increases with tem-
perature and time [95,200,201]. Accordingly, monitoring the level of antioxidants during frying can
be used as an indicator of frying performance of oils. Analytical methods for assessing major lipid
antioxidants have been reviewed by Cert et al. [189], Abidi [202], Ruperez et al. [203], Carrasco-
Pancorbo et al. [204], Ladislav et al. [205], Bendini et al. [206], Jensen and Laurisen [207], Liu et al.
[208], and Tarascou et al. [209].

Tocochromanols are the most important natural antioxidants in vegetable oils, and the most
widely used method for their quantification is the direct normal-phase HPLC analysis of the oil.
A fluorescence detection, with an excitation wavelength set at 290 nm and emission wavelength
at 330 nm, is the most common approach, being the most sensitive for these compounds [189,210].
Indeed, the AOCS official method requires that a UV detector be used only in the absence of
fluorescence detector, and the UV detector should be set at 292 nm [144]. Although the analysis of
tocochromanols by reversed-phase HPLC presents the advantage of shorter equilibrium and analy-
sis time, and higher reproducibility than the normal-phase HPLC method, this method is limited by
its inability to resolve - and y-isomers of both tocopherols and tocotrienols and plastochromanol-8
[189,203]. In addition, because normal-phase HPLC operates with organic solvents in which fry-
ing oils are easily soluble, higher loads of samples can be tolerated as they are easy to wash off the
column by the nonpolar solvents [203].

There are discrepancies regarding the best column for the normal-phase HPLC analysis of
tocochromanols. Kamal-Eldin et al. [211] evaluated six silica, three amino, and one diol columns
for the separation of tocochromanols in oat extracts and palm oil. Although the tested columns
offered equally good separation depending on the mobile phase used, silica columns were report-
edly more stable than diol column. Diol column, on the other hand, has been reported to offer
more reproducible and consistent results than silica columns [212-215]. It was also mentioned by
Abidi and Mounts [216] that amino columns offer better selectivity than diol-bonded columns.
Unlike the diol columns that have no ionizable groups, however, the amino groups of amino-
bonded columns ionize with the use of polar organic solvents, resulting in increased retention
times and peak broadening [215].
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Other natural and synthetic polar phenolic antioxidants are usually analyzed by a reversed-phase
HPLC, utilizing either isocratic or gradient elution methods with a UV-vis detector operated at 225,
240, or 280 nm [189,204,206,217,218]. However, some phenolic compounds show several absorp-
tion maxima and the use of simultaneous multiple UV detection is recommended for quantification
[219-221]. Furthermore, the use of a photodiode array detector allows the spectrum to be obtained
at different wavelengths and enables a peak identification and purity test [203]. Due to its versatil-
ity, HPLC has been and will remain a vital analytical technique for quantifying lipid antioxidants.

3. Formation of Toxic Components

A number of toxic compounds are produced under the conditions employed during deep frying. If
the frying operation is not well controlled and/or the frying oil efficiently stabilized, the toxic com-
pounds can be produced at a concentration that warrants health and safety concerns. Oxygenated
o,B-unsaturated aldehydes are the most prominent toxic degradation products formed during frying
and include 4-hydroxyhexenal, 4-hydroxyoctenal, 4-hydroxynonenal (HNE), 4-hydroperoxynon-
enal, 4-oxononenal, and 4,5-epoxynonenal, among others [222]. While formation of other degrada-
tion products, such as acrylamide, may depend on the type of food being fried, the formation of
oxygenated o,fB-unsaturated aldehydes is essentially oil dependent and may be used to assess the
frying performance of an oil. With regard to the amounts and the degree of toxicity, HNE is the
most important and remains the most studied of the oxygenated o,f-unsaturated aldehydes formed
during frying [22]. Analytical methods based on solvent extraction, solid-phase extraction, and
chemical derivatization, followed by HPLC or GC, have been developed for the quantification of
HNE in frying oil [223-228]. The poor solubility of HNE in water and its loss arising from the
elaborate cleanup steps (derivatization, multiple extractions, and purifications) involved in many of
the methods described for HNE usually result in inefficient recovery of HNE [228].

F. ProBABLE CARCINOGENS IN FrIED FOODS

Even though they occur at levels that pose no significant threat to health and safety under proper
frying management, a number of chemical compounds found in deep-fried foods have acquired the
Group 2A carcinogens status (“probably carcinogenic to human”) according to the IARC. These
compounds can be broadly categorized into three groups based on their sources, namely, (1) those
that are formed by thermo-oxidative degradation of the oil during frying and are subsequently
absorbed/adsorbed by the food (e.g., hydroxynonenal and related secondary lipid degradation prod-
ucts; (2) those that are formed predominantly by heat-induced reactions among the chemical compo-
nents within the food that is being fried, subsequently leaching into the frying oil (e.g., acrylamide
and other Maillard reaction products); and (3) those that are predominantly preformed in the raw
materials, principally the frying oils, and are then transferred to the fried foods by mass exchange
during the frying process. The latter group is aptly represented by 3-monochloropropane-1,2-diol
(3-MCPD) and related compounds.

3-Monochloropropane-1,2-diol (3-MCPD) and a number of other chloropropanols (Figure 9.8)
are process contaminants formed by the reaction of acylglycerols and a chlorine source (e.g., salt,
hydrogen chloride, chlorinated water) at high temperature, typically above 220°C. They were orig-
inally discovered in acid-hydrolyzed vegetable protein (acid-HVP) in the late 1970s and subse-
quently in soy sauces prepared with acid-HVP as an ingredient [229-231]. Recent discovery of
3-MCPD esters, acclaimed as the major precursors of free MCPD in food, in the high pg/g or even
low mg/kg range in refined oils/fats and lipid-containing food, has generated serious interest in the
subject [232,233]. According to Weisshaar, the values of 3-MCPD esters in refined oils ranged from
0.2 to 20 mg/kg [234].

Unlike other fried food toxic contaminants, such as oxygenated carbonyl compounds and
acrylamide that are formed during the frying process, it has been reasonably established that
3-MCPD esters are almost exclusively formed during the deodorization step in the oil refining
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FIGURE 9.8 Representative chloropropanols food contaminants.

process [234,235]. In fact, the level of 3-MCPD in the frying oil decreased during the course of
frying, and there is no evidence that significant amounts of 3-MCPD ester are formed under normal
frying conditions [236]. The primary factors responsible for the formation of 3-MCPD esters are (1)
level of DAGs and MAGs in the oil, with the DAG exerting a stronger influence, (2) the presence
of chloride ions, (3) temperature and time and (4) the pH [235]. The presence of sodium hydrogen
carbonate and sodium carbonate were found to reduce the amounts of 3-MCPD esters, with sodium
hydrogen carbonate being more effective [235,237].

Because the precursors and conditions that favor MCPD esters, formation (partial glycerides,
FFAs, chloride ions) are more prevalent in palm oil, the highest concentrations of 3-MCPD esters
have been reported in palm oil and palm oil products [234,235]. According to Weisshaar [234],
refined vegetable oils and fats can be categorized into three groups according to the level of 3-MCPD
ester contents, namely, (1) low level (0.5-1.5 mg/kg), for example, rapeseed, soybean, coconut, and
sunflower oil; (2) medium level (1.5-4 mg/kg), for example, safflower, groundnut, corn, olive, cot-
tonseed, and rice bran oil; and (3) high level (>4 mg/kg), for example, hydrogenated fats, palm oil,
and palm oil fractions. While there are a number of toxicological animal studies on free 3-MCPD,
relatively little is known about the toxicity of 3-MCPD esters; however, due to their structural simi-
larity to DAG and MAG, they are potential substrates for lipases and are easily converted to free
3-MCPD in the gastrointestinal tract [238].
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I. INTRODUCTION

Edible fats and oils have numerous functions; they add flavor, lubricity, and texture to foods and
contribute to the feeling of satiety upon consumption. After extraction and refining, they can be
processed into products such as margarine, shortening, salad, and frying oils. Those processed
fats and oils are important functional ingredients in food. Supply and consumption of oils and fats
are generally described in 17 commodity oils, 4 of which belong to animal origin and the rest are
derived from plants [1]. Most vegetable oils are obtained from seeds or beans. Seed extraction is
achieved by pressing and/or by extraction with hexane. Palm and olive oils are obtained by pressing
out of the soft fruit. Animal tissues are rendered to obtain animal fats.

Most of the vegetable oils, exception being virgin olive oil, require refining in order to remove
undesirable materials such as phospholipids, monoacylglycerols (MAGs), diacylglycerols (DAGsS),
free acids, color and pigments, oxidized materials, flavor compounds, and pollutants [1]. Refined
oils consist primarily of triacylglycerols (TAGs) (>99%). They can be modified by hydrogenation,
interesterification, or fractionation techniques. Hydrogenation is used to convert liquid oils into
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products having different consistencies, melting points, and textures. On the other hand, interesteri-
fication produces changes in physical properties by rearrangement or redistribution of fatty acids
within and among the TAGs of oils. Fractionation provides a means of producing fats and oils with
sharply defined melting characteristics.

Il. OIL AND FAT PRODUCTION

Oils and fats can be categorized as vegetable or animal oils and fats according to their sources.
Since the production methods depend primarily on the sources, it is necessary to investigate the
production processes under two different titles: vegetable and animal oils and fats.

A. VEGETABLE OiLs AND FaTs PRODUCTION

Almost all plants contain fats and oils, mainly in their seeds. For a plant to be suitable for oil pro-
duction on the industrial scale, it must meet the following two criteria [2]:

1. The oil or fat content must reach the minimum for commercially viable exploitation.
2. The plant must be suitable for high acreage cultivation.

The exceptions are the plants that contain oils and fats unique in their composition or with proper-
ties that cannot be found elsewhere.

There are two groups of vegetable oils and fats, denominated after their source, namely, pulp
or fruit oils and seed oils. Pulp oils, such as palm oil, olive oil, and avocado oil, occur finely dis-
persed in the fruit’s endosperm and have very high water content. They require special treatment,
preferably immediately after harvesting. Any mechanical stress that leads to damage of the cell,
but also aging, initiates enzymatic reactions that lead to fat splitting or spoilage. For this reason,
pulp oils are produced close to the plantation location of the oil fruit. Oilseeds are more suitable
for transport. In fact, they are better transported than extracted oil, because the oil is protected
in the seed. Seed oils are therefore extracted close to consumer. The main difference between
their production steps are the extraction methods of the oils from the oily materials. The pulp oils
are extracted by mechanical extraction, while the seed oils can be extracted by both mechanical
and solvent extractions, depending on the kind of the seeds and the purposes of usage of the oil
produced.

1. Pulp Oil Production

Palm oil and olive oil are the two commercially important edible pulp oils. Palm oil is the major
vegetable oil produced in the world, and it is the most consumed edible oil. Olive oil is the most
popular gourmet and health-promoting specialty oil. Because of the quick spoilage of the oil and
completely different and difficult matrix compared with seed oil, pulp oil production has developed
as an independent technology.

a. Palm Oil Production

Palm oil is obtained from the Elaeis guineensis, a tree native to Guinea, West Africa. Today
palm tree is grown on plantations of the equatorial tropics in Southeast Asia, Africa, and Central
and South America [3]. Asian palm fruit contains up to 60% pulp (mesocarp), 10% nuts, and
30% skin and stems. The oil is contained both in the mesocarp (palm oil—rich in palmitic acid
and oleic acid) and in the kernel (palm kernel oil—rich in lauric acid), and since their fatty acid
compositions are different, extraction procedure must be carried out with care, so as to preserve
the majority of the pulp with a minimum breakage of nuts and kernels. The pulp itself contains
approximately 40% oil, 40% water, and 20% fiber. The process flow diagram for palm oil is given
in Figure 10.1 [4,5].



Processing and Modification Technologies for Edible Oils and Fats

Palm fruit
bunches

l

Sterilization

y

Stripping

— Empty bunches

4

Digestion

y

Pressing

——  Nut/fiber cake —

Crude oil

l

Settling

Sludge

separation

———— Oil/water

y

Centrifugation

Drying

l

Crude palm
oil

FIGURE 10.1 Palm oil processing steps.

l

Nuts/fiber

. —> Fiber
separation

y

Drying/
cooling

Cracking

Kernel/shell

. — Fiber
separation

Kernels

299



300 Food Lipids: Chemistry, Nutrition, and Biotechnology

The palm fruit offers a range of products at the various processing steps:

1. Fruit reception: The actual processing of palm oil does not start at the mill, but in the plan-
tation itself. In order to obtain good quality oil, it is essential to handle the brunches with
great care, preventing the damage of the fruit. At the time of cutting, the level of free fatty
acid (FFA) in ripe and unbruised fruit is around 0.3%—0.8%. Improper handling between
the tree and the mill causes the acidity to rise rapidly, because in the injured outer part of
the fruit, enzymatic hydrolysis reaction commences immediately by contacting very active
native lipase of the fruit and the oil.

2. Sterilization: This step is a heat treatment process that deactivates lipase enzymes in the
fruit in order to prevent further increases in FFA. Sterilization also serves other purposes,
such as facilitation of mechanical stripping and preconditioning of the nuts to minimize
kernel breakage. Sterilization is carried out in large steam autoclaves. Immediately after
arrival at the oil mill, the bunches are processed in the sterilizer at a steam pressure of
2.5-3.0 kg/cm? (130°C-135°C) for 45-60 min depending on their size and ripeness.

3. Stripping (threshing): The objective of stripping is the separation of the fruit from the
bunch stalks. The sterilized bunches are fed continuously into a rotary drum thresher or
beater arm thresher, which strips and separates the fruit from the brunch stalks. From the
thresher, the fruits are conveyed into a digester.

4. Digestion: The purpose of digestion is to loosen the pulp from the nuts and to break the oil
cell walls by heating and mixing the fruits. This operation is of the utmost importance as it
affects the oil yield by pressing. The best digestion conditions are obtained by mixing the
fruits at a temperature between 90°C and 100°C for about 20 min. The digester is generally
a vertical cylindrical vessel provided with a double steam jacket and a central paddle stirrer.

5. Pressing: The mash, consisting of digested pulp and palm kernel nuts, is transferred to the
continuous screw presses comprising a perforated horizontal cage in which two screws
run. A cone at the discharge end of the cage controls the pressure to ensure a minimum
residue oil in the press cake with an acceptable amount of broken nuts. Two products are
obtained at the outlet of the press:

a. A mixture of water, oil, and solid impurities (sand and vegetable residue)
b. A press cake containing fibers and nuts

6. Crude oil clarification: The crude oil from the press has an average composition of 66%
oil, 24% water, and 10% solid impurities. Because of the high content of solids, it has to
be diluted with water to obtain satisfactory settling. After dilution, crude oil is screened to
remove fibrous materials and then pumped to a continuous decantation or settling tank where
it separates into oil and sludge parts at high temperature (85°C-90°C). The oil is skimmed
off and passed to a centrifugal purifier followed by a vacuum dryer. The lower sludge frac-
tion, which contains some entrapped oil (10%), is centrifuged to recover additional oil, and
the oil-rich mixture separated is returned to decantation tank for further separation. The
remaining post-centrifuged sludge is a waste stream. Alternatively, three-phase decanters
can be used on crude oil or sludge, reducing liquid effluent quantities and maintenance costs.

In order to increase oil yield in the milling of palm oil, the application of high-fre-
quency ultrasound to the ex-screw press was investigated, and it was demonstrated that this
intervention speeds up the gravity separation of the oil, reduces the amount of the oil in
the sludge underflow from the clarification process, and improves oil overall recovery [6].

7. Oil drying and storage: The oil is dried to below 0.1% moisture. Vacuum dryers are gener-
ally used, as the oil is maintained at a low temperature to avoid oxidation.

8. Nut and fiber separation: The press cake containing fibers and nuts is fed via a breaking
conveyor to a vertical column through which a hot air current is circulated. The fibrous
material is sucked into a duct and then separated from the air in a cyclone for use as a boiler
fuel. The nuts drop to the bottom of the column.
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9. Nut conditioning: After separation from the fiber, the fresh nuts are dried to detach the
kernels from the shells. The moisture content of the nuts is reduced from 16% to 10%—12%.
For ideal nut cracking, it is necessary to dry the nuts sufficiently to loosen the kernel and
then cool the nuts to harden the shell before cracking.

10. Nut cracking and kernel separation: The properly conditioned nut is cracked in two or
more pieces, and the kernel is released. The cracked mixture consists of free kernels,
shells, unbroken nuts, partly cracked nuts, and dust. Kernel separation is usually achieved
by using a dry separation system (winnowing system), which is used to remove fiber, small
pieces of shells, and dust, followed by a clay bath or hydrocyclone. The clay bath separation
system is based on the difference in specific gravity between the kernel and the shells. The
specific gravity of undried kernel is about 1.06—1.16 and that of shell is about 1.30-1.35.
Therefore in a clay water mixture of specific gravity 1.12 (about 24 Twaddell), the kernels
will float and the shells will sink. In the hydrocyclones, separation is carried out in a water
stream, rotating at high speed inside a cyclone.

11. Kernel drying: After separation, the kernels contain about 20% of moisture. If stored in
this condition, fresh kernels would soon become moldy. In addition, there would be a rapid
increase in the FFA of palm kernel oil. If the moisture content is reduced to about 7%,
kernels can be safely stored and transported. Dried palm kernels contain approximately
50% oil. Unlike palm oil, palm kernels are not processed close to the plantation. They are
extremely hard and can be transported and stored without risk.

b. Olive Oil Production

The olive, the fruit of the olive tree, has been used for centuries for the production of olive oil. Over
90% of the World olive oil is produced in the Mediterranean region [3]. Being one of the main
ingredients of the Mediterranean diet, olive oil was always pointed out as mainly responsible for the
health benefits of the nutritional pattern of Mediterranean countries in numerous studies [7]. This
is probably the reason for the increased consumption of the olive oil, especially in Northern Europe
and the United States, over the last 20 years. The olive tree is an evergreen and one of the oldest
known cultivated tree. It has more than 2000 cultivars, which are spread throughout the olive oil
producing region. However, a few cultivars are being cultivated for commercial production, due to
their higher adaptability and productivity [8].

The whole olive fruit contains pulp in the amount of 65%—80% of the total weight, 15%-30% pit
(stone), and 2% skin. The pulp contains 20%—25% oil (40%—60% on dry basis) and 50%—60% water. The
pit contains about 80% woody shell and 20% kernel or seed containing 8%—10% oil (12%—17% on dry
basis) with a composition that is similar to that of the pulp oil [3,9]. The quality of the olive oil depends on
a number of factors, such as the degree of ripening of the fruit, harvesting, and production methods and
conditions. Depending on these factors, olive oils of various categories are produced [10] (Figure 10.2).

The first products of the milling process are the virgin olive oils, the pomace, and the solid
residue. Virgin olive oil is defined by international regulations as follows: “oils obtained from the
fruit of the olive tree solely by mechanical or other physical means under the conditions that do
not lead to alterations in the o0il.” Three categories of virgin olive oil are further defined, based on
chemical and sensory quality standards: “extra-virgin olive oil (FFA % < 0.8),” “virgin olive oil
(FFA % < 2.0),” and “lampante olive o0il.” Only extra-virgin and virgin olive oils are allowed for
consumption without being refined.

There are basically two methods for mechanical extraction of the oil from the fruit: pressing,
which is the oldest method, and centrifugation. Depending on the harvesting and the extraction
methods chosen, pretreatment steps and conditions can be changed [2,3,7].

1. Cleaning: The aims of this operation are to remove leaves, small branches, stones, dam-
aged olives, and other foreign materials that may have been collected accidently with olives
and to wash dust and soil from the olives.
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FIGURE 10.2 The classification of olive oils. (From Peri, C., The extra-virgin olive oil chain, in: The Extra-
Virgin Olive Oil Handbook, Peri, C., Ed., John Wiley & Sons, Inc., New York, 2014.)

2. Olive crushing: The aim of crushing is to reduce the olives to a homogeneous paste by
breaking pits, skin and pulp cells, and the vacuoles containing tiny droplets of oil [9]. The
oil flowing freely from the vacuoles can then be separated from the water and the solid
constituents. The olive paste is a semiliquid mixture of two different types of solids (pit
fragments and soft pulp and skins) and two types of immiscible liquids (water and oil).
The pit fragments make a rigid framework in the olive paste, which facilitates draining and
separation of the liquids from solid components. This operation is important for both oil
quality and yield. The crushers use stone mills or metal crushers (hammer or disc types)
and these contribute to both quality and yield of the oils.

3. Mixing (malaxation): After crushing, the paste has to be mixed to allow the fine oil drop-
lets to coalesce into large ones. This is done by stirrers that are equipped with blades or
that are spiral shaped. The effect of the slow mixing of the olive paste is for not only the
coalescence of the oil but also some complex mechanical, physical, and biochemical trans-
formations that affect the extraction yield as well as the nutritional and sensory quality of
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the oil [11]. During this operation, the most important parameters that affect the yields and
quality of the oil are time (20—60 min) and temperature (25°C-30°C).

4. Oil extraction with presses: This traditional process is still used in small plant only. From the
mixing step, the paste is spread in layer in a hydraulic press. A single pressing step, lasting
1-1.5 h, is generally applied. The press separates water—oil mixture from the solid residue,
(pomace) containing pit fragments and pulp residue. Oil and water are then separated by cen-
trifugation. Pressing is simple and efficient, but it is a labor-intensive, discontinuous process.

5. Oil extraction with centrifuges: In the late 1960s, a radical change in the olive oil extraction pro-
cess was realized with the introduction of horizontal three-phase decanter centrifuge in place
of pressing. Centrifugation is a continuous process that separates olive oil from the other liquid
and solid materials by Stoke’s law. Olive paste, derived from crushing and malaxing operations,
is a heterogeneous mixture of three phases. In order of decreasing density, they are [12]:

a. The insoluble solid phase, consisting of pit fragments and cell wall fragments
b. The aqueous phase (vegetation water), consisting of water and water soluble compo-
nents (salts, simple sugars, simple phenolics)
c. The oil phase
Separation is carried out inside a decanter, a cylindrical bowl with a similar shaped screw
with helical blades that gyrate 3500-3600 rpm. The small difference between the speed
at which the blow and the inner screw rotate results in the movements of the solid (olive
pomace) to one end of the centrifuge, while the oil and water phases are moved to the other
end. For most effective separation, a considerable amount of water is added to the paste,
accounting for 60%—-100% of the weight of the processed olives. This results in huge quan-
tity of wastewater that has negative environmental effects due to its resistance to biodeg-
radation. This problem has been solved by a new decanter design, the so-called two-phase
decanter, which does not need the water addition. The insoluble solids and the aqueous
phase are discharged together from the decanter as a semiliquid slurry.

The oil fractions from both types of decanters undergo a finishing centrifugation step,
which is usually carried out in high-speed disc centrifuges to eliminate solid impurities
and water droplets. Similarly, the aqueous phase from the three-phase decanter undergoes
a finishing centrifugation treatment with separation of the vegetation water as the main
product, recovery of a small amount of oil, and discharge of solid impurities.

The choice of a two- or a three-phase decanter requires a careful evaluation, taking into
account various technical, economic, and environmental aspects. Oil yields and quality
are similar with the two centrifugation processes. Water content of the pomace from the
two-phase decanter is about 60%—65%, compared to 50% from the three-phase decanter
and 35% from pressing.

6. Pomace processing: The olive pomace contains enough residual oil to make it worth
extracting. In order to prevent enzymatic hydrolysis and oxidation reactions, the pomace
should be dried as quickly as possible. After drying in horizontal rotary dryers, the pom-
ace contains 6%—8% water, 5%—9% oil, 40%—-50% kernel, 9%—-10% skins, and 20%—-30%
crude fiber. The dried pomace is solvent extracted to recover the residual oil. The extracted
pomace oil is always refined. The extraction meal is used as fuel or as an additive to fodder
or to produce fiberboard after separating kernels.

2. Seed Oil Production

The number of oil-bearing seeds is quite high. However, only a limited number is extracted eco-
nomically for oil production. Major oil seeds that are exploited and traded worldwide are soybean,
rape/canola, sunflower, peanut/groundnut, cottonseed, palm kernel, coconut/copra, corn, sesame,
and linseed/flaxseed. The oils produced from these seeds are usually called “commodity oils”
with annual production of more than 1 million tons. The oils with an annual production of less
than 1 million tons can be considered as “minor oils,” such as pumpkin seed oil, wheat germ oil,
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hempseed oil, borage oil, and grapeseed oil. Oilseeds are also the main source of protein meal for
animal production. For example, extraction meal from soybeans with a protein content of 40%—-50%
is an excellent feedstock for animal feeding. A prerequisite for the production of good quality oils
and meals is to process high-quality oilseeds, which are not damaged during harvesting, transpor-
tation, storage, and processing. Therefore, the conditions for the handling of the oilseeds before
arrival at the oil production plant should be considered.

a. Seed Drying and Storage

Oilseeds are much more stable mechanically and have lower water content than the oil fruit. It is there-
fore much better to store the seeds than to store its oils, because the oil is protected in the seed in proper
conditions. Safe storage is vital to preserve the quality and the value of the seeds and to maintain the
quality. It is very important to lower the water content of the seeds below the critical level to stop all bio-
logical and enzymatic activity in the seed. The critical moisture level for safe storage differs from seed
to seed. Usually, the higher the oil content, the lower the critical moisture content. Maximum moisture
content of soybeans for good storage is around 13%, whereas for sunflower seed and rapeseed, these
values are 10.5% and 7.0%, respectively [2]. Storage for extended periods at moisture content exceeding
critical moisture level will damage oilseeds, reduce oil and protein yields, and diminish the quality of
oil by microbiological attack. Biological activity and respiration are particularly active in newly har-
vested seeds and moisture induces the appearance and growth of molds or fungi as well as biological
respiration and germination that cause the temperature to rise through a series of exothermic reactions.
It was observed that during the storage of nonventilated soybeans with a moisture content of 13.2% in
a container, the temperature begun to rise steadily after six mounts and reached as high as 93°C after 1
year. Under extreme conditions, the seed may become scorched or even catch on fire.

The maximum allowable storage time depends mainly on temperature and moisture content of
the seed. Seed containing more than critical moisture content is immediately processed or dried.
Drying can be done at ambient air temperature without any equipment or with the aid of dryers.
Drying begins with removing outer moisture from all fresh seeds. Then the inner moisture diffuses
to the outer parts, where it is also removed. After some time, an equilibrium between the ambient
atmosphere and the seed is reached. This equilibrium depends on the temperature and the rela-
tive humidity of the surrounding air. In Table 10.1, the equilibrium moisture content of soybeans
depending on relative humidity and temperature is given [3].

TABLE 10.1
Equilibrium Moisture Content of Soybean
Air
Temperature (°C)
Relative Humidity of Air (%) 20 30
20 54 5.0
40 7.1 6.4
50 8.0 7.17
60 9.5 8.86
70 11.6 10.63
80 1529 145
90 2086  20.15

Source: Van Doosselaere, P., Production of oils, in:
Edible Oil Processing, 2nd edn., Hamm, W.,
Hamilton, R.J., and Calliauw, G., Eds., John
Wiley & Sons, Inc., New York, pp. 55-96, 2013.
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According to the values given in Table 10.1, in order to keep soybeans below the critical moisture
content during storage, the relative humidity of the air should not be above 70% at 20°C-30°C.

Drying can be done at ambient temperature without any equipment as well as with the aid of
dryers [2]. Quick drying of very wet material can be usually carried out in horizontal rotary dryers.
Other dryers, such as vertical seed dryers, can be used for the seeds of less wet seeds. Drying should
be carried out to a level of seed moisture that improves storage stability and does not deteriorate
the seed’s mechanical stability. Overdrying can cause seed fragility, leading to excessive breakage
during handling, storing, and processing. Oils from field- and storage-damaged seeds are of poor
quality due to activation of catabolic enzymes.

Oilseeds can be stored in metal or concrete vertical silos or in horizontal warehouse-type silos.
The seeds should be well ventilated for storing them for a long time. Aeration is used primarily for
cooling, not for drying, and must be used carefully, considering equilibrium moisture of the seeds,
particularly in area where the climate is hot and humid. This equilibrium seed moisture is re-
established during storage, independent of the moisture level that the seeds had been dried before.
A temperature range of 4°C—10°C is preferable, because all enzyme activities slow down dramati-
cally as well as living conditions of insects.

Another aspect that should be considered during storage is the mechanical stress that the seed
can withstand. The pressure that is imposed on the seeds depends on the height of the silo and the
seed bulk density [2]. If pressure is too great, the lower seed layers can become extremely damaged.
The oil in seed is protected by natural compartmentalization of oils and enzymes, such as lipase,
lipoxygenase, and phospholipase, within the cells of the seeds. In intact seeds, these enzymes are
kept away from the oil; however, damage during harvesting, transporting, conveying, or storage
bruises the seed, breaking cell walls and membranes, allowing the o0il and enzymes to come into
contact, and enzymatic hydrolysis and oxidation reactions, whose rates are dependent on tempera-
ture, moisture, and extent of damage, proceed and decrease the quality of the oil [4].

b. Seed Pretreatment

The purpose of the pretreatm